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”We have a brain for one reason and one reason only — and that’s to

produce adaptable and complex movements.”

— Daniel Wolpert [1]
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Abstract

Animals need to perform a diverse range of behaviours to navigate their envi-

ronment successfully. A central question in neuroethology has long been whether

different behaviours are controlled by distinct or overlapping supraspinal circuits.

To address this, I investigated the mechanism of transition between different move-

ments in larval zebrafish, particularly in the context of forward swimming, on both

a behavioural and neural level.

To characterise gait-switching behaviour, larval zebrafish were presented with

gratings moving from tail to head at different speeds eliciting forward swim-

ming, known as the optomotor response. Collecting various kinematic parameters,

through tracking fish position and tail angle, allowed swims to be classified into

different categories of movement. In response to slow gratings, larval zebrafish pre-

dominantly exhibited slow swims, whereas fast gratings elicited a rapid transition

from slow to sustained trains of fast swims.

To identify the neural correlates of slow and fast swims, I first characterised

7 transgenic lines with genetically labelled neural populations in the brainstem.

By retrogradely labelling reticulospinal neurons in each line I was able to demon-

strate transgenic access to different subpopulations within the reticulospinal sys-

tem. Next, I recorded calcium activity in the brainstem of head-fixed larval ze-

brafish while they performed the optomotor response in a closed-loop configuration,

utilising a light-sheet microscope. Head-fixed fish showed differences in bout kine-

matics from freely swimming fish, with longer movements that included switches

in frequency within a single bout. I therefore used convolutional sparse coding to

decompose bouts into slow, fast, turn and struggle movement motifs to identify

neuronal populations associated with different modes of swimming. This revealed

a recruitment of reticulospinal cells in the nMLF, RoL, MiV2, MiDs and CaD/CaV

cells during forward swimming, with a marked increase in excitation from slow to

fast swims. Turning was associated with ventromedial cells, while almost the entire

reticulospinal population was recruited during struggles. My findings demonstrate

how the brain selects dynamically between two distinct motor outputs, providing

insight into fundamental principles in the supra-spinal control of locomotion.
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Titulo e Resumo

O controlo neural da transição entre modos de locomoção da

larva de peixe-zebra.

Os animais precisam de realizar uma ampla gama de comportamentos para navegar

com sucesso no seu ambiente. Uma questão central na neuroetologia tem sido se

comportamentos diferentes são controlados por circuitos supraespinhais distintos

ou sobrepostos. As larvas do peixe-zebra nadam através de episódios discretos

de movimento, classificáveis em 13 categorias. Para compreender os prinćıpios

fundamentais do controlo supraespinal da locomoção em animais, eu investiguei

o mecanismo de transição entre diferentes movimentos da larvas de peixe-zebra,

particularmente no contexto da locomoção frontal, tanto a ńıvel comportamental

como neural.

Para caracterizar o comportamento de mudança de velocidade, as larvas do

peixe-zebra foram expostas a listas em movimento a diferentes velocidades, na

direcção da cauda para a cabeça, induzindo a larva a nadar para a frente, num

comportamento denominado de resposta optomotora. A aquisição de diversos

parâmetros cinemáticos, através da detecção da posição do peixe e do ângulo da

cauda, permitiu a classificação dos dados em diferentes modos de movimento. As

larvas do peixe-zebra exibiram predominantemente modos de locomoção lenta em

resposta a listas de baixa velocidade, enquanto as listas de velocidade mais elevada

provocaram uma transição rápida do uso movimentos lentos para uma utlização

repetida de movimentos rápidos.

Para estabelecer correlações neurais dos movimentos lentos e rápidos e com-

preender a dinâmica populacional subjacente às transições de modo, eu comecei

por caracterizar 7 linhas transgénicas com expressão de GCaMP no tronco cere-

bral. Ao marcar retrogradamente os neurónios reticuloespinais em cada linha,

consegui demonstrar o acesso transgénico a subpopulações distintas dentro do sis-

tema reticuloespinal.

Depois, observei a atividade de populações neurais geneticamente marcadas

no tronco cerebral de larvas de peixe-zebra fixadas pela cabeça enquanto estas
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executavam a resposta optomotora, utilizando um microscópio de folha de luz. Os

peixes fixos pela cabeça apresentaram variações cinemáticas no movimento quando

comparadas com peixes a nadar livremente, apresentando episódios de movimento

mais longos e que inclúıam mudanças de frequência dentro de um único episódio.

Assim sendo, usei codificação esparsa convolucional para decompor os ataques em

motivos de movimento lento, rápido, de virada e de luta para identificar populações

neuronais associadas a diferentes modos de natação. Isso revelou um recrutamento

de células reticulospinais nas células nMLF, RoL, MiV2, MiDs e CaD/CaV durante

a natação para frente, com um aumento acentuado na excitação de nados lentos

para rápidos. A virada foi associada a células ventromediais, enquanto quase toda

a população reticulospinal foi recrutada durante as lutas.

Minhas descobertas revelam como o cérebro seleciona dinamicamente entre dois

padrões motores distintos, e dão-nos informação sobre os prinćıpios fundamentais

do controlo supraespinal da locomoção animal.
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Overview

This thesis is structured into five chapters. Chapter 1 introduces the topics of

supraspinal control of locomotion, the locomotor repertoire of the larval zebrafish

and its suitability to reticulospinal studies, and presents the three aims of the

project. Chapter 2 describes gait switching behaviour in larval zebrafish in a

freely-swimming assay and a head-embedded preparation. Chapter 3 showcases

several existing and new transgenic lines that label different sets of reticulospinal

neurons at larval stages, as well as the neurotransmitters expressed in those lines

across development. Chapter 4 focuses on neuronal activity during gait switching

behaviour; combining the behavioural head-embedded assay from chapter 2, the

transgenic lines from chapter 3 and finally, functional whole-brain imaging at cel-

lular resolution together in a single experimental paradigm to elucidate the neural

basis of different forward swims and the population activity underlying transitions

between movements. Finally, Chapter 5 discusses the findings of this work in the

wider context of supraspinal control of locomotion and provides an outlook on

future studies.
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General Introduction
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1.1 The descending control of locomotion

Animals are constantly faced with the need to produce flexible and adaptable

behaviour in response to a rapidly-changing environment. From foraging for food,

finding a mate, to escaping from predators – movement is central to survival. As

such, it is no surprise that a large portion of the central nervous system is dedicated

to its production, with the spinal networks that are under the control of brainstem

locomotor centres at the very core [1]. Different species of animals, including both

vertebrates and invertebrates, share an extraordinarily similar organization of the

neural networks responsible for the control of locomotion [2, 3]. From lamprey to

cat, there are three main neural components that interact dynamically to produce

movement [4, 5] (Figure 1.1):

HIGHER BRAIN REGIONS
basal ganglia

LOCOMOTOR CENTERS
MLR, DLR

BRAINSTEM
RSNs

SPINAL CORD
CPGs (MNs, INs)

Figure 1.1: Descending con-
trol of locomotion.

Coordinated patterns of muscle activity are

generated by neural networks in the spinal cord,

including central pattern generators (CPG) [5].

CPGs receive motor commands via excitatory retic-

ulospinal neurons (RSNs), situated in the reticu-

lar formation (RF) in the lower brainstem [6, 7].

RSNs, in turn, are activated and controlled by spe-

cific locomotor command areas situated upstream,

which are responsible for the initiation and main-

tenance of locomotion [3, 6, 8]. These centres are

called the diencephalic locomotor region (DLR) in

the forebrain [9–11] and the mesencephalic locomo-

tor region (MLR) in the midbrain [12]. Motor se-

lection itself is believed to be mediated by higher centres in the brain, such as

the basal ganglia [10, 13]. The latter provide continuous inhibition of the DLR

and MLR, so only when that inhibition is removed via striatal excitation can the

centre generate a chosen motor pattern [1]. At each stage, there is interaction with

sensory signals enabling continuous, rapid sensorimotor integration [3, 14].1

1For an extensive review on the control of locomotion across vertebrates, see [1].
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1.1.1 Spinal networks for movement production

Historical perspective A plethora of studies spanning from cat [15], rat [16],

mice [17], to eel [18], dogfish [19], frog [20], salamander [21] and lamprey [22] have

shown that the spinal cord can generate coordinated locomotor-like movement

when deprived of any supraspinal control following partial or complete transection.

The concept of the first CPG prototype was first postulated by Graham T. Brown

in the early 1900s, in which he proposed that the generation of locomotor patterns

was intrinsic [23, 24]. This was controversial, as the prevailing thought at the time

was that locomotor patterns were generated in response to sensory feedback via a

chain of reflexes [25–27]. Nearly 50 years later, this debate was settled by a seminal

paper by Wilson demonstrating autonomous bursting activity in the locomotor

CPG during locust flight [28], and subsequently applied to spinal organisation

generating locomotion in cats [29, 30], lamprey [31], tadpoles [20] and zebrafish

[32–34].

In mammals, Brown’s findings inspired the half-centre hypothesis [23, 24], con-

sisting of alternating flexor vs extensor muscle activation and reciprocal inhibition

between the two sides. Different versions of the half-centre hypothesis have been

put forward in the last decade, in particular concerning possible intrinsic burst-

ing capabilities on the flexor [35–37] or both sides [38]. There have been recent

attempts to unify the different hypotheses by considering the internal state of the

animal [39]. However, the exact organisation of the CPG circuit within the spinal

cord, the mechanisms responsible for rhythmogenesis and the overall control of

locomotor pattern and frequency are not completely understood.

Lessons learned from aquatic vertebrates Considering organisms with fewer

cells is instructive; so much so that in lamprey, Xenopus tadpole and zebrafish the

intrinsic function of the CPG providing alternation in a given segment is in princi-

ple understood [1]. Swimming movements are generated by segmentally repeated

CPGs. A rostro-caudal wave is transmitted along the length of the body and

pushes the animal forward through the water. Studies in lamprey and salamander

laid the groundwork for the basic principle of a CPG: excitatory glutamatergic
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interneurons (INs) excite motoneurons (MNs) and provide reciprocal inhibition

[31, 40]. The burst activity in segmental excitatory INs (termed E-neurons) is

a result of supraspinal drive from RSNs via NMDA and AMPA receptors, their

connectivity and intrinsic membrane properties [1].

Figure 1.2: Overview of the modular CPG in zebrafish. Adapted from [5].

In zebrafish, rhythm generation is mediated by V2a INs, defined by expression

of the transcription factor Chx10 2 [34]. Detailed work from the El Manira lab in

adult zebrafish has shown that these INs are necessary and sufficient for movement

production [32]. There are three subtypes of glutamatergic excitatory INs (V2a-

type) in the spinal CPG projecting directly to slow, intermediate and fast MNs

[41, 42]. Slow INs project to slow MNs and have the lowest activation threshold

as well as a tendency to oscillate when depolarised. In addition, there is mutual

excitation that reinforces, and coordinates slow IN population activity. An increase

in descending drive from supraspinal structures will recruit intermediate INs, which

also receive input from slow INs for coordinated activity. The same applies to

fast INs, where a further increase in descending drive recruits fast INs to generate

swimming at the fastest speeds (Figure 1.2). At the same time, there are inhibitory

INs, which receive input from excitatory INs and in turn inhibit premotor INs

and MNs on the contralateral side [43]. Adult zebrafish swim continuously at low

2Note that the nomenclature of Chx10 has changed over the years, alternative names include
alx and more recently vsx2 in zebrafish
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frequencies (peaking at 8-10 Hz, never exceeding 21 Hz) [44, 45]. They use 3 layers

of muscles [45] and a combination of synaptic input computation and biophysical

properties to regulate swimming speed [1].

Conversely, larval zebrafish swim in a burst-and-glide fashion at frequencies

>20 Hz, using only a single layer of fast muscles. A recent paper in larval ze-

brafish revealed a spatial (lateral to medial) order of recruitment of fast muscle

cells as a function of movement strength. In addition, muscle fibre size increases

systematically along the same axis [46]. Insight into MN and IN recruitment with

swimming speed in larval zebrafish comes from the Fetcho and McLean labs. Sim-

ilar to the adult zebrafish, there is a topographic map of dorsoventral recruitment

in the larvae: at lower swimming speeds, smaller, more ventral MNs and INs are

recruited, whereas at higher swimming speeds larger, more dorsal MNs and INs

are recruited [47]. According to the size principle, pools of active cells grow with

increases in the force and speed of movement, following a gradient of increases in

soma-size, axon conduction velocity and motor unit size [48, 49]. The size prin-

ciple is a shared feature across vertebrates and invertebrates [50–52], including

zebrafish, where MNs are recruited according to their size and remain active once

recruited [47].

Interneuron recruitment in larval zebrafish, however, does not seem to follow

the size principle. Instead, circumferential descending interneurons (CiDs), re-

cruited at higher frequencies, silence multipolar commissural interneurons (MCoDs),

recruited at lower frequencies [53]. MCoDs have ventral somata located laterally in

the neuropil, with a commissural axon that descends in the ventral spinal cord and

short, finger-like axon collaterals [54]. Ablation of MCoDs impairs slow swimming

and they are subject to glycinergic inhibition during fast swimming speeds [47].

The switch from CiDs to MCoDs was observed in an experiment where touching

the tail evokes a burst swim (BS) that eventually decays to a slow swim (around

40Hz) [55]. CiDs are active during and necessary for fast escapes and fast swims

[53], as their ablation impairs those behaviours [56]. They are located more broadly

along the dorso-ventral axis [57], with a corresponding recruitment pattern as a

function of swimming speed [53]. They almost follow the size principle with a
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general increase in size going from ventral to dorsal, except for a separate dorsally-

located group of smaller CiD neurons that are active exclusively during fast escapes

(but not fast swimming). There is a continuous shift in silencing of more ventral

populations of CiDs as swimming frequency increases [53].

The dorso-ventral topographic organisation of MNs and INs has developmen-

tal relevance. The first movements that arise in larval zebrafish are powerful, high

amplitude escape swims. Over time, the animal gradually adds exploratory be-

haviours to its repertoire, such as slow swimming or turns. At the same time,

dorsal MNs and INs arise first in development, with more ventrally located INs

being layered on over time [34, 58]. The dorsal cells drive escapes while the ventral

cells are associated with slow swimming. The correlation of a growing behavioural

repertoire and a gradually populated dorso-ventral axis of large to small MNs and

INs demonstrates a temporal emergence of networks [58].

In summary, central pattern generators in the spinal cord are made up of

rhythm-generating (bursting) interneurons that excite motoneurons, which provide

excitatory drive to muscle fibres to produce locomotion, and inhibitory commis-

sural interneurons, which inhibit both moto- and interneurons on the contralateral

side. The exact mechanisms of rhythm generation are not yet fully understood. A

large body of work in adult zebrafish has revealed a topographic (ventral to dorsal)

organisation of spinal MNs, INs and muscle fibres to produce slow, intermediate

and fast swimming. A similar, though more graded, topographic organisation ex-

ists in larval zebrafish, with more continuous shifts in active interneuron classes

reported as a function of swimming speed 3. Though there are many outstand-

ing questions, recent efforts have made progress on understanding the functional

organisation of spinal networks in limbed and non-limbed animals alike.

1.1.2 Supraspinal motor systems in vertebrates

The Mesencephalic Locomotor Region

In the 1960s Grigori Orlovskii and colleagues discovered that local stimulation

at the junction between the mid- and hindbrain initiated controlled walking and

3For a comprehensive review on zebrafish spinal circuits see [59]
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running in resting cats, and named it the mesencephalic locomotor region [12].

Subsequently, the MLR was physiologically identified in many other vertebrate

species, including the rat [60], mouse [61, 62], guinea-pig [63], rabbit [64], monkey

[65–67], lamprey [6, 68], salamander [69], stingray [70], goldfish [71–73] and recently

zebrafish [74]. The key characteristic of the MLR is its graded control, where the

intensity of stimulation scales with locomotor output [12]. This characteristic

has so far been discovered in all animals investigated. In salamander, different

stimulation intensities could even elicit two different modes of locomotion; walking

and swimming [69]. MLR connectivity is bilateral, as unilateral stimulation of the

MLR has been shown to produce symmetric locomotion in both salamander and

lamprey [12, 68, 75, 76].

The MLR receives input from the basal ganglia and the medial and lateral

hypothalamus through the peri-aqueductal gray (PAG) [77]. Sensory gating of the

MLR occurs via muscarinic receptors [78]. The MLR has no direct projections to

the spinal cord, but instead projects to reticulospinal cells in the RF. In addition

to RSNs, it projects to a population of muscarino-receptive cells that provide

additional excitation to RSNs, amplifying locomotor output [79, 80].

The mammalian MLR consists of two nuclei: the cuneiform nucleus (CfN)

and the pedunculopontine nucleus (PPN). It is comprised of cholinergic, gluta-

matergic and GABAergic neurons [3, 7]. For a long time, it was unclear whether

different subnuclei of the MLR controlled different motor functions. However, it

had been proposed that locomotion generated during different behavioural con-

texts (e.g. hunting, escape, exploration) was initiated by different parts of the

MLR [3, 81]. Recent advances in genetic tools, such as Cre-inducible viruses [82],

have enabled optogenetic stimulation of the mouse MLR. In an effort to untangle

subnucleus-specific contributions to locomotion, several recent studies have shown

MLR-mediated initiation [62, 83–86] and cessation [86, 87] of locomotor bouts.

Several studies showed that glutamatergic cells in the MLR initiate or are

sufficient to induce locomotion [62, 83, 84, 86]. Roseberry et al., showed that

glutamatergic cells in the MLR are sufficient for inducing locomotion and can be

inhibited by locally projecting GABAergic cells, with cholinergic cells modulating
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locomotion [62]. The study by Takasukaki et al. also supports these findings by

showing that cholinergic cells in the MLR modulate locomotion by modifying de-

scending inputs downstream at the level of RSNs and CPGs [88]. Caggiano et al.

revealed that glutamatergic neurons in the CfN and PPN drive slow exploratory

locomotion, while glutamatergic neurons in the CfN drive fast exploratory loco-

motion [83]. Josset et al. argue for a more spatially separated organisation, where

glutamatergic and cholinergic cells in the PPN drive slow exploratory locomotion,

while glutamatergic cells in the CfN drive fast escape responses [84].

A study by Goñi-Erro et al. revealed that activation of glutamatergic Chx10-

neurons in the PPN arrests all ongoing movements while causing apnea and brady-

cardia in a ‘pause-and-play’ fashion [87]. This cessation of movement is different to

amygdala- and ventrolateral PAG-mediated freezing [89–91]. A study by Grätsch

et al. illustrates just how fine-tuned the graded control of the MLR really is. The

authors show that electrical stimulation of the same MLR site in lamprey can ei-

ther start or stop locomotion. When triggered, a second MLR stimulation stops

locomotion if the intensity if lower than initially used to stimulate. If the second

stimulation is higher than the first, then the locomotor bout is prolonged [2]. In

summary, the ability to distinguish and manipulate cells depending on their neu-

rotransmitter identity has proven to be a powerful tool to dissect the functional

roles of sub-populations within the MLR.

The Diencephalic Locomotor Region

Historically, most research on the initiation and control of locomotion has focused

on the MLR rather than the DLR. More than 30 years after Orlovskii and col-

leagues first reported their findings on a mesencephalic locomotor region [12], Sten

Grillner’s group described another locomotor region in the diencephalon of adult

lamprey [9]. Using fluorescin-coupled dextran amine (FDA) labelling, they showed

that neurons in the ventral thalamus project to the RF in the hindbrain but not

directly to the spinal cord. FDA labelling also identified input to the ventral tha-

lamus from the olfactory bulb, pallial areas, striatum, preoptic nucleus, hypotha-

lamus, dorsal thalamus, optic tectum and dorsal isthmic gray. Extra-cellular stim-
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ulation of the ventral thalamus elicited monosynaptic and polysynaptic excitatory

post-synaptic potentials (EPSPs), mediated by glutamate, and inhibitory post-

synaptic potentials (IPSPs), mediated by gamma-aminobutyric acid (GABA),

in both middle and posterior RSNs [9].

The same group later showed that stimulating the DLR can not only lead to

rhythmic ventral root activity in the spinal cord but actually produce locomotion

[11]. DLR stimulation in head-fixed adult lamprey induced symmetric locomotor

movements characterized by an undulatory wave travelling down the body. Local

administration of GABA agonists inhibited movement, whereas antagonists facil-

itated movement initiation, suggesting tonic inhibition of movement by GABAer-

gic projections that allow movement once turned off. This could represent output

from the basal ganglia as the DLR receives GABAergic projections from both the

pallium and striatum [11].

Reticulospinal organisation of locomotor control

The reticular formation is a collection of distributed, interconnected nuclei lo-

cated in the brainstem that serves as a relay and integration site for several as-

cending and descending tracts [92]. It receives descending input from the telen-

cephalon, diencephalon and cerebellum, ascending input from the the spinal cord

and is integrated in local circuitry [14]. The RF can be divided into 3 columns

along the medial to lateral axis: the raphe nuclei, the gigantocellular reticular nu-

clei and the parvocellular reticular nuclei, which are involved in mood regulation

and arousal, motor coordination, and respiratory functions (particularly exhala-

tion), respectively [92]. Neuronal cell types can be monoaminergic, cholinergic,

GABA/glycinergic or glutamatergic, with glutamatergic reticulospinal neurons

housed in the gigantocellular nuclei forming the key descending output driving

locomotion [14, 93, 94].4

The reticulospinal (RS) system is formed by a distributed network of neurons

that extends from the caudal midbrain through the pons to the medulla oblongata

[95]. RSNs receive input from rostral motor centres [93]. This was first demon-

4In this thesis, the term reticulospinal neurons (RSNs) refers to the cells providing descending
drive for the production of locomotion.
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strated by Noga et al [96], where MLR stimulation with concurrent cooling of

the medial RF abolished fictive locomotion in un-anaesthetised, decerebrate cats.

This indicated that the MLR projects to the spinal cord via the medial RF to drive

locomotion [96]. RSNs descend through the ventrolateral funiculus of the spinal

cord to form synapses with spinal interneurons and motoneurons that participate

in locomotion [93]. It was seen early on that within the gigantocellular nuclei exist

multiple populations with distinct neurotransmitter expression [94]. Indeed, it was

recently shown that the RS system is not exclusively excitatory: 20% of axons de-

scending in the reticulospinal tract were shown to have GABAergic terminals [97]

and 20% of reticulospinal synaptic contacts on commissural interneurons in the

rat spinal cord are inhibitory. [98]. Despite increasing in number and complexity

throughout evolution, RSNs are evolutionarily conserved across species and have

the same fundamental architecture and role [99].

Given the fact that RSNs are situated in-between the rostral motor centres that

mediate action selection, and the spinal circuits that produce locomotor patterns,

RSNs are often referred to as command neurons [93]. To be considered as a

command neuron, a candidate neuron needs to meet the criteria of sufficiency

and necessity for initiating a given motor action [100]. Command neurons are a

common principle across vertebrates and invertebrates.

One such example in early appearing agnathans, such as lamprey and hagfish,

is the Müller cell. Situated bilaterally in the brainstem, their axons cross the

midline and descend the length of the spinal cord to drive swimming [99]. Another

example of a command neuron is the Mauthner cell, found in later-evolving fish and

amphibians at the level of the 4th rhombomere near the midline of the medulla.

Mauthner cells are a large, bilateral pair of cells, and are easily identifiable due to

their similar location, morphology and synaptic connectivity across species [101–

103]. Similar to the Müller cells, their axons decussate in the brainstem and project

through the spinal cord, where they form excitatory glutamatergic connections

with large, primary MNs and premotor excitatory INs [104–106]. They are also

electrotonically coupled to glycinergic commissural INs that inhibit large MNs

and INs on the contralateral side [106, 107]. Mauthner cells fire a single action
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potential that causes a fast, powerful C-start escape away from the stimulus [71,

108]. The C-start escape response is often described as a stereotypical behaviour

[108]. However, some modulation of the motor pattern is possible, depending

on the stimulus location and intensity, and the combinations of RSNs involved

[109, 110].5 Considering that behavioural responses mediated by the reticulospinal

system are adaptable illustrates that responses to command neuron activity are

variable and state-dependent [93].

Considerable functional diversity exists within reticulospinal neurons. The two

examples above showcase how the activity of single neurons elicits specific be-

haviours. Studies in lamprey have shown that RSNs from the middle rhomben-

cephalic reticular nucleus (MRRN) are essential for the initiation and control of

locomotion [111]. Designated as command neurons, they have also been described

as key mediators of locomotor speed and swimming direction [80, 112]. Lamprey

RSNs were subsequently divided into neuronal subpopulations that when stimu-

lated, either initiate, initiate and maintain, or terminate locomotion [113].

Similar findings were reported inMus musculus. Arber and colleagues identified

functionally distinct subpopulations of RSNs in the caudal brainstem, distinguish-

able by their neurotransmitter identity, connectivity and location, that influence

locomotion parameters [86]. Glutamatergic neurons within the lateral paragigan-

tocellular nucleus (LPGi) are essential for high-speed locomotion and can tune

locomotor speed via graded input from the MLR. ’Stop’ commands are more widely

distributed across the RF than their ‘start’-counterparts: Activation of glycinergic

neurons within the LPGi, and also in other nuclei within the RF, arrests locomo-

tor behaviour [86]. This is supported by previous work from Kiehn and colleagues

that showed that optogenetic activation of a subset of rostral glutamatergic V2a-

neurons in the medulla leads to the cessation of ongoing locomotor activity [114].

Similarly to the MLR, together these findings illustrate the usefulness of being

able to stimulate subpopulations of RSNs with different neurotransmitter expres-

sion patterns to decode the reticulospinal control of locomotion.

Evidence for the hypothesis that different behaviours are represented by dis-

5A more detailed description of this modulation and the contribution of Mauthner homologues
is given in the next section.
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tinct clusters of RSNs also stems from a recent study attributing distinct mouse

forelimb actions to subpopulations in the lateral rostral medulla [115]. Stimulation

of distinct subpopulations elicited reaching or food handling, whereas perturba-

tions impaired both. These distinct subpopulations can be distinguished by their

axonal targets and they act through differential recruitment of intra-brainstem

and spinal circuits [115]. Command-level control of locomotion is not restricted to

vertebrates. A recent study in Drosophila melanogaster has provided evidence for

the concept of command-like neurons recruiting additional descending neurons to

achieve population-level locomotor control to drive complete behaviours. Interest-

ingly, activation of command-like neurons alone produced stereotyped movements,

whereas joint activation of command-like neurons and additional descending neu-

ronal networks produced complete behaviours [116].

In conclusion, while the reticulospinal system has prevailed throughout evo-

lution, and has indeed flourished in terms of its size, complexity and diversity,

the fundamental architecture remains largely the same [93]: RSNs are large cells

situated bilaterally in the brainstem that receive motor selection information from

higher centres. They have large fast-conducting axons that descend in the spinal

cord and dense arborisations, forming synapses with MNs and INs across multiple

segments to ultimately produce movement.

1.2 The Zebrafish Model System

Larval zebrafish, Danio rerio, are a small teleost with homologies in key genetic,

physiological, and behavioural features to larger vertebrates. They are native to

India and Myanmar and are commonly found in shallow waters in rivers [117].

Due to their large clutch size, fast generation time, ease of handling and ex-utero

embryonic development, larval zebrafish have become a popular model organism

in developmental biology over the last century [118].

Recent advances in genetically encoded calcium sensors have enabled recording

of calcium activity in individual cells as a proxy for neuronal activity. In zebrafish,

their small size and transparency at larval stages enable whole-brain imaging in

a non-invasive manner, with a single-cell resolution of up to 80% of their 100.000
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neurons [119]. This is a clear advantage compared to larger vertebrates, where

simultaneous recordings of anatomically distant neurons are often difficult, if not

impossible.

At only a few days post-fertilization (dpf) larval zebrafish already possess a

comprehensive repertoire of innate behaviours, ranging from simple exploratory

movements, such as forward swimming and turning, to more computationally de-

manding behaviours, such as hunting, prey capture, escaping from predators and

social avoidance (Figure 1.3) [120]. A breadth of visual, auditory, tactile and social

stimuli can be used to reliably elicit these behavioural responses, with examples

ranging from moving gratings, looming discs, startling tones to prey and multi-fish

interactions. Last but not least, larval zebrafish have recently become an attrac-

tive model for toxicological and pharmacological studies as agents can simply be

added to the fish medium at different concentrations followed by behavioural ob-

servations. Together, optical accessibility at larval stages, an abundance of readily

available genetic tools and a robust set of instinctive visually guided behaviours,

have made larval zebrafish an attractive model organism in behavioural neuro-

science.

1.2.1 The behavioural repertoire of larval zebrafish

From 3 dpf onwards, larval zebrafish move in a burst-and-glide fashion, called

bouts, by bending the tail [121]. In addition to tail bending, larval zebrafish use

their pectoral fins in an alternating fashion during slow, exploratory behaviour.

At faster speeds and during escapes, these are tucked against the body to propel

themselves forward [55]. In escape behaviours, which can be tested experimen-

tally using looming shadows or auditory startles, larval zebrafish bend their tail

in a characteristic C-shape, giving them the name C-starts. Starting at 5 dpf,

larval zebrafish begin to hunt small prey, such as L-type rotifers or paramecia. In

addition to studying naturalistic behaviours, experimenters can use visual stimuli

to elicit specific behaviours, such as translating or rotating gratings for forward

swimming, turning and eye saccades, respectively, dimming for phototaxis, or ex-

panding spots for avoidance [122]. Utilising high-speed video recordings of the
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animal’s trajectory, heading direction and tail angle allows detailed characterisa-

tion of the locomotor repertoire of larval zebrafish using supervised or unsupervised

classification methods [122, 123].

Acoustic Startle

Hunting &
Prey Capture

Exploration
Phototaxis

Expanding SpotDimming

Optomotor Response

Figure 1.3: Behavioural repertoire of larval zebrafish. Adapted from [122].

1.2.2 Reticulospinal contributions to locomotion in larval

zebrafish

Given their amenability to genetic tools, optical accessibility early in develop-

ment and complex behavioural repertoire, larval zebrafish have been instrumental

in shedding light on the fundamental question of how the reticulospinal system

encodes commands to drive different behaviours [124–126].

The hindbrain of larval zebrafish is arranged according to a broad structural

and functional ground plan [127–129]. Along the medial-lateral axis, neurons of a

particular marker form alternating rostro-caudal glutamatergic-glycinergic stripes

and differ in their morphology (Figure 1.4A). The most medial stripe of gluta-

matergic (vglut2 ) neurons overlaps with the transcription factor chx10 and has

ipsilaterally descending axons. This is followed by a glycinergic stripe of en-

grailed1b-positive neurons, with ipsilaterally ascending axons. Neurons express-

ing the transcription factor dbx1b span several stripes and exhibit contralateral
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branching. Finally, the transcription factor barhl2 overlaps with some neurons

in the most lateral glutamatergic stripe. Neurons in the most lateral glycinergic

stripe have both ipsi- and contralateral branches. There is also an age-related

pattern along the dorso-ventral axis in the chx10 stripe. In contrast to the spinal

cord, in the hindbrain, first-born neurons are located ventrally and have low in-

put resistance, whereas younger neurons are dorsally positioned and have higher

input resistance. This corresponds to their recruitment at different swimming fre-

quencies, with dorsal, younger cells recruited at lower swimming frequencies and

ventral, older cells recruited at higher ones [128]. The next few paragraphs will

go into more detail on the functional roles associated with different reticulospinal

populations in zebrafish and other danionins (Figure 1.4B).
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Figure 1.4: Larval zebrafish reticulospinal system, associated behaviours and hindbrain
patterning. A) Labelled reticulospinal neurons, colour-coded with associated behaviours:
forward swimming (blue), turns (green), escapes (red). B) Patterning of hindbrain,
adapted from [128].

Initiation, maintenance and termination of swimming Studies on the

reticulospinal system in mammals have predominantly focused on the initiation,

maintenance and termination of locomotion. In larval zebrafish, calcium activity in
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the medial stripe of glycinergic engrailed1b neurons was found to be highly corre-

lated with the onset of swimming [130]. A comparative study of larval Danio rerio

and adult Danionella cerebrum identified a common nucleus in the midbrain asso-

ciated with swimming [131]. Termed the mesencephalic locomotion maintenance

neurons (MLMN), their activity was shown to be correlated with initiation and

maintenance of swimming in both species. Optogenetic activation of the MLMN

in zebrafish resulted in a reliable increase in swimming following stimulation 6.

In D. cerebrum activity of different neurons distributed across the hindbrain was

correlated with the cessation of swimming [131]. Future work is needed to clarify

the neurotransmitter identity and projection pattern of these ‘stop’ neurons in D.

cerebrum and whether they match the inhibitory engrailed1b neurons identified in

larval zebrafish [130]. 7

Escapes Escape responses are mediated by the Mauthner array, consisting of

the Mauthner cell and its homologues (MiD2cm/cl, MiD3cm/cl and other de-

scending RSNs). The Mauthner cells are a pair of large, bilateral cells located

in the midbrain near rhombomere 4. They have large-diameter, fast-conducting,

decussating axons that descend down the length of the spinal cord, forming excita-

tory glutamatergic connections to primary MNs and INs [104–106]. The Mauthner

homologues are several smaller, bilateral pairs of cells arranged in two segments

caudal to the Mauthner cell with contralaterally-projecting axons do [109]. The

Mauthner network has been conserved across evolution, ranging from the early

Müller cells in lamprey and hagfish, to the Mauthner and homologues in teleosts

and mammals [93].

Unilateral activation of the Mauthner cell elicits the escape/startle response.

A mere 3-5 ms after onset of an aversive acoustic stimulus, a single spike is fired

by the Mauthner cell [71, 108]. This produces a short-latency C-start, where the

fish makes a characteristic C-bend and swims away from the stimulus [106, 133].

A recent paper showed that complete Mauthner cell ablation, including its soma

and axons, abolishes short-latency escapes [134].

6Note that this experiment was only carried out in zebrafish due to transgenic lines not being
available for D. cerebrum

7For a review on locomotion termination in other animals see [132].
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Bilateral, simultaneous activation of the Mauthner cells by touching the tail

drives an S-start escape response. Here, the fish bends in an ”S”-shape as a result

of regional muscle activity on both left and right sides. Interestingly, simultaneous

current injection into both Mauthner cells does not elicit an S-startle response.

Instead, upon touching the tail, local sensory inputs inhibit caudal MNs via in-

hibitory INs. This pre-conditions the MNs so that when the spike arrives from

the Mauthner cells, they are biased toward either the left or right side and this

determines whether a C-start or S-start is performed [135].

The homologues have a higher firing threshold and thus respond a few millisec-

onds later by firing in bursts [136] and activating spinal circuits that cause the

trunk to contract [106]. As activation of the Mauthner cell generates an escape

behaviour, it was soon deemed command-like [110]. However, it was long believed

that its ablation does not abolish escapes but merely delays them by a few mil-

liseconds [137, 138]. This mystery was solved by a set of elegant experiments

confirming that the homologues are involved depending on the stimulus direction.

As proposed by the Foreman and Eaton model in goldfish [139], a stimulus pre-

sented to the tail elicits a Mauthner-cell-mediated escape behaviour alone, whereas

a stimulus presented to the head activates both the Mauthner cell and its homo-

logues [109, 140]. Causality of this was later demonstrated using photo-ablation

[141]. It remains to be seen whether complete ablation of the whole Mauthner

array abolishes both short- and long-latency escapes.

Turning Several studies have attributed turning-related behavioural responses

to the ventromedial RSNs in the hindbrain [74, 142, 143]. In response to moving

gratings, fish turn toward and follow the direction of perceived motion, called the

optomotor response (OMR). Combining an OMR assay with 2-photon microscopy,

Orger et al. were able to identify several RSNs linked to forward swimming and/or

turning. Regarding routine turns, they demonstrated that the RoM1r and ven-

tromedial cells of rhombomeres 3-5 (RoV3, MiV1, MiV2) were activated by visual

stimuli that drive turning behaviour. Subsequent ablation of RoM1 cells did not

affect turning behaviour. Unilateral ablation of the ventromedial cells, however,

abolished stimulus-evoked turns toward the ablated side, while leaving forward
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swimming and turning to the other side intact [142].

A subsequent study by the same group showed that ventromedial cells were nec-

essary to drive multiple types of turns, elicited spontaneously or during phototaxis,

in the OMR or in response to dark flashes [143]. Given that their ablation affected

multiple turn types across different behavioural contexts suggests a universal role

of ventromedial RSNs in controlling turning behaviour. To distinguish turning vs

forward components, the authors hypothesised that 1) forward swims and turns

are controlled by independent RSNs, 2) unilateral ventromedial cell activity drives

turns while bilateral activity elicits forward swimming or 3) ventromedial cells can

transform forward swims (controlled elsewhere) into turns by introducing an asym-

metrical component. While ablation of ventromedial cells abolished turns in re-

sponse to turn-evoking visual stimulation, there was an increase in forward swims.

Considering that rhythmic tail undulations were unaffected, this supports the third

hypothesis that ventromedial cells transform a symmetric (forward) into an asym-

metric pattern (turn) [143]. Another recent study also decomposed spontaneous

swims into a forward and turn/steering component. Using oblique light-sheet mi-

croscopy (SCAPE, [144, 145]) coupled with a head-fixed assay in enucleated fish,

the authors associated steering-related neuronal activity with glutamatergic V2a-

neurons in rhombomeres 2-6 as well as rhombomeres 7-8 in the medulla [74].

These studies clearly demonstrate the necessity and sufficiency of ventromedial

cells to produce turning behaviour. Turns can be to the left or the right side,

and studies have shown that over time, fish exhibit a bias to turn in the same

direction multiple time in a row. By combining whole-brain volumetric imaging

with recordings of fictive swim activity, Dunn and Mu et al identified a cluster of

neurons in the anterior hindbrain that drives this long-term bias during exploratory

behaviour. Naming it the anterior rhombencephalic turning region (ARTR), the

authors showcase bilateral clusters in rhombomeres 2-3, consisting of a medial

glutamatergic and a lateral GABAergic group, that form a mutually inhibitory

circuit motif. Targeted manipulations showed that the ARTR is not responsible for

sending the turning motor command itself, but instead connects to ventromedial

cells and biases turn direction on a slower timescale [146].
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Forward swimming Several RSNs across the brainstem have been linked to

driving forward swimming in zebrafish: neurons in the nucleus of the medial lon-

gitudinal fasciculus (nMLF)8 in the midbrain [142, 147–150], several rostral and

ventromedial RSNs in the hindbrain [142], glutamatergic-V2a neurons [74, 129,

151] and medial glycinergic engrailed1b neurons in the pons and medulla [130].

Taking a closer look at the nMLF; its association with forward swimming is

supported by evidence from several key studies [142, 147–149]. Orger et al., in

addition to identifying turning-related RSNs, reported calcium activity in small

and large (MeM1, MeLr, MeLc, MeLm) nMLF cells during forward swimming

elicited by the OMR. In addition to cells in the nMLF, forward-swimming-related

activity was also reported in several other RSNs in the hindbrain (RoL1/RoR1,

RoM1c, RoV3, MiR1, MiM1, MiV1, MiR2, MiV2, MiT). The same group later

showed that ablation of large nMLF cells leads to a significant deficit in achieving

fast swimming speeds in response to visual stimuli, whereas ablation of the RoM

cells had no effect [147]. Electrical micro-stimulation of the nMLF revealed that the

strength of stimulation correlates with an increase in swim duration and tail-beat

frequency. To test whether this was also true in visually induced swimming, larvae

were presented with moving gratings at different speeds while calcium activity and

tail movements were recorded. The large nMLF cells were active all the time and

small nMLF cells most of the time, meaning fast swimming occurs due to changes

in activity in already active cells, not due to additional recruitment of cells. Using

regression analysis revealed that the lateral MeLr and MeLc correlated significantly

with bout duration and tail-beat frequency, whereas the medial MeLm and MeM1

did not.

In contrast to graded activity of the same cells, a recent paper in adult zebrafish

argues for spatial separation of slow and fast swimming related neurons in the

nMLF. Namely, the authors described medial neurons in the nMLF that are active

during slow forward swimming, while lateral neurons drive fast forward swimming

[149]. In addition, other studies have linked neuronal activity in the nMLF to

touch-evoked escapes [152], turning and struggles in response to light head-taps

[150], and postural control and navigation [148, 153, 154].

8The nMLF is now also sometimes referred to as the interstitial nucleus of Cajal [74]
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Besides the nMLF, forward swimming-related neuronal responses have been

observed in the caudal glutamatergic V2a-neurons in the hindbrain [74, 129, 151].

As aforementioned, by decomposing swims into forward and steering components,

Carbo-Tano and Lapoix et al. revealed neurons in the medial V2a stripe span-

ning from rhombomeres 2-8 (except for rhombomere 6) active during spontaneous

forward swimming [74], matching previously described glutamatergic V2a (chx10 )

neurons active with swimming onset [129].

While the association of forward swimming to different groups of RSNs appears

contradictory, these studies can also be instructive to devise a wider framework

for how movement commands are organised in the reticulospinal system. While

escapes and turns have been linked to distinct, spatially separate groups of RSNs,

forward swimming-related neurons identified to date are far more distributed across

the brainstem. The question arises whether forward swimming should be repre-

sented as clearly as turns or escapes in the first place. For instance, forward

swimming could be the base behavioural motif that can be changed by intro-

ducing a biased tail deflection in the first undulation cycle [74, 142, 143]. The

question of whether different behaviours map onto distinct or overlapping sets of

RSNs remains largely unanswered. The next section will outline different potential

configurations.

1.3 Neural coding strategies in motor control

A central question in the control of locomotion has long been whether there are

distinct motor commands for individual behaviours or whether behaviours are a

combination of descending commands, integrated and adapted at the level of the

spinal cord [124–126, 155].

Experimental support for distinct subpopulations of RSNs driving distinct be-

haviours comes from studies showing the Mauthner system driving escapes [109,

133, 134, 156–158], ventromedial RSNs mediating turns [142, 143, 146], and the

nMLF and medullary V2a neurons having been linked to forward swimming [74,

129, 142, 147–149, 151]. Considering that there is functional, anatomical and

molecular separation into slow, intermediate and fast motor neurons, interneurons
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and muscles at the level of the spinal cord [39, 41, 42, 45], it would be plausible to

assume a similar organisation further upstream in the reticulospinal system.

On the other hand, it is equally possible that RSNs simply relay sub-components

of motor commands, such as the movement duration, speed, asymmetry or heading

direction. Experimental support for this stems from studies attributing control of

kinematic aspects across behavioural contexts to the same neurons [148], scaling of

neuronal activity as a function of swimming speed [147], distributed recruitment

of RSNs during touch-evoked escapes [152], the conversion of symmetrical forward

swims to turns by biasing the first tail undulation [143] and the decomposition

of swims into forward and steering components mediated by distributed, partially

overlapping subdivisions of RSNs [74].

Finally, one can attempt to cluster movement motifs into groups of behaviours.

Different groups could be driven by different sets of RSNs. For instance, forward

swimming movements (approach swim, slow1, slow2, burst swim) could be spa-

tially distinct from escape behaviours (short-latency C-start (SLC), long-latency

C-start (LLC), shadow-avoidance turn (SAT), O-bend), and different to turns

(J-turn, routine turn (RT), high-angle turn (HAT)). However, within a group

there could be modulation of movement parameters such as degree of turning, or

speed of swimming, duration, heading direction etc. The next question would be

whether there are also anatomical or molecular markers for different behavioural

groups or whether the distinction is purely functional. I have formulated three

hypotheses for reticulospinal organisation at the functional level (Figure 1.5):

1. Distinct sets of RSNs encode commands for distinct behavioural motifs, with

a graded or abrupt switch between those different populations.

2. Distinct behavioural motifs arise from the combinatorial population activity

of all RSNs, for instance by changes in excitation.

3. Movement motifs can be grouped into sets of behaviours, for instance escapes

vs exploration vs hunting, that are also distinctly organised in the RS system.

Within those sets there is modulation, for instance progressive recruitment.
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Figure 1.5: Three hypotheses of RSN organization to produce different movement
motifs.

1.4 Objectives of this thesis

The overarching goal of this project was to investigate the neural control of gait

switching in larval zebrafish. Specifically, I set out to identify the neural correlates

of slow and fast bouts and elucidate the population dynamics underlying bout

transitions during the optomotor response.

1.4.1 Aim 1

Elicit slow and fast bouts in response to optomotor gratings in freely-swimming

and head-restrained assays, with a particular focus on the characterisation of gait

transitions.
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Hypothesis Larval zebrafish will predominantly employ slow bouts during slow

optomotor gratings and fast bouts during fast optomotor gratings.

Method I will test several configurations in freely-swimming larval zebrafish

to identify the ideal parameters driving gait switching behaviour. For detection

and classification of swim bouts, a novel method will be used [122]. To facilitate

subsequent imaging experiments, larval zebrafish will be embedded in low-melting

point agarose in a head-restrained, tail-free preparation, while whole- field visual

stimuli will be presented using a closed-loop virtual-reality system. For comparison

to freely-swimming swim, analysis of tail kinematics will be performed.

1.4.2 Aim 2

Characterisation of transgenic lines labelling reticulospinal neurons in the hind-

brain of the larval zebrafish.

Hypothesis Several established transgenic lines exist with cells labelled in the

reticular formation, however, it is unknown if and which reticulospinal cells are

included. I hypothesise that nefma labels all RSNs, vsx2 labels only ipsilaterally-

projecting RSNs in the hindbrain, s1171Et only labels RSNs in the midbrain and

tiam2a labels the Mauthner cells and homologues.

Method I will characterise the degree of RSN labelling in each line using dextran-

conjugated injections into the rostral spinal cord, back-labelling RSNs and per-

forming immunohistochemistry and confocal imaging. This allows us to compare

which RSNs are labelled in each transgenic line. Subsequently, I will perform in

situ hybridisation chain reaction to confirm RSNs are glutamatergic, as well as

characterise other cells of potential interest.

1.4.3 Aim 3

Identify the neural correlates of slow and fast bouts in the hindbrain and elucidate

the mechanism of transition.
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Hypothesis There are three possible hypotheses:

1. Distinct sets of RSNs encode commands for distinct behavioural motifs, with

a graded or abrupt switch between those different populations.

2. Distinct behavioural motifs arise from the combinatorial population activity

of all RSNs, for instance by changes in excitation.

3. Movement motifs can be grouped into sets of behaviours, for instance escapes

vs exploration vs hunting, that are also distinctly organised in the RS system.

Within those sets there is modulation, for instance progressive recruitment.

Method I will record whole-brain neural activity using fast volumetric calcium

imaging in head-embedded behaving fish performing the OMR using a light-sheet

microscope, combined with high-speed recordings of the tail to measure motor

output.
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Chapter 2

Gait switching behaviour
during the optomotor
response in larval zebrafish

Animals deploy a variety of gaits to navigate their environment. Larval ze-
brafish move in distinct episodes of locomotion called bouts. A recent study identi-
fied that larval zebrafish perform 13 different bout types across different behavioural
contexts, such as escapes, exploration or hunting. In the context of forward swim-
ming, larval zebrafish perform slow and fast/burst swims, which occur sponta-
neously during exploration and can be elicited by visual stimuli. In the optomotor
response (OMR), moving gratings from the tail to head cause the fish to orient
in the direction of the grating and match its speed. In accordance with previous
studies [1] and utilising novel bout classification algorithms [2], I confirmed that
slow gratings elicit Slow1 and Slow2 bouts, whereas fast gratings drive Slow2 and
an increasing number of fast/burst swims. Even during fast grating speeds, fish are
more likely to commence with a Slow2 swim before switching to sustained trains
of fast/burst swims. In preparation for subsequent imaging experiments, I adapted
this assay to a head-restrained, tail-free preparation. Utilising a closed-loop system
and high-resolution online tracking, it was revealed that head-restrained fish are still
able to perform slow and fast swims in the OMR. Head-restrained fish show dif-
ferences in bouts kinematics to freely-swimming fish, with longer movements that
included switches in frequency within a single bout. I contributed to developing
and testing a toolbox that includes a novel bout decomposition method, Megabouts
[3], to decompose bouts into smaller locomotor motifs, matching slow swims, fast
swims, struggles/escapes and turns. In summary, this chapter demonstrates the
usefulness of detailed locomotor analyses to describe gait switching behaviour in
both freely-swimming and head-restrained fish.
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2.1 Introduction

Animals use a variety of locomotor gaits and different speeds to navigate their

environment. They achieve this by dynamically generating appropriate motor

commands, based on sensory information and past experience. To accurately de-

scribe and quantify behaviour, it is useful to decompose behaviours into smaller

movement motifs. Larval zebrafish are ideally suited to study movement compo-

sition within behavioural sequences. At one week old, larval zebrafish move in

distinct, temporally segregated swim events called bouts. Swimming occurs in a

‘burst-and-glide’ fashion, where fish propel themselves forward in short bursts of

tail movement followed by passive periods of gliding [4]. One recent study identi-

fied 13 different bout types, which contribute to behaviours such as prey capture,

escapes and forward-swimming and occur naturally or can be elicited by a variety

of visual and auditory stimuli [2].

For instance, in the optomotor response (OMR), fish turn and swim in the

direction of perceived motion when presented with whole-field moving gratings [5,

6]. A study by Severi et al. [1] investigating the neural control of speed in larval

zebrafish found that OMR gratings could elicit slow and fast bouts in response to

slow and fast gratings, respectively. The two bout types can be distinguished based

on several kinematic parameters, most significantly maximum tail-beat frequency,

head yaw (angular displacement of head during successive side-to-side bends of a

swim bout) and rostral tail bend amplitude. Except for tail-beat frequency within

fast bouts, which increases as a function of grating speed, these kinematic pa-

rameters remain stable across different grating speeds [1]. Fish gradually switch

from predominantly utilising slow swims to fast swims as grating speed increases

(around 10 mm/s). In addition, larval zebrafish utilise their pectoral fins in differ-

ent manners depending on the bout type involved. During slow swims, the pectoral

fins undulate in a symmetric fashion, whereas during fast swims, they are tucked

against the body [7, 8]. Together, these results argue for distinct locomotor gaits

employed flexibly to adapt to changes in the environment.

However, are different swim bouts truly stereotyped or do they merely reflect

extremes along a behavioural continuum [9–13]? One recent study explored these
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questions by deconstructing the hunting sequence of larval zebrafish [13]. Using

unsupervised methods, Mearns et al. argued that swim bouts of larval zebrafish

lie on a low dimensional behavioural continuum. The behavioural space could

be clustered to reveal broad bout types matching previous reports [2, 4, 14]. For

instance, stereotyped hunting sequences were achieved by chaining together flexible

movement motifs and maintained through tight stimulus-response loops [13]. One

approach to answering the question of whether different types of swims are distinct

gaits or merely extremes along a continuum involves the delineation of their neural

correlates. Are slow and fast swims controlled by distinct brainstem circuits, as is

the case for turns [15] vs escapes [16], or by a modulation of the same supraspinal

structures [1]? What is lacking to address these questions in an awake, behaving

animal is a suitable head-fixed paradigm for gait-switching behaviour in forward

swimming, which would open up possibilities for imaging studies.

Here, I first set out to recapitulate forward swimming and gait transition exper-

iments in larval zebrafish in freely-swimming conditions. To elicit different types

of forward swims, fish were placed in a circular arena and presented with moving

gratings at a range of speeds. Using a recently published unsupervised bout classi-

fication method [2], revealed a transition from Slow1 to Slow2 to fast/burst swims

as a function of grating speed, matching previous reports [1].

To reliably record neuronal activity in behaving animals at high spatial and

temporal resolution, fish are often placed in a head-embedded, tail-free prepara-

tion. However, it has been challenging to elicit fast/burst swims in head-fixed

fish [1]. I adapted the behavioural assay from freely-swimming fish to a head-

embedded, tail-free preparation that can be combined with calcium imaging. To

simulate natural visual feedback, I introduced a ’virtual reality’ closed-loop sys-

tem. Head-fixed fish showed differences in bout kinematics from freely swimming

fish, with longer movements that included switches in frequency within a single

bout. Given that information on the trajectory of the animal is not available in

head-restrained conditions, I utilised two methods to analyse head-fixed swimming

kinematics. In the first, bouts were decomposed into half-beats, which were la-

belled as slow, fast or struggle according to known kinematic parameters from
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freely-swimming data. In the second one, named Megabouts, a dictionary of dif-

ferent locomotor motifs (slow swims, fast swims, struggles and turns) was created

using convolutional sparse coding [3]. In contrast to ballistic movements during

freely-swimming conditions, multiple behavioural motifs can be active within a

given bout. Moving gratings at different speeds elicited different types of forward

swimming in head-fixed fish, including slow, fast, mixed swims and occasional

struggles. Slow gratings predominantly elicited slow swimming, with increasing

periods of fast swimming at fast grating speeds, matching freely-swimming con-

ditions. Combined with calcium imaging, the head-restrained assay and novel

behavioural analysis enable future experiments to identify the neural correlates of

different swim bouts.

2.2 Materials and Methods

2.2.1 Fish husbandry

Adult fish were raised and bred at 28°C on a 14h light / 10h dark cycle following

standard husbandry methods as detailed in [17]. All fish colonies were maintained

by importing wild types every 1-3 years and line-specific breeding schemes de-

signed to reduce inbreeding depression [17]. Embryos were collected and larvae

were raised at 28°C in E3 embryo medium (5 mM NaCl, 0.17 mM KCl, 0.33 mM

CaCl2 and 0.33 mM MgSO4, changed daily) at a density of 60 larvae per 200mL

until behavioural testing at 6-8 dpf. From 5 dpf onwards, approximately 10mL of a

live L-type rotifer Brachionus plicatilis polyculture (containing 1000-2000 rotifers

per mL) were added to each dish twice a day and larvae were allowed to feed freely.

Behavioural experiments were conducted using the wild-type line Tübingen (Tu)

between 6 and 7 days post fertilisation (dpf). Zebrafish do not sexually differen-

tiate until approximately 3 months of age, therefore the sex of the animals cannot

be reported. All experimental procedures were approved by the Champalimaud

Foundation Ethics Committee and the Portuguese Direcção Geral Veterinária, and

were performed according to the European Directive 2010/63/EU.
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2.2.2 Freely-swimming behavioural assay

Setup Experiments were conducted on a custom-built behavioural set up [3].

Arenas were milled from acrylic and polished using a CNC machine (Núcleo de

Oficinas, Instituto Superior Técnico). Each circular arena had a diameter of 50 mm

with a graded slope towards a maximum depth of 4 mm, produced by a progressive

bevel with a radius of curvature of 11 mm. Each larva was recorded for 45 minutes

using a high-speed camera (EoSens® CL 1362, Mikrotron) fitted with a fixed

focal length lens (86-207, f = 16 mm, Edmund Optics) and an infrared long-pass

filter (#LP780-37, 780 nm, VisionLightTech) that blocked visible light. Camera

images were acquired using a frame grabber (PCIe-1433, National Instruments).

The camera was positioned above the arena, which was illuminated from below

using a custom-built 100 x 100 mm LED-based diffusive backlight (64 LEDs at

850nm, TSHG6400, Vishay Semiconductor) controlled by a T-Cube LED Driver

(LEDD1B, Thorlabs). Visual stimuli were projected onto a diffusive screen (Rosco

Cinegel White Diffuser 3000) placed 5 mm below the arena via a cold mirror

(64-452, Edmunds Optics) using a portable LED projector (ML750e, Optoma).

Behaviour was recorded at 700 frames per second (fps) with a frame size of 948

x 948 pixels and a shutter time of 1.423 ms covering an area just larger than the

arena, resulting in a resolution of 0.055 mm per pixel.

Behavioural tracking Acquisition was controlled using a custom software suite

(SARDINE, Martins, Laborde and Orger, in prep.) written in C# and built using

.NET 8 (.NET Foundation). The software tracks, in real-time, both eyes, the

centre of mass and the tail curvature using 10 segments, starting at the swim

bladder. The background of each image was subtracted before further processing.

To calculate the background, the mode of each pixel was computed from 100

frames across several seconds while the fish was swimming. Contamination by the

fish image can be prevented by using the mode rather than the mean, assuming

that the fish is not present in most frames collected during that period. The

background-subtracted image is smoothed by a large Gaussian kernel, revealing

the fish location at the maximum value. From there, a flood-fill algorithm creates
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a binarized image of the fish trunk. The moments of the binarized region are used

to compute the principal axis. The relative position of the eye to the fish centroid

is used to identify the fish heading direction. The mid-eye position is computed by

finding the point on the principal axis with the maximal intensity summed along

the orthogonal direction. An iterative arc-search algorithm is used to identify the

tail. It tracks the fish skeleton by identifying subsequent key points along an arc

of +/- 60°. Key points are localised by computing the weighted mean along the

arc. The weight is assigned zero if it is below a given threshold or equal to the

pixel value of the background-subtracted image. To track the fish in real-time,

the algorithm leverages the fast frame rate by limiting the search to a region of

interest around the fish position in the previous frame. In addition, full-frame

operations are avoided. Rather, computations are performed locally, for instance

by performing thresholding only on pixels along the arc rather than on the entire

image.

Visual stimuli Before the start of the experiment, larvae were allowed to ac-

climatise in the arena for 15 minutes. During the experiment, black and white

forward gratings moving at a range of speeds (15 speeds, 0 - 32.8 mm/s) were

displayed below the arena for 20 seconds in a randomised order, with 5 repetitions

each. The width of the stripes was adjusted to a 10 mm width at 5 mm dis-

tance to match previous studies [1, 3, 15]. Gratings were stationary for 10 seconds

in-between trials, and forward direction was maintained by reorienting according

to fish heading direction. Visual stimuli were displayed at 60 fps using a custom-

written rendering engine using OpenTK and generated using OpenGL Shaders (A.

Lucas Martins and Alexandre Laborde, unpublished).

2.2.3 Kinematic analysis of freely-swimming data

Bouts were detected and classified following an established method [2]. Together

with colleagues, I refactored the code to build a modular toolbox for use in the

lab.
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Bout detection Briefly, to reliably detect bouts the change in tail curvature is

computed. The raw tail angles are smoothed using a boxcar filter (3 segments,

10 frames), which minimises noise from individual tail segments during interbout

intervals. The cumulative sum along the tail segments at each moment in time is

computed. To minimise slow drifts in tail position, the minimum curvature mea-

sure from the previous 400 ms window is subtracted. To smooth out fluctuations

owing to the periodic beating of the tail, a maximum filter with a 20 ms window

is applied. To standardise across fish, for each fish the 80th percentile of this tail

measure was used as a threshold to segment individual bouts. To segment true

bouts, a minimum bout duration of 57 ms and a minimum interbout interval of

14 ms was set. The precise time points of the bout start and end are subsequently

determined from the raw tail position data, ignoring the gliding period of the bout.

Bout classification From the tail curvature, different kinematic parameters

such as minimum, maximum and mean tail-beat frequency, mean, maximum, and

mean rostral and total tail-bend amplitude, number of half-beats and others were

calculated. Paired with parameters such as bout duration, displacement, eye po-

sition, head yaw, and movement trajectory, this yielded a total of 240 kinematic

parameters per bout. In the study by Marques et al. a ’bout map’ was created

containing a large (4 million) dataset of bouts [2]. Using density-valley clustering

different bout classes were extracted. Bout types in this study were assigned using

the k-nearest neighbour algorithm on the previously labelled data set ‘bout map’.

2.2.4 Head-restrained behavioural assay

Setup Experiments were conducted on a custom-built behavioural set up using

acrylic arenas, carved and polished using a CNC machine (Núcleo de Oficinas, In-

stituto Superior Técnico). Arenas were cylindrical with an inserted flattened cone

made from Sylgard (SYLGARD 184 Silicone Elastomer Kit, The Dow Chemical

Company), on which the larvae were mounted. Each larva was recorded for 45

minutes using a high-speed camera (EoSens® CL 1362, Mikrotron) fitted with

an infrared long-pass filter (LP780-37, 780 nm, VisionLightTech) to block visi-
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ble light and a lens (M30.5mm Edmund Optics) to optimally focus on the larva.

The camera was positioned above the arena, which was illuminated from below

using a mounted high-power infrared LED (M780L2, Thorlabs) and controlled by

a T-Cube LED Driver (LEDD1B, Thorlabs). Using a portable LED projector

(ML500, Optoma), visual stimuli were projected onto a diffusive screen (Rosco Ci-

negel White Diffuser 3000) placed below the arena via three cold mirrors (64-452,

Edmunds Optics). The mirrors (one below, two laterally) were placed around the

arena for 270°visual stimulation. Behaviour was recorded at 700 fps with a frame

size of 500 x 400 pixels and a shutter time of 1.423 ms covering an area just larger

than the fish, resulting in a resolution of 0.013 mm per pixel.

Mounting Larvae were embedded dorsally in low-melting point agarose (Ultra-

Pure LMP Agarose, Cat#16520100, Invitrogen by Life Technologies) the evening

before, at least 1 hour after feeding, and their tails were freed by removing agarose

in a square caudal to the swim bladder, allowing for maximum tail movement.

The arena was filled with E3 embryo medium and larvae were allowed to recover

and habituate overnight at 28°C.

Tracking Acquisition was controlled using a custom-built script in C# [18, 19].

Similarly to freely-swimming conditions, fish tracking is performed on background-

subtracted images. The shape of each eye was found by performing a flood-fill of a

thresholded area surrounding the eye, starting from a manually defined eye centre.

The orientation of each eye in the horizontal plane was defined as the angle to the

mid-axis of the fish. The tail was tracked in 16 segments in real-time using the

iterative arc-search algorithm described in section 2.2.2.

Visual stimuli During the experiment, forward gratings moving at a range of

speeds (15 speeds, 0 - 32.8 mm/s) were displayed for 20 seconds in a randomised

order, with 5 repetitions each. Gratings were stationary for 10 seconds in-between

trials. The width of the stripes was adjusted to 26 mm width at 13 mm distance,

matching the ratio used in the freely-swimming assay (10 mm width at 5 mm

distance). Grating speed was updated continuously in closed-loop. Velocity was
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estimated by tracking 16 points along the tail and taking the cumulative sum of

angular changes along the tail, convolved with an exponential filter, which empiri-

cally is proportional to forward velocity in freely swimming fish. This velocity was

added to the grating with a fixed gain adjusted to a level that allows head-fixed

larvae to match grating speed over a normal range (personal communication with

Dr R. Félix, Champalimaud Foundation).

2.2.5 Kinematic analysis of head-embedded data using half-

beat labelling

Pre-processing and bout detection The tail angle was smoothed using the

Savitzky-Golay filter by applying the savgol filter function from scipy. Then, I

adapted the method described above and in [2] for 16 segments along the tail to

create a hyper-smoothed tail trace. Using a box car filter, periods of tail activity

were maximised while noise in interbout intervals was minimised. Using a thresh-

old of minimum activity (5 a.u.), minimum inter-bout interval (28 ms) and bout

duration (71 ms), allowed segmentation of bouts and yielded precise timings of

bout start, bout end and interbout duration.

Half-beat detection To decompose bouts into half-beats, I utilised the Python

package scipy find peaks function on tail segments 6 and 10. The following parame-

ters were chosen after careful evaluation: a minimum distance of 5 frames (7.1 ms)

and a prominence threshold of 0.03 and 0.2 for tail segments 6 and 10, respectively.

Calculating kinematic parameters, such as tail-bend amplitude, in a caudal and

rostral segment for the same half-beat is challenging due to the peaks occurring

shifted in time. While a time shift is not an issue per se in the middle of the bout,

in the rostral part of the tail the first and last peaks are much smaller and thus

may not be picked up by the peak finding algorithm. To overcome this, splines of

the half-beat peaks of the rostral and most caudal tail angle traces were computed

using the scipy function pchip interpolate. This allowed the corresponding rostral

tail-bend amplitude for a caudal peak to be computed. Tail-beat frequency was

calculated as peak-peak distance.
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Half-beat labelling To label individual half-beats, histograms of all half-beat

peak-to-peak durations and amplitudes were computed. Individual distributions

across fish were consistent, allowing the selection of thresholds to label half-beats

as slow, fast or struggle. To subsequently compute bout selection as a function

of grating speed, two approaches were taken. As a first approach, bouts were

labelled as slow when they contained only slow half-beats, fast when they contained

more than one fast half-beat and struggle when they contained more than one

struggle half-beat. As a second approach, bouts were labelled as ‘pure’ if they were

composed of over 75% of one half-beat type, else they were labelled as ‘mixed’.

2.2.6 Kinematic analysis of head-embedded data using sparse

coding (Megabouts)

The head-restrained sparse coding pipeline was established in collaboration with

A. Jouary and has been published on bioRxiv [3].

Preprocessing and detrending First, the tail angles were smoothed using the

Savitzky-Golay filter and interpolated from 16 to 10 segments to match freely-

swimming conditions. Next, the baseline was de-trended by subtracting a low-

frequency component, utilising the Whittaker algorithm from the python library

pybaselines.

Sparse coding Convolutional sparse coding is an unsupervised method that

decomposes a continuous image or multidimensional time series into the sparse

contributions of motifs. The ensemble of motifs forms a dictionary that is learned

from the data to reconstruct the original signal from a convolution of motifs with a

sparse code. The specific algorithm used here was designed to recover the individ-

ual keystrokes from piano auditory recordings [20, 21]. Data from the tail angle of

head-restrained zebrafish was collected and used for the algorithm to learn a dictio-

nary of 4 locomotor motifs that could be associated with slow forward movements,

fast forward movements, turns, and escape/struggle-like movements. Although the

duration of tail movements could exceed 1 s in head-fixed conditions, the duration

of motifs did not exceed 200 ms, suggesting that the basic time scale is similar to
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freely swimming bouts. From the sparse code, the tail angle time series can be

decomposed into the contributions of the four motifs. Convolution of the sparse

code over a 40 ms window computes a ‘regressor’ for each movement motif. This

was used to assign the dominant movement motif active at any time.

Sparse coding dictionary learning The sparse deconvolution was computed

using the ConvBPDN algorithm from SPORCO. The dictionary learning used the

ConvBPDNDictLearnConsensus method. To have dictionary motifs with match-

ing first half beat locations a learning schedule was employed. For each iteration,

the sparsity was increased and the learned motif was shifted so that their first

half beat would be localized at the beginning. After 10 iterations the algorithm

converged.

2.3 Results

The first objective of the project was to study forward swimming in the optomo-

tor response in freely-swimming larval zebrafish, with a particular focus on gait

switching behaviour. Wild-type larval zebrafish at 6-7 days post-fertilisation (Tu

n = 35) were placed in a custom-made circular arena, allowing continuous swim-

ming (Figure 2.1A). To elicit the optomotor response (OMR), forward gratings

moving from tail-to-head at a range of speeds (15 speeds, 0 - 32.8 mm/s) were

displayed by a projector below the fish for 20 seconds in a randomised order, with

5 repetitions each. Gratings were stationary for 10 seconds in-between trials. A

pilot experiment had indicated that without an inter-trial-interval, behaviour at

the beginning of a trial was influenced by the previous trial. Forward direction

was maintained by reorienting the grating according to fish heading direction us-

ing a closed-loop system. Using high-resolution online tracking, bout detection

and classification established previously in the lab [2], different bout types were

observed in response to varying grating speeds in each animal.
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Figure 2.1: Moving gratings elicit different types of forward swims in freely-swimming
conditions.
A) Freely-swimming experimental set up and paradigm with key bout types visualised.
B) Time spent swimming across grating speeds.
C) Heatmap of kinematic parameter kernel-density estimates across slow (left, 9064
bouts) and fast (right, 23004 bouts) grating speeds, each normalised to peak.
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All data from 35 fish, Tu, 6-7 dpf.
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2.3.1 Moving gratings elicit different types of forward swims

in freely-swimming conditions

Fish spend more time swimming as grating speed increases (Figure 2.1B). To dis-

tinguish between the animal simply swimming more or employing different types of

swims to successfully track the grating, kinematic parameters of swims across dif-

ferent grating speeds were computed. During slow gratings (0 - 5 mm/s), fish pre-

dominantly performed swims characterised by low maximum tail-beat frequency

(TBF; 25 - 35 Hz), low maximum rostral tail bend amplitude (rTBA, 20 - 30 deg)

and low maximum head yaw (5 - 25 deg; Figure 2.1C left). During fast gratings

(24 - 32.8 mm/s), a second cluster emerged, characterized by high maximum TBF

(30 - 75 Hz), high maximum rTBA (30 - 75 deg) and high maximum head yaw

(35 - 75 deg; Figure 2.1C right). This modulation of kinematic parameters as a

function of grating speed had been reported before, using a long rectangular arena

and manually labelled slow and fast swims [22]. Using an unsupervised bout clas-

sification method [2] revealed a subdivision into slow (Slow1, Slow2) swims and

slow as well as fast (burst; BS) swims during slow and fast gratings, respectively

(Figure 2.1D). Despite using different experimental set-ups and bout classification

methods, the kinematic parameters distinguishing slow and fast swims reported by

Severi et al. match the ones observed in this study almost exactly, which argues

for conserved locomotor mechanisms across the different OMR assays.

2.3.2 Modulation of kinematic parameters with grating speed

An array of kinematic parameters can be used to classify swim bouts, with TBF,

rTBA and head yaw being the most prominent for distinguishing different types of

forward swims [2]. Among others, Slow1 and Slow2 swims were characterized by

low TBF (∼30 Hz), low rTBA (∼20 deg and ∼30 deg, respectively) and low head

yaw (∼10 deg and ∼20 deg, respectively), whereas burst swims were characterized

by high TBF (∼33 - 48 Hz), high rTBA (∼50 deg) and high head yaw (∼50 deg;

Figure 2.2A-C left). Looking at all kinematic parameters independent of bout

type suggested a modulation by grating speed (Figure 2.2A-C middle). However,

separating into bout types revealed that most kinematic parameters remained
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stable across grating speeds, except for TBF in burst swims, which increased as a

function of grating speed (Figure 2.2A-C right).

Other kinematic parameters that varied as a function of grating speed included

bout duration, inter-bout interval and latency to first bout after trial onset. Bout

duration increased from ∼150 to ∼200 ms. Separating by bout type revealed

that the different types of forward swims generally differed by their average bout

duration, which gradually increased as a function of grating speed (Figure 2.3A).

Inter-bout interval decreased as a function of grating speed, and did so in a similar

fashion for all types of forward swims (Figure 2.3B). Latency of the first bout after

trial onset was more variable, and decreased from 5 mm/s onwards with increasing

grating speeds (Figure 2.3C). The initial shorter latency in the 0 mm/s and 1.5

mm/s conditions was likely due to the stimulus not being sufficiently different

to inter-trial periods, where the grating was stationary. The trends of increasing

bout duration, decreasing inter-bout interval and decreasing latency as a function

of grating speed are consistent with previous findings [1, 2].

To extract and classify different bout types, Marques et al. placed a dataset of

clustered swim bouts, collected from a battery of visuomotor assays, in a principal

component analysis (PCA) space (referred to as bout map) [2]. To assess the

stereotypy of different bout types the distance to the centroid of each bout cluster

on the bout map can be computed [2].1 Interestingly, the distance to the centroid

was more variable at slow grating speeds for burst swims than during fast gratings

(Figure 2.3D). This indicated greater variability of burst swim kinematics as a

function of grating speed and further underscored the modulation of TBF shown

above (Figure 2.2A).

1Note that different clusters have different spreads, for instance the cluster of burst swims is
wider than for Slow1 and Slow2 swims. Therefore the absolute distance value for each bout is
relative to the size of each cluster.
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2.3.3 Transition from slow to fast bouts with increasing

grating speed

Considering all bout types and grating speeds confirmed that indeed forward swims

were the predominant bout types employed when fish were presented with forward

moving gratings (Figure 2.4A). There was a transition from Slow1 to Slow2 to BS

as grating speed increased, with peaks at 3.1 mm/s, 13.9 mm/s and 29.9 mm/s,

respectively. Bout choice appeared more stochastic at slower grating speeds, as

seen in the slightly higher probability of routine turns (RT) and approach swims

(AS) during gratings of 0 - 5 mm/s. One explanation could be that slow gratings

were less engaging following a stationary inter-trial period than a salient, fast

grating. More generally, the higher proportion of routine turns (compared to [1]),

particularly at slow speeds and during inter-trial intervals when gratings were

stationary, may be explained by the novel circular arena used here as opposed to

the previously used rectangular arena [1, 2]. One benefit of using a circular arena

was that it permitted continuous swimming, allowing the investigation of bout

transitions over longer periods of time.

Single trials from an example fish illustrate behavioural transitions at a bout-

to-bout level following trial onset (Figure 2.4B). While Slow1, Slow2, and RT were

abundant at lower grating speeds in this fish, there was no immediately apparent

pattern on the order of bouts. From 13.9 mm/s onwards, the occasional BS evolved

to sustained trains of BS that were often preceded, and sometimes interrupted, by

Slow2 swims. A possible explanation for the interruption of these ’BS trains’ is

the physical demands that burst swims require [23]. A large proportion of animals

followed a trend similar to the one shown here, where slow swims dominated at

slower grating speeds and BS were increasingly and repeatedly used at higher

grating speeds. The behavioural transition from Slow1 to Slow2 to BS following

trial onset at faster grating speeds was a common occurrence. At grating speeds

>13.9 mm/s, Slow1 swims were unlikely to happen, however, when they did, they

occurred as the first or second bout following trial onset. Slow2 swims dominated

at all grating speeds, and at grating speeds >19.0 mm/s particularly in the first

few bouts after the trial began. At fast grating speeds, fish were very likely to
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commence with Slow1 swims, followed by Slow2 swims and then transitioned to

BS around the 4th to 5th bout after trial onset (Figure 2.5). This data is consistent

with previous findings showing that slow swims are the first to occur in response

to fast gratings, followed by fast swims [1, 2]. It should be noted, however, that

in these studies trials were triggered by the fish performing slow swims following

the direction of the grating.
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Figure 2.5: Probability of bout types within first ten bouts of each trial across grating
speed. Data from ∼151 000 total bouts from 35 fish, Tu, 6-7dpf. BS, burst swim; SLC,
slow-latency C-start; RT, routine turn; LLC, long-latency C-start; AS, approach swim;
SAT, shadow avoidance turn; HAT, high-angle turn.

Utilising the circular arena allowed trials of longer duration. As already seen in

the individual trials from an example fish (Figure 2.4), burst swims often occurred

in sequences. Looking at the first 30 bout types following trial onset revealed

this is common across the entire dataset (Figure 2.6). At higher grating speeds,

particularly from bout 15 onwards, fish were likely to perform BS, interrupted at

times by Slow2 swims. The data was represented in bout sequences rather than
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time due to the decreasing bout latency and inter-bout interval with increasing

grating speeds. These findings recapitulate the trends observed in the example

fish.
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Figure 2.6: Transition of Slow1 to Slow2 to BS swims at longer timescales. Probability
of bout types across the first 30 bouts following trial onset for different grating speeds.
Data from 91 458 forward bouts from 35 fish, Tu, 6-7 dpf. Slow1, Slow1 swim; Slow2,
Slow2 swim; BS, burst swim.

2.3.4 A closed-loop optomotor assay drives different for-

ward swimming modes in head-restrained fish

Many preparations that seek to study the neural basis of behaviour require the

animal to be restrained [15, 19, 24–26]. However, it has previously been difficult to

elicit burst swims in head-restrained preparations [1], making it difficult to iden-

tify their neural correlates. Considering this, I set out to examine gait switching

behaviour in the forward optomotor response in a head-embedded preparation.

Larval zebrafish at 6-9 days post-fertilisation (Tu n = 40) were embedded in low-

melting point agarose on a sylgard cone and their tails were freed. OMR gratings

moving at a range of speeds (15 speeds, 0 - 32.8 mm/s) were displayed from be-

low and on a 270° surround screen (Figure 2.7A). During the experiment, moving

gratings were shown in closed-loop for 20 seconds in a randomised order with

10 second inter-trial intervals, and 5 repetitions each. Providing visual feedback

56



grating speed (mm/s)
0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

10

0

30

20

40

nu
m

be
r o

f b
ou

ts

A

grating speed
0 - 32.8 mm/s

x 520s

B

new velocityg = 
(vg - vf) x gain

6/17/2019 head-restrained setup | cylinder_hole_cone_9.3

https://cad.onshape.com/documents/59b00a0ed631ee113f9efbfb/w/cdb9de667e4dff1287ec9e94/e/02dafe37f4259308e1eb6406 1/1

tim
e 

sw
im

m
in

g 
(%

)

0

60

40

20

grating speed (mm/s)
0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

360

340

400

380

420
bo

ut
 d

ur
at

io
n 

(m
s)

grating speed (mm/s)
0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

grating speed (mm/s)
0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

grating speed (mm/s)
0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

6

4

10

8

16

in
te

rb
ou

t i
nt

er
va

l (
s)

12

14

6

4

10

8

la
te

nc
y 

(s
)

12

C D

E F

Figure 2.7: A closed-loop optomotor assay drives different forward swimming modes in
head-restrained fish.
A) Experimental design including closed-loop set up. Fish embedded in circular arena
with visual stimulus displayed below and around with camera above. Online tail tracking
allows fish velocity-dependent update of visual stimulus. v grating, velocity of grating; v
fish, velocity of fish.
B) Time spent swimming across different grating speeds.
All data from 40 fish, Tu, 6-9dpf.
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from the fish’ own motor output resembles freely-swimming conditions and stim-

ulates swimming in head-restrained preparations [27, 28]. Reproducing behaviour

exactly as previously seen in freely-swimming conditions is challenging. In head-

restrained conditions, fish generally swim less and perform movements not seen in

freely-swimming fish, such as struggles. In addition, the previously used method

for bout classification [2] heavily relies on motion cues from the animal and can

therefore not be applied directly to restrained animals. This chapter explores dif-

ferent approaches to utilising tail kinematic data only to detect and separate swims

into different movement categories.

Similar to freely-swimming conditions, time spent swimming increased with

grating speed in head-restrained conditions (Figure 2.7B). However, as a whole,

fish spent less time swimming than during freely-swimming conditions. The av-

erage number of bouts per trial and bout duration both increased as a function

of grating speed (Figure 2.7C-D). For bout duration, the increase was more pro-

nounced during grating speeds under 10 mm/s. The inter-bout interval and latency

to the first bout after trial onset both decreased as a function of grating speed (Fig-

ure 2.7E-F). Again, inter-bout interval and latency, as a whole, were both longer

than in freely-swimming fish.

To determine whether the animals simply swam more to keep up with the

grating or performed different movements, the same kinematic parameters were

used to describe putative slow and fast bouts in head-restrained fish: maximum

tail-beat frequency (TBF) and maximum rostral tail-bend amplitude (rTBA) 2.

Slow gratings (0 - 5mm/s) elicited swims of low maximum TBF (15 - 35 Hz) and

low maximum rTBA (10 - 40 deg) (Figure 2.8A). Based on this kinematics, many

of those swims likely constitute slow swims. Fast gratings (24 - 33mm/s) elicited

both slow-like swims as well as putative fast swims, characterised by high TBF (40

- 75 Hz) and high rTBA (25 - 50 deg, Figure 2.8B). The range of TBF observed

in head-restrained fish resembled the kinematics of freely-swimming slow and fast

swims. However, rTBA was slightly lower, possibly due to the rostral part of

the tail being restrained and head-restraint by itself likely affecting whole body

kinematics.

2Note that since animals are head-embedded, head yaw is not instructive in this assay.

58



A

0 60 10020 8040

m
ax

 T
B

F 
(H

z)

0

60

100

20

80

40

max rTBA (deg)

Slow Gratings
(0-5 mm/s)

0 60 10020 8040
max rTBA (deg)

m
ax

 T
B

F 
(H

z)

0

60

100

20

80

40

B Fast Gratings
(24-33 mm/s)

0

1

Figure 2.8: Kinematic parameters of head-restrained bouts across grating speeds.
A) Heatmap of kinematic parameter kernel-density estimates during slow gratings,
n=1471 bouts, normalised to peak.
B) Heatmap of kinematic parameter kernel-density estimates during fast gratings, n =
4195 bouts, normalised to peak. Data from 40 fish, Tu, 6-9 dpf.

2.3.5 Head-fixed bouts include intra-bout modulation of kine-

matics

Figure 2.9 shows the tail angle of one example fish (Tu, 7 dpf) for each trial and

grating speed. In this fish, swimming activity was almost exclusively restricted

to trial periods. This is strikingly different to freely-swimming fish, which moved

throughout the experiment but adapted their behaviour in line with the gratings

displayed. In freely-swimming fish, each bout consists of one bout type [2]. In head-

restrained fish, however, I observed intra-bout modulation of tail-beat frequency in

some swims, particularly at higher grating speeds. This could be due to unnatural

feedback from the animal being restrained and has been reported previously [27].

Therefore, instead of classifying bouts as whole, I established and contributed to

devising two methods to decompose bouts into movement motifs.
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Figure 2.9: Head-fixed example fish shows intra-bout modulation of tail kinematics.
A) Tail angle of one example fish (Tu, 7 dpf) for each trial across grating speeds. Red
dashed line; trial start and end, coloured boxed; inset for bout examples in B.
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2.3.6 Approach 1: Decomposing bouts into half-beats

Since there were clearly visible periods of different swimming activity visible within

single bouts, as a first approach, I decomposed bouts into half-beats. Individual

half-beats were labelled as slow, fast or struggle depending on their inter-beat

timings and amplitude (Figure 2.10A):

• Slow beat: long interval (15 - 30 Hz), low amplitude (10 - 40 deg)

• Fast beat: short interval (30 - 70 Hz), low amplitude (25 - 50 deg)

• Struggle: any interval, high amplitude (>40 deg)

To understand if these different half-beats were following a similar pattern of

slow to fast transitions as a function of grating speed, each bout was labelled

according to its composition of half-beat types. First, any bout containing a

fast half-beat was labelled as a fast bout (essentially grouping mixed and ’pure’

fast bouts), any bout containing a struggle beat was labelled as a struggle, and

any bouts containing only slow beats were labelled as slow bouts. Across the

entire cohort (16 389 bouts from 40 fish) the number of slow bouts dominated

at slow grating speeds, the number of mixed and fast bouts increased as grating

speed increased, and there were very few struggles (Figure 2.10B). In the second

approach, any bout containing >75% of one half-beat type was labelled as a ’pure’

slow-like swim, fast-like swim or struggle, depending on the predominant half-

beat type. Bouts containing several half-beat types were labelled as mixed bouts.

Again, slow-like swims were the predominantly used bout type at any grating

speed, whereas the proportion of fast and mixed bouts increased as a function of

grating speed (Figure 2.10C).

While these two approaches were more supervised attempts at classifying bouts

with thresholds tuned specifically to this dataset, it did provide an indication that

a transition in swimming modes occurs in a head-restrained assay.
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2.3.7 Approach 2: Megabouts, a novel method using sparse

coding to decompose bouts in head-restrained fish.

As part of a collaboration, the dataset on head-restrained fish performing the for-

ward OMR (among others) was used to build a pipeline for unsupervised bout

decomposition [3]. Termed Megabouts, the project includes a specific pipeline for

analysing head-restrained tail data (Figure 2.11A). To quantify the less stereo-

typed, variable-length tail movements, we developed a new approach based on

convolutional sparse coding [20, 21]. This method is grounded in the hypothesis

that complex tail movements are generated by sparse control signals driving dif-

ferent tail oscillation motifs [29]. Convolutional sparse coding represents the tail

angle as a combination of these basic motifs, learned from the data through an

optimization process that enforces sparsity so that only a few motifs are active

at any time. The unsupervised learning revealed the following motifs: slow, fast,

turn, and escape/struggle (Figure 2.11B).

Figure 2.11: Novel method using convolutional sparse coding to decompose tail activity
into motifs in head-restrained conditions.
A) Schematic of Megabouts suite. Left shows classification pipeline flow from tail + tra-
jectory data. Starting with tracking data at variable resolution, tail traces are denoised,
segmented and classified to build an ethogram. Right shows decomposition pipeline flow
from tail only data. Tail trace is denoised, decomposed into a sparse code based on the
motif dictionary and the vigour for each motif is computed.
B) Illustration of the four motifs learnt from the data: slow, fast, turn, struggle. Left
shows heat map of each motif showing tail beat propagation along rostral-caudal seg-
ments and time, with accompanying time series for each motif. Right shows illustration
of sparse coding and motif vigour. Top panel shows the original (black) and reconstructed
(red) tail angle. Middle panels: each component is computed by the convolution of a
sparse code and the motif. Bottom. The contribution of each motif can be computed as
the rolling variance of each component (over a 40ms window).
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Considering again our 9 example bouts, Figure 2.12 illustrates the activity of

different movement motifs derived from the Megabouts sparse coding decomposi-

tion. The ’pure’ slow-like and fast-like bouts are indeed marked as such by the

sparse code regressors, with the respective motif being active over the entire dura-

tion of the bout. For mixed swims, several configurations occur: different motifs

can alternate, or the bout starts with one motif and then switches to another.

‘slow’ bouts ‘mixed’ bouts ‘fast’ bouts

0 400200 0 400200 0 400200

slow
fast
turn
struggle

regressors

tail angle

time (ms) time (ms) time (ms)

Figure 2.12: Head-fixed example bouts with active movement motifs from the
Megabouts suite. Blue, slow; orange, fast; green, turn; red, struggle.

Looking at the dominant movement motif at each time point across the entire

experiment for this example fish illustrates a general increase in movement, as well

as increasing use of the fast motif as a function of grating speed (Figure 2.13A). To

understand whether this trend applied to the whole dataset, I computed the time

each movement motif was active as a proportion to total time spent swimming per

trial for each fish. Matching the results derived from the half-beat labelling, this

shows that fish pre-dominantly used the slow movement motif but increasingly

used the fast movement motif at faster grating speeds (Figure 2.13B).

In conclusion, both the half-beat labelling approach and the sparse coding

pipeline both decomposed bouts into smaller movement motifs. Both revealed a

general trend of the slow movement motif being predominantly used by head-fixed

fish, with the fast movement motif being increasingly used during fast grating

speeds, either in ‘pure’ fast bouts, or within mixed swims.
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Figure 2.13: Movement motifs per trial across select grating speeds in head-fixed fish.
A) Example fish (Tu, 7 dpf) showing the dominant movement motif across time for each
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2.3.8 Summary of behavioural results

This chapter characterised different types of forward swimming in response to

optomotor gratings in both a freely-swimming and a head-restrained assay (Fig-

ure 2.14). Slow gratings predominantly elicited slow swims: in freely-swimming

conditions these could be classified as Slow1 and Slow2 swims using unsupervised

clustering [2], in head-restrained conditions Slow2-like swims were characterised by

low tail-beat frequency and low rostral tail-bend amplitude. Fast gratings elicited

Slow2 as well as burst swims in freely-swimming conditions. In head-restrained

conditions, there are burst-like swims characterised by high TBF and high rTBA,

as well as mixed bouts with different periods of TBF. Additionally, fish performed

a small number of struggles in head-restrained conditions, characterised by usually

large tail-bend amplitude and variable TBF.
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Figure 2.14: Summary of forward swim types used at slow and fast grating speeds in
freely-swimming and head-restrained conditions.
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2.4 Discussion

The first aim of the study was to recapitulate slow and fast forward swimming be-

haviour of larval zebrafish in freely-swimming conditions. As reported previously

[2, 22] larval zebrafish exhibited slow swims in response to slow forward moving

gratings, and a mixture of slow and fast swims in response to fast forward moving

gratings. I expanded these findings by applying a recently published bout classifi-

cation method [2] and using a circular arena, which allowed for longer continuous

sequences of fast swimming. This revealed a transition from Slow1 to Slow2 to

burst swims as grating speed increases. Looking at the transition between move-

ments after trial onset revealed that even at fast grating speeds, the animal is likely

to commence with several Slow2 swims before transitioning to sustained trains of

burst swims. As a whole, despite using different shapes of experimental chambers,

analysis methods and fish strains, my assay in freely-swimming fish corroborates

previous findings from Severi et al. [1], suggesting the basic mechanisms of for-

ward swimming and movement transitions are stable across different experimental

set-ups.

Forward swims can best be distinguished using several kinematic parameters,

such as tail-beat frequency, rostral-bend amplitude and head yaw. These param-

eters remained stable across grating speeds within each bout category, with the

notable exception of maximum tail-beat frequency of burst swims, which increased

as a function of grating speed. This exception for burst swims was also reflected

in their increased variability of distance to the cluster centroid during slow grat-

ing speeds. Even though swims can be grouped into different bout types, and

stereotypic movements exist, these results provide further evidence that a degree

of variability within bout classes is present [2, 13]. This leads to the question

at what point different movements should be considered as distinct vs part of a

continuum without clear boundaries [12].

Studies on the organisation of spinal circuits in larval zebrafish point towards

a more continuous behavioural space, particularly in relation to speed changes.

McLean et al. were able to identify a topographic map of ventral to dorsal in-

terneurons, that are recruited sequentially and inhibit more ventral populations as
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a function of swimming speed [30]. However, while fine axial control is needed to

produce flexible and adaptive swims, strong evidence for bout types representing

different swimming gaits comes from considering whole-body coordination of the

animal.

Although I have focused primarily on the gross movement of the body/trunk

to define swimming and swim bouts, animals also make varied use of their limbs

during locomotion [7, 31–34]. For instance, different pectoral fin movements have

been described for slow vs fast swimming in larval zebrafish. During slow swim-

ming, larval zebrafish synchronise their pectoral fin movements with the body axis,

matching both the frequency and phase of tail beats. The alternating undulation

of left and right pectoral fins during slow swimming (mediated by abduction and

adduction) is in stark contrast to the tucked fins observed during burst swims

(mediated by adduction alone) following escape movements [7, 33].

Movement of the pectoral fins does not necessarily occur to generate additional

propulsive force [8]. Initially, it had been suggested that synchronous pectoral fin

movement may aid in offsetting head yaw by stabilising the propulsive effect of the

tail movement [31]. The tucking of fins during fast swims is actively controlled and

could possibly streamline the hydrodynamic forces encountered by larvae to reduce

drag [7, 33]. More recently, pectoral fin movement in larval zebrafish has been

linked to fluid exchange near the body for cutaneous respiration [8, 35]. Across

development, body-fin coordination in the pitch axis is necessary for climbing

swims up the water column [34]. It has been proposed that the neural control of

fins and body axis are similarly organised. Considering the spatial separation of

reticulospinal circuits driving exploratory swimming vs escapes [1, 15, 16, 36, 37],

a joint study of brainstem circuits controlling pectoral fin and axial movements

would underline the distinction of swimming gaits. Given their small size and

optical accessibility, larval zebrafish present an excellent model to address these

questions in a whole-brain imaging preparation.

Recording neural activity in larval zebrafish often require the animal to be

restrained. However, burst swims in head-fixed fish have been challenging to elicit

in OMR assays [1]. To accomplish this, I introduced a closed-loop feedback system,
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in which the grating speed is updated in response to the fish’s own scaled motor

output. Scaling the motor output proved vital. Fish were consistently able to stop

the grating by beating the tail, which corresponds to a stabilisation of the visual

field following a swim upstream in a body of flowing water. Closed-loop feedback

systems offer the advantage of creating more naturalistic swimming conditions.

In fact, a previous study showed that the lack of perceived effect on their visual

environment leads to head-fixed fish ‘giving up’ [28]. Of course, this only updates

the visual feedback while sensorimotor feedback from water flow and movement

along the water column are unaffected. For instance, fish perform rheotaxis, where

they utilise their lateral line to align swimming to water currents [38, 39]. During

embedding, removing the agarose around the tail damages the hair cells of the

lateral line. To mitigate this, fish were embedded the day before in order to

allow regeneration of the neuromasts of the lateral line [40]. Last but not least,

larval zebrafish movement occurs in 3-dimensions and body torque, specifically,

has been reported to change with swimming speed [41–44]. Taken together, it is

not surprising that head-fixation induces changes in bout kinematics compared to

freely-swimming assays.

Here, head-fixed fish showed differences in tail kinematics, such as more vari-

able and sometimes longer bout duration, longer inter-bout intervals, as well as

intra-bout modulation of tail-beat frequency. One apparent difference to freely-

swimming bouts was the incorrect termination of swims. Whereas freely-swimming

burst swims had a relatively stable TBF throughout [2], head-fixed bouts that

commenced as burst swims often transitioned into slow swims before termination.

Often, this occurred half-way throughout the swim or only affected the last few

half-beats. Furthermore, large head yaw is an important feature of burst swims

[1, 2], which was restricted by the agarose. Incorrect termination of burst swims

in particular is most likely due to the unnatural mechanosensory feedback experi-

enced in a head-fixed preparation.

Nonetheless, I observed bouts and periods of bouts where the key kinematic

parameters, particularly TBF, matched those reported in freely-swimming fish.

Rostral tail bend amplitude was lower than in freely-swimming fish, most likely
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due to the rostral part of the tail being restrained. This parameter also differed

for freely-swimming bouts from the values reported by Severi et al. [1], most likely

due to measuring slightly different parts along the tail. I validated my findings

using two different approaches to label movement motifs within bouts: labelling

half-beats based on tail kinematics, and decomposing bouts into movement motifs

using convolutional sparse coding [3]. In both cases, bouts containing burst-swim-

like movement motifs, either partially or completely, increased as a function of

grating speed.

An alternative to head-fixation would have been a fictive preparation, where

the fish is completely paralysed and recordings are made from motor neurons [45].

This approach has been successfully used in a number of studies to simultaneously

record neural activity and fictive behaviour [30, 46, 47]. It is a particularly useful

method when combined with whole-brain imaging [48, 49], which is sensitive to

even the smallest of motion artifacts. However, since burst swims had not been

reported in either fictive or head-restrained preparations, and pilot data from the

lab had indicated that swims of higher TBF may be achieved by using closed-loop

feedback, I opted for a head-fixed preparation for this study. One recent study has

begun to characterise speed changes during fictive swims in response to a variety

of visual stimuli [50]. They were able to elicit swims up to 30 Hz, consistent with

a switch of using the more dorsal musculature, as opposed to the ventral muscles

used during slow swimming [30, 51, 52]. It remains to be seen whether burst swims

of higher TBF can be elicited in a fictive preparation. However, this presents an

exciting new avenue of research. If possible, it would be intriguing to combine a

fictive preparation recording axial as well as pectoral fin motor neurons and whole-

brain imaging during the forward OMR to dissect the joint neural circuits driving

slow vs burst swims.
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Chapter 3

Characterisation of
transgenic lines labelling
reticulospinal neurons

From lamprey to monkeys, the organisation of the descending control of loco-
motion is conserved across vertebrates. Reticulospinal neurons (RSNs) form a
bottleneck for descending commands, receiving innervation from diencephalic and
mesencephalic locomotor centres and providing locomotor drive to spinal motor
circuits. Given their optical accessibility in early development, larval zebrafish
offer a unique opportunity to study reticulospinal circuitry. In fish, RSNs are
a small, highly stereotyped, uniquely identifiable group of large neurons spanning
from the midbrain to the medulla. Classically labelled by tracer dye injections
into the spinal cord, recent advances in genetic tools have facilitated the targeted
expression of transgenes in diverse brainstem neurons of larval zebrafish. Here,
I provide a comparative characterization of four existing and three newly estab-
lished transgenic lines in larval zebrafish. I determine which identified neurons
are consistently labelled and offer projection-specific genetic access to subpopula-
tions of RSNs. I showcase transgenic lines that label most or all RSNs (nefma,
adcyap1bccu96Et) or subsets of RSNs, including ipsilateral (vsx2, calcaccu75Et), con-
tralateral (pcp4accu97Tg) or all (tiam2ay264Et) components of the Mauthner array,
or midbrain-only RSNs (s1171tEt). In addition to RSNs, selected transgenic lines
(nefma, s1171tEt, calcaccu75Et) labelled other potential neurons of interest in the
brainstem. For those, I performed in situ hybridisation to show expression patterns
of several excitatory and inhibitory neurotransmitters at larval stages as well as
glutamatergic expression patterns in juvenile fish. I provide an overview of trans-
gene expression in the brainstem of larval zebrafish that serves to lay a foundation
for future studies in the supraspinal control of locomotion.
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3.1 Introduction

Animals are constantly faced with the need to produce flexible behaviour in re-

sponse to a rapidly changing environment. From foraging for food, finding a mate,

to escaping from predators – movement is central to survival. As such, many re-

gions of the central nervous system are dedicated to its production [1]. A key pro-

cessing site for descending locomotor commands is the reticular formation (RF),

situated in the brainstem and comprised of several nuclei. The RF contains cholin-

ergic [2, 3], monoaminergic [4], GABA/glycinergic and glutamatergic neurons [5],

with glutamatergic reticulospinal neurons (RSNs) forming the key excitatory de-

scending output [6]. RSNs receive descending input from the mesencephalic and

diencephalic locomotor regions (MLR, DLR) and the cerebellum, as well as as-

cending signals from the spinal cord allowing for sensorimotor integration. Their

main output is to central pattern generators comprised of spinal inter- and motor

neurons, responsible for movement production (for a comprehensive review on the

descending control of locomotion see [7]). A central question in neuroscience has

long been whether different behaviours are generated by distinct or overlapping

populations of RSNs [8], and if so, whether activity is localised or distributed across

the brainstem. The ability to label, activate and manipulate subsets of RSNs is

critical in addressing these questions.

Larval zebrafish are ideally suited to studying brainstem circuitry due to their

small size, high fecundity, array of available genetic tools, optical accessibility

and well-characterised behavioural repertoire [9]. For decades, researchers have

labelled reticulospinal neurons by spinal injections of tracer compounds, such as

horseradish peroxidase or dextran-conjugated dyes [10–14]. While these have been

instrumental in disentangling reticulospinal circuity, labelling can be variable de-

pending on the skill of the experimenter, and it is challenging to consistently label

descending neurons of small axon calibre. In addition, spinal injections are nec-

essarily damaging to spinal axon tracts and carry the risk of affecting subsequent

behavioural studies. A solution comes from several recently established transgenic

lines with expression in the brainstem [15–18]. Given the sometimes stochastic

expression patterns in Gal4 lines [19], it would be useful to understand precisely
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which RSNs are labelled by each transgenic line across a number of animals. Addi-

tionally, gaining genetic access to all as well as to selected subpopulations of RSNs,

for instance ipsi- vs contralaterally-projecting RSNs, would offer an excellent op-

portunity when combined with optogenetic tools to decipher cell-specific functions

in the control of locomotion.

Here, I characterised seven transgenic lines driving gene expression in the brain-

stem in larval zebrafish at 6 days-post-fertilisation: four existing transgenic lines

(nefma, vsx2, s1171tEt, tiam2ay264Et) and three newly established transgenic lines

(calcaccu75Et, pcp4accu97Tg, adcyap1bccu96Et). For each transgenic line, I performed

retrograde labelling of reticulospinal neurons followed by immunohistochemistry

and quantified overlap across fish at the single-cell level. I showcase transgenic

lines that label most or all RSNs (nefma, adcyap1bccu96Et), midbrain-only RSNs

(s1171tEt), or subsets of RSNs, including ipsilateral (vsx2, calcaccu75Et), contralat-

eral (pcp4accu97Tg) or all (tiam2ay264Et) components of the Mauthner array.

For select transgenic lines (nefma, s1171tEt, calcaccu75Et) I performed in situ

hybridisation to show expression patterns of genes associated with several neuro-

transmitter phenotypes (vglut1, vglut2a, vglut2b, chata, gad1b, gad2, glyt1, glyt2)

at larval stages as well as glutamatergic expression in juvenile fish demonstrating

consistency across development. By providing a comprehensive overview of trans-

gene expression in the brainstem of larval zebrafish I set a foundation for future

studies in the supraspinal control of locomotion.

3.2 Materials and Methods

3.2.1 Fish husbandry

Adult fish were raised and bred at 28°C on a 14h light / 10h dark cycle following

standard husbandry methods as detailed in [20]. All fish colonies were maintained

under meticulous plans involving importation of wild types every 1-3 years and

line-specific breeding schemes designed to reduce inbreeding depression [20]. Em-

bryos were collected and larvae were raised at 28°C in E3 embryo medium (5 mM

NaCl, 0.17 mM KCl, 0.33 mM CaCl2 and 0.33 mM MgSO4, changed daily) at
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a density of 100 larvae per 200 mL until euthanasia at 6 days-post-fertilisation

(dpf). From 5 dpf onwards, approximately 10 mL of a live L-type rotifer poly-

culture (containing 1000-2000 rotifers per mL) were added to each dish twice a

day and larvae were allowed to feed freely. Zebrafish do not sexually differenti-

ate until approximately 3 months of age, therefore the sex of the animals cannot

be reported. All experimental procedures were approved by the Champalimaud

Foundation Ethics Committee and the Portuguese Direcção Geral Veterinária, and

were performed according to the European Directive 2010/63/EU.

3.2.2 Transgenic lines

The following transgenic lines were used in a nacre (mitfa -/-) background (see Ta-

ble 3.1). With the exception of vsx2, which the lab received as an mRFP line, and

s1171tEt, which was crossed with Tg[10xUAS:GCaMP6fccu1Tg] [21], the lines used

in the experiments were created by crossing with Tg[10x UAS:GCaMP6fEF05ccu2Tg]

[22].

Short name Transgenic line Source

nefma Tg[nefma:KalTa4] [15]

tiam2ay264Et Tg[tiam2ay264Et(B)] [18]

s1171tEt Tg[-0.6hsp70l:Gal4-VP16s1171tEt+] [16, 23]

vsx2 TgBAC[vsx2:Gal4FFnns18Tg] [24]

calcaccu75Et Tg[-5.0calca:Gal4FFccu75Et] this paper

adcyap1bccu96Et Tg[-1.7adcyap1b:Gal4FFccu96Et] this paper

pcp4accu97Tg TgBAC[pcp4a:Gal4FFccu97Tg] this paper

Tg[10xUAS:GCaMP6fccu1Tg] [21]

Tg[10xUAS:GCaMP6fEF05ccu2Tg] [22]

Tg[UAS:mRFP] [25]

Table 3.1: Transgenic fish lines used for immunohistochemistry and in situ hybridisation
experiments.
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3.2.3 Cloning

adcyap1b:Gal4FF A 1679bp promoter region upstream of adcyap1b start codon

was cloned into pCR™8/GW/ TOPO™ (Invitrogen™) using the following primers:

• 5’-GAACTGGAACACTTGGTGGCAGTATTG-3’

• 5’-GATCTGGCCAGGCTGTAAAGATACAAGAAAG-3’.

The adcyap1b promoter (Entry Clone) was then recombined into an Gal4FF

destination vector (Gateway™ LR recombination, Invitrogen™), derived from the

Tol2Kit [26], so that the construct was bracketed by two Tol2 [27] inverted terminal

repeats.

calca:Gal4FF A 5023bp promoter region upstream of calca start codon was

cloned into pCR™8/GW/TOPO™ (Invitrogen™) using the following primers:

• 5’-GTGCCTGCTGAGGAGCATAAC-3’

• 5’-GGTCCCCTGTAGTAAAACATC-3’

The calca promoter (Entry Clone) was then recombined into the Tol2 Gal4FF

destination vector (Gateway™ LR recombination, Invitrogen™).

pcp4a:Gal4FF The Tg[pcp4a:Gal4FFccu97Tg line was generated using bacterial

artificial chromosome (BAC) recombineering following [28]. In short, the iTol2-

amp cassette was introduced into BAC CH211-231M12. Positive clones were se-

lected to further introduce the Gal4FF-pA-FRT-kan-FRT at the ATG site of pcp4a.

To do so, homology arms, short DNA sequences of about 300bp that flanked the

ATG site and with sequence overlap to the Gal4FF-pA-FRT-kan-FRT, were am-

plified from the BAC:

• pcp4a-HI-for CACACACCAATGCATACATCAAAGCG

• pcp4a-HI-rev ACAGTAGCTTCATGGTGGCGCTGGATGAAGAGTATGAA-

GATGAAGGAA GAAG

• pcp4a-HII-for CCAGCCTACACGCGGGTGAGCTTTCCTCCATACACATTG-

CACA

• pcp4a-HII-rev GCGCACATACAATATCCTCCATCCCT

Similarly, the Gal4FF-pA-FRT-kan-FRT cassette was amplified using primers over-

lapping with the homology arms:
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• pcp4a-GFF-for CATCTTCATACTCTTCATCCAGCGCCACCATGAAGC-

TACTGTCTTCTATCGAAC

• pcp4a-GFF-rev TGTGTATGGAGGAAAGCTCACCCGCGTGTAGGCTG-

GAGCTGCTTC

The 3 DNA fragments were fused using the Gibson Assembly Cloning kit (New

England Biolabs) and subcloned into the pCR2.1-TOPO vector (Invitrogen). The

pcp4a-HI-for and pcp4a-HII-rev primer were used for further amplification of the

cassette. 500ng of it was used for recombination with the CH211-231M12/iTol2-

amp BAC.

Line establishment DNA constructs were injected together with Tol2 trans-

posase mRNA and non-integrating UAS:GFP plasmid into 1-2 cell stage mitfa-/-

eggs. Embryos with GFP expression were raised and screened as adults for germ

line transmission. Progeny of positive animals with stable expression pattern were

selected as founders for the respective Gal4FF driver line.

3.2.4 Screening

Larvae were pre-screened at 3-4 dpf to select fish with positive expression of

GCaMP or RFP. While this is standard practice, I note that some lines appear to

have less than Mendelian numbers of offspring with expression presumably due to

silencing [19]. For instance, the pcp4accu97Tg line seems to be particularly prone

to silencing, which can be remedied by setting multiple crosses and rigorous pre-

screening.

3.2.5 Immunohistochemistry

The staining was performed in all seven transgenic lines (Table 3.1) according to

a modified protocol [29].

Dye injections Larvae were raised in standard conditions (see above) until 5

dpf, fed with rotifers in the morning and injected in the afternoon. Larvae were

injected while mounted sideways on a small petri dish containing a layer of agarose
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gel (SeaKem LE Agarose, #50004, Lonza), following previously described methods

[30]. The dye (10,000MW at 50mg/mL of Dextran, Alexa Fluor 647, Invitrogen

by Life Technologies) was pressure-injected into the spinal cord near myomere 8

using a pulled capillary glass needle (GC100F-10, Harvard Apparatus) positioned

with a micro-manipulator (MN-153, Narishige) and a stereo-microscope (Stereo

Discovery V8, Zeiss). Pressure was applied using a pneumatic picopump (WPI,

PV820). Following injection, larvae were allowed to recover overnight and checked

for normal swimming behaviour before euthanasia.

Immunohistochemistry At 6 dpf, larvae were anaesthetized in 15mM tricaine

(E10521, Sigma-Aldrich) for 10 min and fixed with 4% paraformaldehyde (PFA)

for 2 hours at room temperature while covered and with agitation. From this

step onwards, larvae were kept in darkness. To stop fixation, larvae were rinsed

and washed 2 x 5 min in phosphate-buffered saline with 0.25% Triton (PBT)

with agitation. For epitope retrieval, larvae were rinsed twice, washed 1 x 5 min,

and finally incubated in 150mM Tris-HCl with pH 9.0 at 70°C in a water bath.

Following incubation, samples were cooled on ice and washed 3 x 5 min in PBT.

To permeabilise, larvae were incubated in 0.05% Trypsin-EDTA in phosphate-

buffered saline (PBS) for 5 min on ice, followed by a rinse and 2 x 5 min washes

in PBT. Next, larvae were incubated in blocking solution (PBS, bovine serum

albumin, normal goat serum, dimethyl sulfoxide, Triton, azide, sterilised H2O) at

4°C overnight. A primary antibody solution was prepared by diluting primary

antibodies for anti-tERK and anti-GFP or anti-mCherry (Table 3.2) in blocking

solution at 1:500. Blocking solution was replaced by the primary antibody solution

and larvae were allowed to incubate for at least three over-nights at 4°C under

cover with agitation. To remove primary antibodies, larvae were rinsed three times

and washed 3 x 30 min in PBT. A secondary antibody solution was prepared by

diluting secondary antibodies in blocking solution at 1:500. Larvae were incubated

in secondary antibody solution for at least three over-nights at 4°C with agitation.

To remove secondary antibodies (Table 3.2), larvae were rinsed three times and

washed 3 x 30 min in PBT. Samples were stored in PBT at 4°C in the dark until

imaging.
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Reagents Source Identifier

Dye for Backfills

Dextran, Alexa Fluor™ 647 Life Technologies D22914

Primary Antibodies

Chicken anti-GFP Abcam Limited ABCAM-13970

Mouse anti-tERK Cell Signaling Tech. #4696

Rabbit anti-mCherry Abcam Limited ABCAM-167453

Secondary Antibodies

Goat anti-Chicken IgY Alexa Fluor™ 488 Life Technologies A-11039

Goat anti-Mouse IgG Alexa Fluor™ 568 Life Technologies A-11004

Goat anti-Mouse IgG Alexa Fluor™ 488 Life Technologies A-11001

Goat anti-Rabbit IgG Alexa Fluor™ 568 Life Technologies A-11011

Table 3.2: Reagents used for immunohistochemistry experiments in this study.

3.2.6 In situ hybridisation chain reaction in larval zebrafish

In situ hybridisation chain reaction (isHCR) reagents, including probes, hair-

pins, and buffers, were purchased from Molecular Instruments (Los Angeles, CA,

USA) for detection of mRNAs. The staining was performed according to the

“HCR v3.0 protocol for whole-mount zebrafish embryos and larvae” protocol pro-

vided by Molecular Instruments [31]. The following transgenic lines were used in

a nacre (mitfa -/-) background: Tg[nefma:KalTa4, 10xUAS:GCaMP6fEF05], Tg[-

5.0calca:Gal4FFccu75Et, 10xUAS:GCaMP6fEF05] and Tg[-0.6hsp70l:Gal4-VP16s1171tEt+,

10xUAS:GCaMP6f].

Tissue fixation At 6 dpf, larvae were anaesthetised in 15mM tricaine (E10521,

Sigma-Aldrich) and fixed with 4% PFA overnight at 4°C while covered and gently

agitated. From this step onwards, larvae were continuously kept in darkness.

Tissue preparation On the following day, larvae were washed 3 x 5 min in PBS

to stop fixation, dehydrated and permeabilised with a series of 100% methanol

(MeOH) washes and stored at -20°C for up to 6 months before use. MeOH-fixed
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larvae were re-hydrated progressively with a series of graded MeOH in PBS with

Tween 0.1% (PBST) washes at room temperature with agitation for 5 min each.

Next, larvae were treated with proteinase K (30µg/mL) for 45 minutes at room

temperature, rinsed twice with PBST, post-fixed with 4% PFA for 20 minutes

at room temperature and finally washed thoroughly 5 x 5 min with PBST with

agitation.

Detection Larvae were pre-hybridised with 500µL of probe hybridisation buffer

for 30 minutes at 37°C. Probe solutions were prepared by adding 2pmols of each

probe set (Table 3.3) to 500µL of probe hybridisation buffer at 37°C. The pre-

hybridisation solution was replaced with the probe solution mix and larvae were

incubated overnight at 37°C. The following day, excess probes were removed by

washing larvae 4 x 15 min with 500µL of probe wash buffer at 37°C, followed

by 2 x 5 min washes with 5x sodium chloride sodium citrate buffered with 0.1%

Tween (5xSSCT) at room temperate with agitation. Note that in the isHCR

3.0 method, detection of an mRNA requires a mixture of primers, each of them

including a part that is complementary to the target RNA and another part that

is used for amplification of the signal (named B1 to B5). Table 3.3 summarises

the probes indicating their target and the amplification reagent used.

Amplification Pre-amplification was performed by incubating with 500µL of

amplification buffer for 30 min at room temperature. Next, 30pmol of hairpin

h1 and 30pmol of hairpin h2 were prepared by snap-cooling 10µL of 3µM stock:

hairpins were heated separately at 95°C for 90 seconds and allowed to cool down

to room temperature in a dark drawer for 30 min. After cooling down, the hair-

pin solution was prepared by adding snap-cooled h1 and h2 hairpins to 500µL

of amplification buffer at room temperature. The pre-amplification solution was

replaced with the hairpin solution and larvae were incubated overnight in the dark

at room temperature. On the next day, excess hairpins were removed by washing

the samples with 500µL of 5xSSCT at room temperature with agitation for 2 x

5min, 2 x 30min and 1 x 5min. Samples were stored at 4°C in 5xSSCT in the dark

until imaging.
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3.2.7 In situ hybridisation chain reaction in juvenile ze-

brafish

To perform in situ hybridisation chain reaction in juvenile fish, the aforementioned

isHCR 3.0 protocol for larval zebrafish from Molecular Instruments (Los Angeles,

CA) was adapted using methods from [32] as well as considering advice from

Molecular Instruments on adapting the protocol for adult zebrafish (Dr. Chanpreet

Singh, personal communication).

Tissue fixation Juvenile zebrafish Tg[-0.6hsp70l:Gal4-VP16s1171tEt+] at 4 weeks

post-fertilisation were anaesthetised in 15 mM tricaine tricaine (E10521, Sigma-

Aldrich) for 5 minutes and immersed in ice-cold fish facility water for 20 minutes.

Absence of reflexes were assessed before fish were dissected caudal to cloaca using

a razor blade and heads were placed in ice-cold PBS for 10 minutes to let blood

drain. Samples were fixed in 4% PFA overnight at 4°C with gentle agitation.

Tissue preparation The next day, samples were washed 2x for 5min in cold

PBS, followed by careful dissection of brains into cold, sterile PBS and stored at

4°C until further processing. Following dissection, samples were split into groups

of 4 and washed 3x for 5min in PBS at room temperature with gentle agitation.

Then, samples were dehydrated using a series of MeOH/PBS mixtures (1h each in

20%, 40%, 60%, 80% and 2x 100% MeOH). Samples were washed 2x for 5min in

100% MeOH and incubated in 5% hydrogen peroxide in MeOH overnight at 4°C.

The next day, samples were rehydrated using a series of MeOH/PBS mixtures (1h

each in 80%, 60%, 40% and 20% MeOH). Samples were washed 2x for 5min in

PBS and then 2x for 1h in PBS with 0.2% TritonX-100 (PTx.2). Samples were

then washed overnight at 37°C in permeabilisation solution (PTx.2, 0.3M glycine,

20% DMSO).

Detection and amplification The next day, samples were washed 2x for 5min

in PTx.2. From here on, RNA detection was performed following the Detection

and Amplification sections described above, with the following modifications: In

the detection stage, probe solutions were prepared by adding 10pmols of each
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probe set to 500µL of probe hybridisation buffer at 37°C. In the Amplification

stage, 45pmol of hairpin h1 and 30pmol of hairpin h2 were used by snap-cooling

15µL of 3µM stock.

Clearing Samples were washed 2x for 5min in 50%SSC/50%PBS, dehydrated

using a series of MeOH/PBS mixtures (1h each in 20%, 40%, 60%, 80% and

2x 100% MeOH) and incubated in 100% MeOH overnight at 4°C. The following

day, samples were incubated in 66% dichloromethane in MeOH for 3h at room

temperature. Samples were washed 2x for 15min dichloromethane and then stored

in dibenzyl ether until imaging.

Reagents Source Identifier

HCR probes

gad1b-B1: PRA299 Molecular Instruments NM194419.1

gad2-B1: PRH743 Molecular Instruments NM001017708.2

vglut2.1-B2: PRB128 Molecular Instruments NM001128821.1

vglut2.2-B2: PRG620 Molecular Instruments NM001009982.1

chATa-B3: RTA359 Molecular Instruments NM001130719

glyt1-B4 (slc6a9): RTM844 Molecular Instruments NM001030073

glyt2-B4 (slc6a5): B4RTO773 Molecular Instruments NM001009557.1

vglut1-B5 (slc17a7a): RTM843 Molecular Instruments NM001098755

Table 3.3: Reagents used for in situ hybridisation experiments in this study.

3.2.8 Imaging and Image Processing

Imaging conditions for larval zebrafish Samples were cut to remove most

of the spinal cord for easier handling and mounted dorsal-side up in 1% low-

melting point agarose (UltraPure LMP Agarose, Cat#16520100, Invitrogen by

Life Technologies) prepared in PBS or SSC. Imaging of samples was performed on

an upright confocal laser-scanning microscope (Zeiss, LSM 980) with a 25x multi-

immersion objective (Zeiss, NA 0.8, Plan-Apochromat), using laser wavelengths

488, 594 and 650 nm. Images were acquired with a pixel size of 0.79µm in x
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and y and sampled with a 1µm interval in the z axis. Pinhole size was 35µm,

corresponding to 1.9µm confocal section.

Imaging conditions for juvenile zebrafish Samples were mounted dorsal-

side up by attaching to a small petri dish lid using UV-cured glue (Bondic, UV

Liquid Plastic Welder Starter Kit) and filling the lid with immersion oil (Gelest,

PHENYLMETHYLSILOXANE OLIGOMER #PDM-7040) matching the refrac-

tive index of dibenzyl ether. Imaging of samples was performed on an upright

confocal laser-scanning microscope (Zeiss, LSM 980) with a 25x multi-immersion

objective (Zeiss, NA 0.8, Plan-Apochromat), using laser wavelengths 594 and 650

nm. Images were acquired with a pixel size of 0.79µm in x and y and sampled

with a 2µm interval in the z axis. Pinhole size was 35µm, corresponding to 1.9µm

confocal section.

Image processing Image analysis was performed using custom-written scripts

in ImageJ processing package (Fiji). Briefly, where applicable, tiles were stitched

and converted to a resolution that matches an in-house reference image. Using

ANTs [33], each fish was registered to an in-house reference image of total extra-

cellular signal-related kinase (tERK), which labels all neurons, or a transgenic

line-specific reference image. All image processing was performed on a computer

with 64.0 GB RAM and a Intel(R) Core(TM) i7-5820K CPU @ 3.30 GHz 3.30

GHz processor.

3.3 Results

In this study I characterised four existing (nefma, Tg[nefma:KalTa4]; tiam2ay264Et,

Tg[tiam2ay264Et(B)]; s1171tEt, Tg[-0.6hsp70l:Gal4-VP16s1171tEt+]; vsx2, TgBAC[vsx2:

Gal4FFnns18Tg]) and three new (calcaccu75Et, Tg[-5.0calca: Gal4FFccu75Et]; pcp4accu97Tg,

TgBAC[pcp4a:Gal4FFccu97Tg]; adcyap1bccu96Et, Tg[-1.7adcyap1b:Gal4FFccu96Et])

transgenic lines. Each line was crossed with Tg[10xUAS:GCaMP6fEF05] unless

reported otherwise. I note that transgenic lines based on small promoter regions

will have expression patterns that may reflect the locus of insertion in the genome.
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I have therefore denoted these lines as enhancer traps, indicating that they are

not expected to be faithful reporters of the natural expression pattern of the genes

from which the construct was derived. Here I aim to characterise these transgenic

lines as tools in themselves, to lay a basis for dissecting the role of premotor brain-

stem neurons in movement production. I chose these transgenic lines as they label

reticulospinal (RSNs) and other potential neurons of interest in the brainstem

of larval zebrafish at 6 days-post-fertilisation (dpf) (Figure 3.1A). Briefly, nefma,

adcyap1bccu96Et and tiam2ay264Et label cells across the brainstem, s1171tEt in the

tegmentum, and pcp4accu97Tg, calcaccu75Et and vsx2 in the hindbrain. Larval ze-

brafish of each transgenic line were injected with dextran-conjugated tracer dye

to retrogradely label RSNs and compared to their transgene expression profiles

following immunohistochemistry and confocal imaging.

For transgenic lines (nefma, calcaccu75Et, s1171tEt) that labelled cells beyond

the classical RSNs I performed in situ hybridisation chain reaction (isHCR) to

study the mRNA expression of different excitatory and inhibitory neurotrans-

mitters: glutamate (vglut1, vglut2a, vglut2b), acetyl choline transferase (chata),

gamma-aminobutyric acid (GABA; gad1b, gad2) and glycine (glyt1, glyt2) (Fig-

ure 3.1B). The vesicular glutamate transporter vglut2 has two orthologs in ze-

brafish, vglut2a and vglut2b, which had largely overlapping brain-wide expression

with two exceptions (Figure 3.2A). Two pairs of bilateral clusters were found in the

medial hindbrain close to rhombomere 4 that strongly and exclusively expressed

vglut2b, whereas vglut2a was more prominent in selected cells in the nucleus of the

Figure 3.1: Overview of transgenic lines and neurotransmitter-associated gene expres-
sion patterns.
A) Graphical summary of methods for reticulospinal backfills paired with immunohis-
tochemistry (left) or in situ hybridisation (right), followed by confocal imaging, image
registration to an average reference brain and analysis.
B) GCaMP expression in transgenic lines used in this study as indicated in each panel.
C) Expression of genes associated with neurotransmitter phenotypes as indicated in each
panel.
For B) and C) each panel shows a maximum intensity projection from the dorsal and sagit-
tal view, taken from average stack following image registration. Number of fish: nefma
n=7, calcaccu75Et n=12, vsx2 n=11, s1171tEt n=5, pcp4accu97Tg n=6, adcyap1bccu96Et

n=8, tiam2ay264Et n=6, vglut1 n=16, vglut2 n=13, chata n=8, gad1b/2 n=4, glyt1 n=16,
glyt2 n=15. Scale bar 100µm.
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medial longitudinal fasciculus (nMLF; Figure 3.2B). Overall the mRNA expres-

sion profiles are consistent with those found in the zebrafish brain atlas mapzebrain

[34]. Except where explicitly stated, I refer to vglut2 as a combination of vglut2a

and vglut2b.
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Figure 3.2: Difference in expression pattern between vglut2a and vglut2b in larval
zebrafish at 6dpf.
A) Maximum intensity projections from dorsal and sagittal views of vglut2a and vglut2b
mRNA expression following in situ hybridisation.
B) Single planes from dorsal (100µm) to ventral (175µm) at 50µm intervals in vglut2a,
vglut2b and composite.
For both A and B, images are from two different single fish that were registered to a
common average reference brain. Representative examples of nefma fish with either
vglut2a (n=8) or vglut2b (n=7) expression. Scale bar is 100µm.
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3.3.1 The nefma line labels all RSNs and cranial nerves

I examined the organisation of RSNs in a knock-in reporter line in the nefma

gene [15] using dextran-conjugated retrograde labelling in larval zebrafish at 6 dpf

(n=10). The nefma line has expression in the tectum, pre-tectum, tegmentum and

hindbrain, as well as labelling the anterior and posterior lateral line ganglia, the

trigeminal ganglion and neuromasts. In this line, the Mauthner cell is not present

at this age because it degenerates between 3-5 dpf (data not shown; Dr J. Bin and

Dr D. Lyons, The University of Edinburgh, personal communication). The back-

labelled cells closely match the organisation previously described [11], which I term

the ’classical’ RSNs. All other classical RSNs that were back-labelled were present

and expressing GCaMP (Figure 3.3A-B). This includes the four large canonical

cells (MeM1, MeLm, MeLr, MeLc) in the nucleus of the medial longitudinal fasci-

culus (nMLF), also referred to as the interstitial nucleus of Cajal [35], and RSNs

in the hindbrain, including the rostral RoL1 and RoM1-3 cells, various medial cell

groups (MiV1, MiV2, MiM1, MiR1, MiR2), and the caudal MiD2, MiD3 and MiT

cells (Table 3.4). Note that the rostro-lateral RoL2-RoL3 and the caudal CaD

and CaV cells were not successfully back-labelled, most likely requiring a different

injection strategy. However, it is highly likely these cells are still present in the

nefma line. I see numerous small GCaMP-positive cells lateral to the RoM3 cells,

which could be the RoL2-3, and there are large GCaMP-positive cells situated

caudally to the MiD3 cells most likely constituting the CaD/CaV cells [11, 13].

Figure 3.3: The nefma line labels all RSNs as well as cranial nerve nuclei.
A) Maximum intensity projections (MIPs) from dorsal and sagittal view of an exemplary
nefma fish (n=10) at 6 dpf with RSNs labelled via retrograde dye injection.
B) Close ups at several planes to illustrate overlap between nefma line and backfill,
indicated by red triangles. Putative CaD and CaV cells indicated by blue triangle.
C) MIPs from dorsal and sagittal view of a nefma fish (n=24) at 6 dpf with vglut2 mRNA
expression.
D) Close ups at several planes to illustrate considerable overlap between nefma line and
vglut2.
E) MIPs from dorsal and sagittal view of a nefma fish (n=16) at 6 dpf with chata mRNA
expression.
F) Close ups at several planes to illustrate cranial nerves III-VII, IX-X and octavolateralis
efferent nucleus (OLe) are labelled in the nefma line. For A,C,E scale bar 100µm, for
B,D,F scale bar is 25µm.
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The majority of cells labelled by the nefma line, including the classical RSNs,

are glutamatergic (vglut2 ; Figure 3.3C-D) as confirmed by isHCR (n=24). In addi-

tion, the nefma line (n=16) labels cholinergic cells, which could be identified as the

cranial nuclei (CNIII, oculomotor; CNIV, trochlear; CNV, trigeminal; CNVI, ab-

ducens; CNVII, facial; CNIX, glossopharyngeal; CNX, vagus) and octavolateralis

efferent neurons (OLe; Figure 3.3E-F), with locations consistent with anatomical

annotations in zebrafish atlases [34]. There was no vglut1, GABAergic (gad1b/2)

or glycinergic (glyt1, glyt2) mRNA expression in cells labelled by the nefma line

(Figure 3.4).

3.3.2 Transgenic lines offer access to subpopulations of RSNs

calcaccu75Et A new Gal4 transgenic line was established using a 5kb fragment

of the calca promoter. cRNA expression of calcitonin gene-related peptide alpha

(CALCA) is brain-wide [wang˙novel˙2016] and a large genetic screen in our

laboratory seeking to identify potentially interesting new transgenic lines showed

promising expression in the hindbrain. Indeed, the calcaccu75Et line mostly labels

cells in the hindbrain, as well as a small number of cells in the mid- and forebrain,

and outer retina. The organisation of RSNs in the calcaccu75Et line was examined

using dextran-conjugated retrograde labelling at 6dpf (n=12). Many of the classi-

cal RSNs that were visualised by the dye injection into the rostral spinal cord were

Figure 3.5: The calcaccu75Et line labels only IL-RSNs and closely matches the vsx2 line.
A) Maximum intensity projections from dorsal and sagittal view of an exemplary
calcaccu75Et fish (of n=12) at 6 dpf with reticulospinal neurons labelled via retrograde
dye injection.
B) Close ups at several planes to illustrate overlap between calcaccu75Et line and backfill.
Note that only IL-RSNs are present in calcaccu75Et as indicated by red triangles.
C) Maximum intensity projections from dorsal and sagittal view of an exemplary
calcaccu75Et fish (of n=8) at 6dpf with vglut2 mRNA expression.
D) Close ups at several planes to illustrate overlap between calcaccu75Et line and vglut2,
particularly of the RSNs as well as a rostro-caudal glutamatergic (vglut2 ) stripe in the
dorsal hindbrain.
E) Single planes from dorsal (105µm) to ventral (180µm) at 15µm intervals in calcaccu75Et,
vsx2 and composite. For both top and middle panel, images are from two single fish (of
n=12 each) that were registered to a common reference brain (tERK). For A,C,E scale
bar 100µm, for B,D scale bar 25µm.
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also labelled by the calcaccu75Et line (Figure 3.5A-B). This includes the rostral

RoM2, RoM3 and RoV3 cells, the ventromedial cells (MiV1, MiV2, MiM1, MiR1,

MiR2), and notably the caudal ipsilaterally-projecting (IL) MiD2i and MiD3i cells,

but not their contralaterally-projecting (CL) counterparts. Following the projec-

tions of MiD2i and MiD3i at higher spatial resolution confirmed their identity as

no decussation at the midline occurred (data not shown). In this line, the Mau-

thner cell is present but not labelled. For detailed RSN labelling across multiple

fish see Table 3.6.

There was no cholinergic (chata), GABAergic (gad1b/2 ) or glycinergic (glyt1,

glyt2 ) mRNA expression in cells labelled by the calcaccu75Et line (Figure 3.6). In

fact, most cells labelled in the calcaccu75Et line were glutamatergic (vglut2 ), with

a particularly prominent glutamatergic stripe spanning the whole medial dorsal

hindbrain (Figure 3.5C-D). This strongly resembled the well-characterised vsx2

line that has a characteristic medial stripe of glutamatergic V2a neurons in the

hindbrain [17].

vsx2 I therefore compared the expression profiles of two calcaccu75Et and vsx2

fish registered to a shared reference brain. This revealed a high degree of overlap

between the two transgenic lines, with the exception of additional dorso-lateral

transgene expression close to the midbrain boundary in the calcaccu75Et line (Fig-

ure 3.5E-F).

To illustrate the similarity between the calcaccu75Et and vsx2 lines at a cellu-

lar level, I also performed back-labelling of RSNs in vsx2 fish at 6 dpf (n=12).

Again, only ipsilaterally-projecting RSNs in the hindbrain were present in vsx2

(Figure 3.7A-B). This includes the rostral RoM2, RoM3 and RoV3 cells, the ven-

tromedial cells (MiV1, MiV2, MiM1, MiR1, MiR2), and the caudal ipsilaterally-

projecting MiD2i and MiD3i cells. Following the projections of MiD2i and MiD3i

at higher spatial resolution confirmed their identity with no decussation at the

midline present (data not shown). Similarly to the calcaccu75Et line, the Mauth-

ner cell was present but not labelled in vsx2. For detailed RSN labelling across

multiple fish see Table 3.7.
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Figure 3.6: No cholinergic (chata), GABAergic (gad1b/2 ) or glycinergic (glyt1, glyt2 )
expression in neurons labelled by the calcaccu75Et line.
A,C,E,G) Maximum intensity projections from dorsal and sagittal view of an exemplary
calcaccu75Et fish at 6 dpf with A) chata (n=15), C) gad1b/2 (n=7), E) glyt1 (n=16), G)
glyt2 (n=16) mRNA expression. Scale bar is 100µm.
B,D,F,H) Close ups at several planes to better illustrate no overlap between calcaccu75Et

line and B) chata, D) gad1b/2, F) glyt1 or H) glyt2 or mRNA-expressing neurons. Scale
bar is 25µm.

pcp4accu97Tg A new transgenic line was established driving GAL4FF expression

under the pcp4a promoter using a recombineered BAC. Pcp4a had been shown

to be expressed in the telencephalon, habenula, pretectum, pre-glomerular com-

plex, mammillary bodies, optic tectum and a subset of reticulospinal neurons [36].

The pcp4accu97Tg line has sparse labelling of cells in the forebrain and tectum,

expression in the habenula, hindbrain, and the anterior and posterior lateral line

ganglia. The reticulospinal back-labelling (n=12) specifically and reliably includes

the dorso-caudal contralaterally-projecting MiD2cm, MiD2cl, MiD3cm and MiD3cl

but not their ipsilateral counterparts (Figure 3.7C-D). Labelling of other RSNs in

this line was more variable, with different combinations of the ventromedial cells

(MiV1, MiV2, MiM1, MiR1, MiR2) being labelled in 50% of fish (Table 3.9). To my

knowledge, this is the first transgenic line specifically labelling the contralaterally-

projecting MiD cells of the Mauthner array.

adcyap1bccu96Et A new transgenic line was established in which GAL4FF ex-

pression is driven by a 1.7kb upstream promoter region of the adenylate cyclase

activating polypeptide 1b (adcyap1b) gene. The adcyap1b gene encodes pituitary

adenylate cyclase-activating polypeptide 2 (PACAP2), is evolutionarily conserved

Figure 3.7: Reticulospinal cell labelling in four different transgenic lines.
A,C,E,G) Maximum intensity projections from dorsal and sagittal view of an exemplary
fish from A) vsx2 (n=12), C) pcp4accu97Tg (n=12), E) adcyap1bccu96Et (n=11) and G)
tiam2ay264Et (n=12) at 6 dpf with RSNs labelled via retrograde dye injection. Scale bar
is 100µm.
B,D,F,H) Close ups at several planes to illustrate overlap between B) vsx2, D)
pcp4accu97Tg, F) adcyap1bccu96Et or H) tiam2ay264Et and RS backfill. Blue triangle in F,
rostral panel indicates putative RoL1. Blue triangle in F and H, caudal panel indicates
putative CaD and CaV cells. Scale bar is 25µm.
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and expressed in the telencephalon, diencephalon, rhombencephalon, and dorsal

spinal cord [37]. PACAP2 plays a role in brain development [38] and the neu-

ropeptide adcyap1b has been shown to enhance sensory responsiveness in larval

zebrafish [39]. Due to gene expression in the rhombencephalon, adcyap1b was

included in the aforementioned genetic screen to identify novel transgenic lines

with expression in the hindbrain. In addition to labelling cells in the tegmentum

and hindbrain, our adcyap1bccu96Et line has expression in the olfactory epithe-

lium, olfactory bulb, anterior and posterior lateral line ganglia, as well as sparse

labelling in the tectum. Following back-filling with dextran-conjugated tracer dye

(n=11), I report overlap with GCaMP-expression in the four identified cells of the

nMLF (MeM1, MeLm, MeLr, MeLc), the Mauthner cell and most other RSNs

including the vestibular cells (Figure 3.7E-F). I observed labelling of most of the

caudal contralaterally-projecting MiD cells (MiD2cm, MiD2cl, MiD2i, MiD3cm

and MiD3cl) but not the MiD3i and MiT cells. For detailed RSN labelling across

multiple fish see Table 3.8. As mentioned previously, the CaD, CaV, RoL1 and

RoL2 cells were not retrogradely labelled in this preparation. However, it is likely

that the adcyap1bccu96Et line labels those cells well, as there are large cell bodies

visible in their respective putative locations [11, 13].

tiam2ay264Et Finally, the previously established tiam2ay264Et line [18] was of

interest due to labelling the Mauthner cell and homologues. It has brain-wide

expression, including the olfactory epithelium, optic chiasm, tectum, interpedun-

cular nucleus, tegmentum, hindbrain and cerebellum. Backfills (n=12) revealed

that this line labelled MeM1 more reliably than the other identified nMLF neurons

(MeLm, MeLr, MeLc), as well as consistently labelling the rostral RoM2l, RoM3m

and RoM3l, the Mauthner cell, and both the CL- and IL-projecting MiD2 and

MiD3 cells in the hindbrain (Figure 3.7G-H). Labelling of other RSNs was more

variable across fish (Table 3.10). Similarly to above, it is likely the CaD and CaV

cells are also labelled in the tiam2ay264Et line [11, 13].
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3.3.3 The s1171tEt line labels vglut2 -expressing neurons in

the tegmentum

The organisation of midbrain RSNs in the s1171tEt line was examined using

dextran-conjugated retrograde labelling in larval zebrafish at 6dpf (n=12). The

s1171tEt has a triangular expression profile centred around the nMLF in the

tegmentum, rostral to the cholinergic oculomotor nucleus [23]. It includes the

four canonical large nMLF cells (MeM1, MeLm, MeLr, MeLc), as well as small

mesencephalic cells (MeS; Figure 3.8A-B). For detailed RSN labelling across mul-

tiple fish see Table 3.5.

The majority of cells in the s1171tEt line were glutamatergic, specific for the

vesicular glutamate transporter 2 (vglut2 ; Figure 3.8B). I did not detect vglut1 -

expressing cells near the nMLF, as well as no cholinergic (chata), GABAergic

(gad1b/2 ) or glycinergic (glyt1, glyt2 ) mRNA expression in cells labelled by the

s1171tEt line (Figure 3.8C). A previous study distinguished lateral and medial

regions of the nMLF in juvenile zebrafish at 4-weeks post-fertilisation based on

different levels of expression observed in vglut1 and vglut2a transgenic lines [40].

This difference with the isHCR results could reflect a change in the expression pat-

tern over development, or alternatively could be due to a feature of these transgenic

lines that is not reflected in the natural gene expression patterns.

To understand this, I asked whether glutamatergic expression profiles change

across development. I performed a modified in situ hybridisation chain reac-

tion protocol on brains dissected from juvenile zebrafish (n=4; 4-weeks post-

fertilisation). Using landmarks identified with the adult zebrafish brain atlas

(AZBA [32]) —such as the torus longitudinalis (TL), valvula cerebelli, and the di-

encephalic ventricle —allowed us to identify several brain regions. Glutamatergic

expression appears stable across development, with vglut1 expression being re-

stricted to the TL and the cerebellum, in contrast to brain-wide vglut2 expression,

including the putative nMLF (Figure 3.9). To identify the nMLF in the juvenile

brain, I again utilised the AZBA. Matching the triangular shape of the nMLF on

AZBA in the transverse view, situated between the diencephalic ventricle and a

cluster of vglut2 cells most likely belonging to the red nucleus, is a cluster of large
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Figure 3.8: The s1171tEt line labels RSNs in the nMLF and is glutamatergic (vglut2 )
across development.
A) Dorsal and sagittal maximum intensity projections from an example s1171tEt fish (of
n=12) at 6 dpf with RSNs labelled via retrograde dye injection. Scale bar 100µm.
B) Close ups at several planes to illustrate overlap between s1171tEt line and backfill,
note the four main RSNs as indicated by red triangles. Scale bar 25µm.
C) Close ups at several planes of exemplary fish to show considerable overlap between
s1171tEt and vglut2 (n=8), particularly in RSNs. No overlap between s1171tEt and
vglut1 (n=7), chata (n=8), gad1b/2 (n=8) or glyt2 (n=7). Scale bar 25µm.
D) vglut1 and vglut2 expression in exemplary 4 week-old juvenile fish (n=4). Left) two
planes in dorsal view, scale bar 100µm. Right) matching transverse view, scale bar 50µm.
Blue triangles indicate blood vessels, red triangles point towards region of nMLF.
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Figure 3.9: Glutamatergic expression patterns in three 4 week-old juvenile fish (of n=4).
A,C,E) Left panels show vglut1, vglut2, composite in two planes from the dorsal view,
scale bar is 100µm. Right panels show vglut1, vglut2, composite from the transverse view,
scale bar is 50µm.
B,D,F) Composite images of several planes from dorsal to ventral. Note the presence of
torus longitudinalis (*) and cerebellum (+) in vglut1 (green), with brain wide expression
in vglut2 (magenta). Auto-fluorescence of blood vessels is seen in the vglut1 channel, as
indicated by blue triangles. Scale bar 200µm.

vglut2 cells characteristic of the nMLF (Figure 3.8D). I did not observe vglut1

expression near this cluster of cells, only auto-fluorescent blood vessels.

3.3.4 Summary of RSN labelling across transgenic lines

The transgenic lines characterised in this study can be utilised in a complemen-

tary fashion to study reticulospinal circuits at larval stages (Figure 3.10). The

nefma line (n=10) reliably labels all RSNs. However, it cannot be used to study

the Mauthner cell since it degenerates early in development, which could also

have compensatory effects by other RSNs. This is not the case in adcyap1bccu96Et

(n=11), which labels most RSNs including the Mauthner cell. However, the MiD3i

and MiT cells are absent, and I emphasise the need for rigorous pre-screening due

to silencing. The most suitable line to study Mauthner and homologue activity is

the tiam2ay264Et line (n=12), with labelling of other RSNs being more variable.

The calcaccu75Et/vsx2 and pcp4accu97Tg lines offer an interesting opportunity by

giving genetic access to complementary projection patterns in the Mauthner ar-

ray, with the calcaccu75Et line (n=12) only labelling the ipsilaterally-projecting

MiD cells (as well as other rostral and ventromedial RSNs) and the pcp4accu97Tg

line (n=12) specifically labelling contralaterally-projecting MiD cells, while la-

belling of ventromedial RSNS is rare. In addition, I have demonstrated that the

calcaccu75Et line closely matches the existing vsx2 line (n=12), both in broad ex-

pression pattern and at the single-RSN-level – though it labels additional cells in

the rostro-lateral hindbrain. For exact numbers across fish for all transgenic lines,

see Extended Data 3.4 until 3.10). Finally, for wider nMLF-related studies the

s1171tEt line (n=12) offers broad labelling in the tegmentum, including the four

canonical nMLF-RSNs (MeM1, MeLr, MeLc, MeLm). I further demonstrate that
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cells labelled in these transgenic lines are glutamatergic (vglut2 ), with the nefma

line additionally labelling the cholinergic cranial neurons.
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Figure 3.10: Graphical summary of the number of RSNs labelled in each transgenic
line across multiple fish. nefma n=10, calcaccu75Et n=12, vsx2 n=12, s1171tEt n=12,
pcp4accu97Tg n=12, adcyap1bccu96Et n=11, tiam2ay264Et n=12
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3.4 Discussion

The aim of this study was to provide a detailed account of seven transgenic lines

with gene expression in the brainstem of larval zebrafish. I characterized four

existing transgenic lines (nefma, vsx2, s1171tEt, tiam2ay264Et) and presented three

newly established transgenic lines (calcaccu75Et, pcp4accu97Tg, adcyap1bccu96Et).

For each transgenic line, I performed retrograde labelling of reticulospinal neurons

(RSNs) followed by immunostaining against GCaMP/RFP and the whole-brain

activity marker total ERK for subsequent registration purposes.

As previously reported [23] the s1171tEt line reliably labels the four large cells

(MeLr, MeLc, MeLm, MeM1) in the nucleus of the medial longitudinal fasciculus

(nMLF) as well as many other neurons in the surrounding area. I observed

occasional overlap with other backfilled RSNs, most likely constituting the small

mesencephalic cells (MeS), first identified by [23].

Two transgenic lines labelled almost all RSNs, with notable exceptions: the

nefma line reliably labels all RSNs except for the Mauthner cell, which degenerates

earlier in development. I was also not able to confirm labelling of the rostral

RoL2-3 and caudal CaD and CaV neurons, as these were not successfully labelled

by backfilling in this preparation and may require a different injection strategy.

However, there are GCaMP-expressing cells in the nefma line where I would expect

the RoL2-3 and CaD and CaV cells to be based on previous studies [11, 13].

I thus conclude that the nefma line labels all RSNs except the Mauthner cell.

As aforementioned, the Mauthner cell degenerates early in development in the

nefma line from Eschstruth et al. [15]. Another transgenic line under the nefma

promoter exists: Tg[nefma:Gal4; UAS:GFP] [41], in which the Mauthner cell does

not degenerate. While to my knowledge, no systematic characterisation of the

line exists, it likely also labels most or all other RSNs. The newly generated

adcyap1bccu96Et line reliably labels most RSNs including the Mauthner cells and

most homologues and the putative CaD and CaV cells, with a specific exception:

I did not observe labelling of the MiT and ipsilaterally-projecting MiD3i cells in

the adcyap1bccu96Et line.

To study the Mauthner array, three complementary transgenic lines can be
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used. The tiam2ay264Et line reliably labels the Mauthner cells and homologues

(including the MiD2i and MiD3i), however, labelling of other RSNs is stochastic,

as previously reported by [42]. I presented two new lines that offer complementary

genetic access to different projection patterns within the Mauthner array. The

calcaccu75Et line largely overlaps with the well-known line vsx2, with the addition

of gene expression in the rostral lateral hindbrain. The calcaccu75Et line reliably la-

bels the RoM2, RoM3 and ventromedial RSNs as well as the ipsilaterally-projecting

Mauthner homologues MiD2i and MiD3i. Conversely, the pcp4accu97Tg line reliably

labels the contralaterally-projecting medial and lateral MiD2cm, MiD2cl, MiD3cm,

MiD3cl as well as more rarely the ventromedial cells. To my knowledge, this is the

first description of a transgenic line in zebrafish providing specific genetic access

to the contralaterally-projecting Mauthner homologues.

There is ample evidence for the usefulness of transgenic lines labelling different

subpopulations in the hindbrain to dissect premotor circuitry and function. For

instance, using a Gal4-transgenic line under the nefma promoter allowed experi-

menters to reliably record convergent afferent signals in vestibulospinal neurons in

vivo [41]. It was later shown in the same line that vestibulospinal neuron activity

increases as a function of ipsilateral tilt amplitude using tilt-in-place microscopy

[43].

Another transgenic line identified in a Gal4 enhancer trap screen, s1171tEt,

with expression in the thalamus, cerebellum and trunk musculature [16] was in-

strumental in showing that the four large (MeLr, MeLc, MeLm, MeM1) as well as

smaller (MeS) nMLF neurons are involved in steering movements [23], tail bend-

ing [44] and relay commands from the pretectal AF7 to the hindbrain, potentially

involved in hunting behaviour [45]. In addition to their terminal arbours in the

spinal cord, it was also demonstrated that nMLF cells labelled in the s1171tEt

line have extensive axon collaterals in the hindbrain, suggesting they may be in

involved in coordination of different premotor regions [23].

Information on RSNs involved in steering behaviours also comes from another

study using a transgenic line that labels V2a neurons, showing they receive inner-
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vation from the mesencephalic locomotor region (MLR) and are also involved in

forward swimming [35]. Initially generated as a BAC line named chx10 after the

mammalian homologue, it has been named alx and vsx2 in fish. It labels medial

ipsilaterally-projecting cells in the hindbrain and spinal cord, shown to be gluta-

matergic descending interneurons providing excitatory drive to motoneurons in the

spinal cord [17]. It was subsequently confirmed that they overlap with the most

medial V2a glutamatergic stripe in the hindbrain [46]. Optogenetic activation of

chx10 -expressing neurons in the hindbrain using channelrhodopsin evoked swim-

ming, while forced inactivation using Archearhodopsin3 or Halorhodopsin reliably

stopped ongoing swimming [24].

Finally, the tiam2ay264Et line labels the Mauthner array reliably, and other

RSNs more stochastically, as well as the anterior lateral line ganglia amongst

others. Studies using the tiam2ay264Et line showed that direct activation of the

Mauthner cell by electric field pulses could drive ultrarapid escape responses [42],

and that it receives pre-pulse inhibition from gsx2-glutamatergic neurons [47].

In addition to reticulospinal backfills, I also confirmed that cells labelled by the

nefma, calcaccu75Et and s1171tEt transgenic lines are glutamatergic (vglut2 ). In

addition, the nefma line also labels the cholinergic cranial motor neurons III-VII

and IX-X. A previous study had reported medial vglut2 -positive and lateral vglut1 -

positive cells in the nMLF in zebrafish at 4-6 weeks-post-fertilisation based on

expression patterns of transgenic lines [40]. I did not observe vglut1 -positive cells in

the nMLF in my study on larval zebrafish, instead, vglut1 -expression was restricted

to the torus longitudinalis (TL) and cerebellum. This finding is corroborated by

isHCR data available in the larval zebrafish atlas mapzebrain [34].

I thus wanted to understand whether glutamatergic expression profiles change

over development. I performed isHCR against vglut1 and vglut2 in brains dissected

from 4 week old zebrafish, an age consistent with the study by Berg et al. [40].

Similarly to the larvae, I only observed vglut1 -expression in the TL and cerebellum,

identified using the adult zebrafish brain atlas AZBA [32]. Vglut2 -expression was

more widespread, including expression in a region likely constituting the nMLF –
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identified using landmarks, such as the diencephalic ventricle, from AZBA. Again,

I wondered whether glutamatergic expression profiles in the nMLF would change

at later stages of development. However, this does not seem to be the case: a study

in adult zebrafish (older than 90 days) using in situ hybridisation reports vglut1 -

expression in the TL and cerebellum only [48]. I therefore think that the distinction

between nMLF subregions in Berg et al. (2023) reflects variation in transgenic

expression patterns, rather than the natural expression of these genes. However,

this hypothesis needs to be tested by directly comparing in situ hybridisation data

with expression in those transgenic lines.

In conclusion, I have provided a detailed account of the degree of RSN labelling

in seven transgenic lines with glutamatergic (vglut2 ) expression in the brainstem

in larval zebrafish, offering projection-specific genetic access to subpopulations

of RSNs. This resource provides a useful basis for future research, including the

possibility to combine with genetically-encoded Calcium reporters and optogenetic

tools, in the hope to uncover fundamental principles in the descending control of

locomotion.
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3.6 Appendix

RSN overlap in individual nefma fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 Total

MeM1 1 1 1 1 1 1 1 1 1 1 100 %
MeLm 1 1 1 1 1 1 1 1 1 1 100 %
MeLr 1 1 1 1 1 1 1 1 1 1 100 %
MeLc 1 1 1 1 1 1 1 1 1 1 100 %
RoL1 1 0 0 1 1 0 1 1 0 1 60 %
RoR1 0 0 0 0 0 0 0 0 0 0 0 %
RoM1c 1 1 1 1 1 0 1 1 1 1 90 %
RoM1r 1 1 1 1 0 1 0 1 1 1 80 %
RoM2m 1 1 1 1 1 1 1 1 1 1 100 %
RoM2l 1 1 1 1 1 1 1 1 1 1 100 %
RoLr 0 0 0 0 0 0 0 0 0 0 0 %
RoLc 0 0 0 0 1 0 0 0 0 0 10 %
RoL2 0 0 0 0 0 0 0 0 0 0 0 %
RoV3 1 1 0 1 1 1 1 1 1 0 80 %
RoM3m 1 1 1 1 1 1 1 1 1 1 100 %
RoM3l 1 1 1 1 1 1 1 1 1 1 100 %
RoL3 1 1 1 1 1 1 0 1 1 0 80 %
MiR1 1 1 1 1 1 1 1 1 1 1 100 %
MiM1 1 1 1 1 1 1 1 1 1 1 100 %
MiV1 1 1 1 1 1 1 1 1 1 1 100 %
MiR2 1 1 1 1 1 1 1 1 1 1 100 %
Mauthner 0 0 0 0 0 0 0 0 0 0 0 %
Vestibular 1 1 1 1 1 1 1 1 1 1 100 %
MiV2 1 1 1 1 1 1 1 1 1 1 100 %
MiD2cm 1 1 1 1 1 1 0 1 1 1 90 %
MiD2cl 1 1 1 1 1 0 1 1 1 0 80 %
MiD2i 1 1 1 1 1 1 1 1 1 1 100 %
MiT 0 1 0 1 1 0 0 0 0 1 40 %
MiD3cm 1 1 1 1 1 1 1 1 1 1 100 %
MiD3cl 1 1 1 1 1 0 1 1 1 1 100 %
MiD3i 1 1 1 1 1 1 1 1 1 1 100 %
CaD 0 0 0 0 0 0 0 0 0 0 0 %
CaV 0 0 0 0 0 0 0 0 0 0 0 %

Table 3.4: Reticulospinal cells labelled in each nefma fish
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RSN overlap in individual s1171tEt fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 #12 Total

MeM1 0 1 0 1 1 1 1 1 1 1 1 1 83%
MeLm 0 1 1 1 1 1 1 1 1 0 1 1 83%
MeLr 1 1 1 1 1 1 1 1 1 1 1 1 100%
MeLc 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2m 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2l 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM3m 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM3l 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL3 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiM1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiV1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiR2 0 0 0 0 0 0 0 0 0 0 0 0 0%
Mauthner 0 0 0 0 0 0 0 0 0 0 0 0 0%
Vestibular 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiV2 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2i 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiT 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3i 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaD 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.5: Reticulospinal cells labelled in each s1171tEt fish

114



RSN overlap in individual calcaccu75Et fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 #12 Total

MeM1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLr 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLc 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2m 0 0 0 0 0 0 0 1 0 0 0 0 8%
RoM2l 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 1 1 1 1 1 1 1 1 1 1 83%
RoM3m 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoM3l 1 1 1 1 0 0 1 1 1 0 1 1 75%
RoL3 0 1 1 0 0 0 0 0 0 0 0 0 17%
MiR1 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiM1 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiV1 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiR2 1 1 1 1 1 1 1 1 1 1 1 1 100%
Mauthner 0 0 0 0 0 0 0 0 0 0 0 0 0%
Vestibular 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiV2 1 1 1 1 0 0 1 1 0 1 0 0 58%
MiD2cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2i 1 1 1 0 1 1 1 1 1 1 1 1 92%
MiT 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3i 1 1 1 1 1 1 1 1 1 1 1 1 100%
CaD 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.6: Reticulospinal cells labelled in each calcaccu75Et fish
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RSN overlap in individual vsx2 fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 #12 Total

MeM1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLr 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLc 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2m 1 0 1 1 0 0 0 1 0 1 1 0 50%
RoM2l 1 0 1 1 1 1 0 1 0 1 1 1 75%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 0 0 0 0 0 0 0 0 1 0 8%
RoM3m 1 0 1 1 1 0 0 1 0 1 1 1 67%
RoM3l 1 1 0 0 1 1 1 1 0 0 1 1 67%
RoL3 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiR1 1 1 1 1 1 1 1 1 0 1 1 1 92%
MiM1 1 1 1 1 1 0 1 1 0 1 1 1 83%
MiV1 1 1 1 1 1 1 1 1 0 1 1 1 92%
MiR2 1 1 1 1 1 1 1 1 0 1 1 1 92%
Mauthner 0 0 0 0 0 0 0 0 0 0 0 0 0%
Vestibular 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiV2 1 1 1 1 0 0 1 1 0 0 1 0 58%
MiD2cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD2i 1 1 1 1 1 1 0 1 0 1 1 0 75%
MiT 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cl 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3i 1 1 1 1 1 0 1 0 0 1 1 1 75%
CaD 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.7: Reticulospinal cells labelled in each vsx2 fish
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RSN overlap in individual adcyap1bccu96Et fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 Total

MeM1 1 1 1 1 1 1 1 1 1 1 1 100%
MeLm 1 1 0 1 0 1 1 1 0 0 1 64%
MeLr 1 1 1 1 0 1 1 1 1 1 1 91%
MeLc 1 1 1 1 1 1 1 1 1 1 1 100%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 1 1 1 1 1 1 1 1 1 1 1 100%
RoM1r 1 1 1 1 1 1 1 1 0 0 0 73%
RoM2m 1 1 1 1 0 1 1 1 1 0 1 82%
RoM2l 1 1 1 1 1 1 1 1 1 1 1 100%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 1 9%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 1 1 0 0 0 1 1 0 0 36%
RoM3m 0 0 0 0 1 0 0 0 1 0 0 18%
RoM3l 1 1 1 1 1 1 1 1 1 1 1 100%
RoL3 0 0 0 0 0 0 0 0 1 0 1 18%
MiR1 1 1 1 1 1 1 1 1 1 1 1 100%
MiM1 1 1 1 1 1 1 1 1 1 1 1 100%
MiV1 1 1 1 1 1 1 1 1 1 1 1 100%
MiR2 1 1 1 1 1 1 1 1 1 1 1 100%
Mauthner 0 1 1 1 0 0 1 1 1 0 0 55%
Vestibular 1 1 1 1 1 1 1 1 1 0 1 91%
MiV2 1 1 0 1 1 1 1 1 1 1 1 91%
MiD2cm 1 1 1 1 1 1 1 1 1 1 1 100%
MiD2cl 1 1 0 1 0 1 0 1 0 1 0 55%
MiD2i 1 1 1 1 1 1 1 0 1 1 1 91%
MiT 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 1 1 1 1 1 1 1 1 1 1 1 100%
MiD3cl 1 1 1 1 1 1 1 1 1 1 1 100%
MiD3i 0 0 0 0 0 0 0 0 0 0 0 0%
CaD 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.8: Reticulospinal cells labelled in each adcyap1bccu96Et fish
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RSN overlap in individual pcp4accu97Tg fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 #12 Total

MeM1 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLm 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLr 0 0 0 0 0 0 0 0 0 0 0 0 0%
MeLc 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2m 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2l 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM3m 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM3l 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL3 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiR1 0 1 0 0 0 0 0 0 0 0 0 0 8%
MiM1 0 0 1 0 0 0 0 1 1 0 1 1 42%
MiV1 0 1 0 0 0 0 0 0 0 0 0 0 8%
MiR2 0 1 0 0 0 0 1 0 0 0 0 0 17%
Mauthner 0 0 0 0 0 0 0 0 0 0 0 0 0%
Vestibular 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiV2 0 1 0 0 0 0 0 0 1 0 1 1 33%
MiD2cm 1 1 1 1 0 1 0 1 1 1 1 1 83%
MiD2cl 1 1 1 1 0 1 0 0 1 0 0 1 58%
MiD2i 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiT 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiD3cl 1 1 1 0 0 1 1 1 1 1 1 1 83%
MiD3i 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaD 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.9: Reticulospinal cells labelled in each pcp4accu97Tg fish
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RSN overlap in individual tiam2ay264Et fish

#1 #2 #3 #4 #5 #6 #7 #8 #9 #10 #11 #12 Total

MeM1 0 1 1 1 1 1 1 1 1 1 1 1 92%
MeLm 0 0 0 0 1 0 0 0 0 0 0 1 17%
MeLr 0 0 0 0 1 0 0 0 0 0 0 0 8%
MeLc 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoR1 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM1c 0 0 0 0 1 0 0 0 1 0 0 0 17%
RoM1r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoM2m 0 0 0 0 0 1 0 0 0 0 1 0 17%
RoM2l 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoL2r 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2c 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoL2 0 0 0 0 0 0 0 0 0 0 0 0 0%
RoV3 0 0 0 0 0 0 0 0 1 1 0 0 17%
RoM3m 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoM3l 1 1 1 1 1 1 1 1 1 1 1 1 100%
RoL3 0 0 0 0 0 0 1 0 1 1 1 1 42%
MiR1 1 0 0 1 1 1 0 1 1 1 1 1 75%
MiM1 0 0 0 0 1 1 0 0 1 1 1 0 42%
MiV1 0 0 0 0 1 1 0 1 1 1 1 0 50%
MiR2 1 0 0 1 1 1 0 1 1 1 1 1 75%
Mauthner 1 1 1 1 1 1 1 1 1 1 1 1 100%
Vestibular 0 0 0 0 0 0 0 0 1 0 1 1 25%
MiV2 0 1 0 1 1 1 0 0 1 1 1 1 67%
MiD2cm 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiD2cl 1 0 1 1 1 0 0 0 0 0 0 0 33%
MiD2i 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiT 0 0 0 0 0 0 0 0 0 0 0 0 0%
MiD3cm 1 1 1 1 1 1 1 1 1 1 1 1 100%
MiD3cl 1 0 1 1 1 0 0 1 0 1 0 0 50%
MiD3i 1 1 1 1 1 1 1 1 1 1 1 1 100%
CaD 0 0 0 0 0 0 0 0 0 0 0 0 0%
CaV 0 0 0 0 0 0 0 0 0 0 0 0 0%

Table 3.10: Reticulospinal cells labelled in each tiam2ay264Et fish
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Chapter 4

Imaging neural population
dynamics during gait
switching behaviour in larval
zebrafish

The organisation of descending locomotor pathways is remarkably conserved
across vertebrates, with reticulospinal neurons (RSNs) in the brainstem forming
a key bottleneck between higher centres mediating action selection and movement
production in the spinal cord. A long-standing question in the field of locomo-
tion has been whether different movements are controlled by distinct or overlapping
supraspinal circuits [1]. Owing to their small size, optical accessibility, complex be-
havioural repertoire and wide array of genetic tools available, larval zebrafish make
an excellent model system to study conserved mechanisms of supra-spinal circuitry
and locomotor control. To uncover the neural correlates of slow and fast swims and
elucidate the population dynamics underlying gait transitions, I recorded activity
from genetically labelled neural populations in the brainstem of head-fixed larval
zebrafish while they performed the optomotor response in a closed-loop configura-
tion, utilising a light-sheet microscope. Images were corrected for motion artefacts
and segmented into cell-sized regions-of-interest, while swims were decomposed into
slow, fast, turn and struggle movement motifs. Given the sparse labelling of RSNs
and thus their uniquely identifiable nature across animals, revealed a modulation of
RSN activity with different movement motifs. Forward swimming-associated RSNs
included the nMLF, RoL, MiV2 and MiD cells, with an increase in excitation from
slow to fast swims. Turns were associated with ventromedial cells, and most RSNs
were active during struggles. By showing how the brain dynamically selects and
switches between two distinct but related movement patterns, I strive to understand
fundamental principles in the supra-spinal control of locomotion.
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4.1 Introduction

Animals use a variety of locomotor gaits to navigate their environment. To do this,

they need to dynamically generate appropriate motor commands, based on sensory

information and past experience. A central question in the control of locomotion

has long been whether different behaviours are controlled by distinct or overlapping

neural circuits in supraspinal structures [1]. Larval zebrafish, Danio rerio, are small

teleost fish with homologies to other vertebrates in key genetic, physiological and

behavioural features [2, 3]. This, paired with their transparent brain early in

development offering optical accessibility, makes them a good model to investigate

general, conserved mechanisms of supraspinal circuitry and locomotor control.

Descending locomotor pathways are conserved across vertebrate species, with

the basal ganglia mediating action selection [4]. Locomotor centres in the mesen-

cephalon and diencephalon (MLR, DLR) provide graded control, where locomo-

tion output scales with stimulation strength [5–7]. From the MLR and DLR, motor

commands are relayed to the spinal cord via reticulospinal neurons (RSNs) in the

brainstem [8]. RSNs are a relatively small, bilateral set of neurons, uniquely identi-

fiable across animals due to their large soma size and large axon calibre, with both

ipsilateral and contralateral projections [9]. These excitatory descending neurons

form a bottleneck, passing motor commands to central pattern generators (CPG)

in the spinal cord. CPGs consist of excitatory interneurons and motoneurons that

innervate musculature to produce movement patterns [10, 11]. A detailed body of

work from the El Manira lab has shown that at the level of the spinal cord, three

different types of excitatory V2a interneurons project to three classes of motor neu-

rons, which in turn innervate three layers of muscle, to drive slow, intermediate and

fast swimming, respectively [12–15]. Could a similar organization of descending

neurons, specialized to produce different movements, exist in the brainstem?

There are arguments and experimental evidence for and against separate path-

ways. Within the reticulospinal system, it is likely that spatially distributed pop-

ulations of neurons work together to produce finely-tuned behaviours [16]. The

small size and transparency of the larval zebrafish brain yields the advantage of

being able to investigate the population dynamics on a brain-wide scale that is not
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possible in higher organisms[17]. Studies from lamprey and zebrafish show that the

Mauthner network is responsible for eliciting different kinds of escape swims [18–

23], whereas ventromedial RSNs drive turning behaviour [24, 25]. Forward swim-

ming has been linked to caudal V2a neurons as well as nMLF neurons and rostral

RSNs [24, 26–32]. This supports a view of spatially distinct sets of RSNs driving

different types of swims. If such a direct mapping between individual behaviours

and corresponding circuitry exists for all motor patterns, the question arises how

the brain accomplishes the challenge of switching its activity from one population

of neurons to the next. Focusing on the stimulus driven transitions between two

distinct, but similar bout types may facilitate to uncover the mechanism by which

an animal abruptly switches from one motor pattern to another.

An alternative view would be that different sub-components of swims can be

assembled to produce whole movements. For instance, swims can be decomposed

into a turn and forward component, which have shown to be mediated by distinct

sets of RSNs [31]. In this case, it was proposed that turning neurons add an

asymmetrical component to convert symmetrical forward swims into turns [25].

Another study showed that within forward swimming, nMLF neurons were active

100% of the time but that their activity scaled with swimming speed [27]. This

supports a framework of overlapping neural populations with graded modulation

producing different movements. In light of these findings, three hypotheses arise:

1. Distinct sets of RSNs encode commands for distinct behavioural motifs, with

a graded or abrupt switch between those different populations.

2. Distinct behavioural motifs arise from the combinatorial population activity

of all RSNs, for instance by changes in excitation.

3. Movement motifs can be grouped into larger sets of behaviours, for instance

escapes vs exploration vs hunting, that are also distinctly organised in the RS

system. Within those sets there can be modulation, for instance progressive

recruitment.

Here, I attempted to address these questions by recording activity from genet-

ically labelled neural populations in the brainstem of head-fixed larval zebrafish

while they performed the optomotor response (OMR) in a closed-loop configu-
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ration, utilising a light-sheet microscope. This light sheet microscope has been

adapted to include an electrically tunable lens, enabling whole-brain volumet-

ric imaging at 5 volumes per second – a critical point considering swims of lar-

val zebrafish often last only ∼200 ms [33]. Head-fixed fish showed differences in

bout kinematics from freely swimming fish, with longer movements that included

switches in frequency within a single bout. I therefore utilised a novel method

based on convolutional sparse coding, Megabouts [34], to decompose bouts into

slow, fast, turn and struggle movement motifs. Given the sparse labelling of RSNs

and thus their uniquely identifiable nature across animals, revealed a modulation

of RSN activity with different movement motifs. Forward swimming-associated

RSNs included the nMLF, RoL, MiV2 and MiD cells, with an increase in exci-

tation from slow to fast swims. Turns were associated with ventromedial cells,

and most RSNs were active during struggles. My findings demonstrate how the

brain of a small vertebrate selects dynamically between two distinct motor out-

puts, providing insight into fundamental principles in the supra-spinal control of

locomotion in animals.

4.2 Materials and Methods

4.2.1 Fish husbandry

Adult fish were raised and bred at 28°C on a 14h light / 10h dark cycle following

standard husbandry methods as detailed in [35]. All fish colonies were maintained

by importing wild types every 1-3 years and line-specific breeding schemes designed

to reduce inbreeding depression [35]. Embryos were collected and larvae were

raised at 28°C in E3 embryo medium (5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2

and 0.33 mM MgSO4, changed daily) at a density of 60 larvae per 200 mL until

behavioural testing at 6-8 dpf. From 5 dpf onwards, approximately 10 mL of a

live L-type rotifer polyculture (containing 1000-2000 rotifers per mL) were added

to each dish twice a day and larvae were allowed to feed freely. Zebrafish do not

sexually differentiate until approximately 3 months of age, therefore the sex of the

animals cannot be reported. All experimental procedures were approved by the
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Champalimaud Foundation Ethics Committee and the Portuguese Direcção Geral

Veterinária, and were performed according to the European Directive 2010/63/EU.

4.2.2 Transgenic lines

The following transgenic lines were used in a nacre (mitfa -/-) background (see

Table 4.1). With the exception of s1171tEt, which was crossed with Tg[10xUAS:

GCaMP6fccu1Tg] [36], the lines used in the experiments were created by crossing

them with Tg[10xUAS:GCaMP6fEF05ccu2Tg] [37].

Short name Transgenic line Source

nefma Tg[nefma:KalTa4] [38]

s1171tEt Tg[-0.6hsp70l:Gal4-VP16s1171tEt+] [28, 39]

calcaccu75Et Tg[-5.0calca:Gal4FFccu75Et] this thesis and [40]

Tg[10xUAS:GCaMP6fccu1Tg] [36]

Tg[10xUAS:GCaMP6fEF05ccu2Tg] [37]

Table 4.1: Transgenic fish lines used in functional imaging experiments.

4.2.3 Cloning

calca:Gal4FF A 5023bp promoter region upstream of the calca start codon was

cloned into pCR™8/GW/TOPO™ (Invitrogen™) using the following primers:

• 5’-GTGCCTGCTGAGGAGCATAAC-3’

• 5’-GGTCCCCTGTAGTAAAACATC-3’

The calca promoter (Entry Clone) was then recombined into an Gal4FF destination

vector (Gateway™ LR recombination, Invitrogen™), derived from the Tol2Kit [41],

so that the construct was bracketed by two Tol2 [42] inverted terminal repeats.

Line establishment DNA constructs were injected together with Tol2 trans-

posase mRNA and non-integrating UAS:GFP plasmid into 1-2 cell stage mitfa-/-

eggs. Embryos with GFP expression were raised and screened as adults for germ

line transmission. Progeny of positive animals with stable expression pattern were

selected as founders for the respective Gal4FF driver line.
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Screening Larvae were pre-screened at 3-4 dpf to select fish with positive ex-

pression of GCaMP.

4.2.4 Light-sheet imaging

The custom-built light-sheet microscope enabled the simultaneous acquisition of

behavioural and functional data and the delivery of precisely timed visual stimu-

lation. Briefly, a 473 nm excitation laser (Cobolt Skyra, HÜBNER Photonics) is

shaped into a thin sheet by focusing it in one axis using a plano-convex cylindri-

cal lens (LJ1212L1-A, Thorlabs) to illuminate and record a planar section of the

brain. The illuminated section was scanned throughout the brain volume using a

galvanometer (GVS001, Thorlabs) at a rate of 5 volumes per second (17-19 planes,

85-95 Hz), spanning a total volume of approximately 100 µm in the dorso-ventral

axis. The laser power was set to 250 µW. Fluorophore emission was collected

using a water immersion objective with a focal distance of 9 mm and a numeri-

cal aperture of 0.5 (UMPLFLN20XW, Olympus) paired with a tube lens with a

focal distance of 200 mm (TTL200-A, Thorlabs) for a total optical magnification

of 22.22x. The collected light was filtered using a short-pass frequency filter with

a cut-off wavelength of 600 nm (FESH0600, Thorlabs) to discard infrared emis-

sion from the behavioural tracking system and a band-pass filter with a central

wavelength of 525 nm and a bandwidth of 39 nm (MF525-39, Thorlabs) to select

GFP emission. An electrically tunable lens (EL-16-40-TC-VIS-5D-C, Optotune),

controlled by an industrial lens controller (TR-CL180, Gardasoft), was used to

refocus the acquired light, which was then detected by a sCMOS camera (ORCA-

Flash4.0 V3, Hamamatsu Photonics) with a spatial resolution of 0.3 µm/pixel. A

data acquisition system (PCIe-6343, National Instruments) was used to generate

and collect control signals for all equipment.
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Figure 4.1: Light-sheet microscope set-up built by A.L. Martins.
A) Overview of set-up.
B) Close-up of fish positioned in arena with gratings displayed below and light-sheet
passing from right-side.
C) Close up of arena with excitation and detection paths outlined.

4.2.5 Head-restrained behavioural assay

I used a custom-built microscopy system that enables simultaneous light-sheet

functional imaging and head-restrained behavioural assays.

Mounting For fish preparation, larvae aged 6-7 days post fertilization (dpf) were

placed in 2% low melting point agarose (UltraPure LMP Agarose, Cat#16520100,

Invitrogen by Life Technologies, USA), which was heated to 35°C. The fish were

drawn into a glass capillary (P/N: 701904, BRAND, Fisher Scientific) using a

matching stainless steel piston rod (P/N: 701932, BRAND, Fisher Scientific). The

glass capillary was inserted into a custom-made imaging chamber with the fish

head resting on top of a silicone dome (SYLGARD 184 Silicone Elastomer Kit,

The Dow Chemical Company, Germany) located at the centre of the chamber.

The arenas were square-shaped: one side had an opening for capillary insertion,

while the other three sides were fitted with glass windows allowing the light sheet

to pass through. After aligning the fish, a droplet of agarose was positioned to
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secure the fish preparation to the dome. The tail was freed by cutting the agarose

around it and gently removing the capillary. Finally, the chamber was filled with

E3 and larvae were allowed to habituate for a minimum of 15 minutes.

Behaviour set-up within light-sheet microscope Two 850 nm LEDs (TSHG

6400, Vishay) were positioned near the imaging objective to illuminate the tail,

capturing images from below at a rate of 700 Hz using a USB camera (Mako U-

029B, Allied Vision Technologies) fitted with a machine vision lens with a focal

distance of 50 mm (HF50SA-1, Edmund Optics) and a long-pass frequency filter

with a cut-on wavelength of 780 nm (P/N:10CGA-780, Newport). An LED projec-

tor (ML750e, Optoma), equipped with a long-pass filter with a cutoff wavelength

of 610 nm (FGL610, Thorlabs), was used so that only red light could pass through,

projecting visual stimuli onto a diffuser screen placed below the fish. A small open-

ing was cut into the screen to allow for tail recordings. A hot mirror with a cut-off

wavelength of 700 nm (P/N: 64471, Edmund Optics) enabled emitted visible light

from the projector to reach the screen while diverting collected infrared light to

the tail tracking camera. The entire system was controlled by a custom-written

software suite developed in C# and built on .NET 8 (Martins, Laborde and Orger,

in prep.).

Experimental paradigm Each larva was recorded for 30-45 minutes. During

the experiment, forward gratings moving at a range of speeds (15 speeds, 0 - 32.8

mm/s) were displayed for 10 seconds in a randomised order, with 5 repetitions

each. Gratings were stationary for 10 seconds in-between trials. The width of the

stripes was adjusted to a 1 cm width at 5 mm distance to match previous studies

[24, 27, 34]. Grating speed was updated continuously in closed-loop. Velocity was

estimated by tracking 16 points along the tail and taking the cumulative sum of

angular changes along the tail, convolved with an exponential filter, which empiri-

cally is proportional to forward velocity in freely swimming fish. This velocity was

added to the grating with a fixed gain adjusted to a level that allows head-fixed

larvae to match grating speed over a normal range.
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4.2.6 Imaging and behaviour data processing

All behaviour data were pre-processed offline using MATLAB r2018a (Mathworks,

RRID:SCR-001622) and Python 3.7 on a computer with 64.0GB RAM and a In-

tel(R) Core(TM) i7-5820K CPU @ 3.30GHz 3.30 GHz processor.

Synchronising with acquisition Controlling the entire experiment with one

software suite allowed for precise post-hoc synchronisation of visual/auditory stim-

ulation, imaging camera frames and behaviour camera frames. Briefly, a log of

stimulus frame rates was passed to the behaviour-suite in real-time in steps of 10

stimulus-fps, allowing for precise matching of behaviour frames and their corre-

sponding visual stimulation. To synchronise neural activity recordings with be-

havioural output, a log of imaging frames with matching behaviour frames was

saved.

Processing of tail data 16 points along the tail were tracked in x and y in real-

time and used to calculate displacement and swimming speed for closed-loop visual

stimulation. For detailed offline behavioural analysis, tail positions were smoothed

using a Savitzky-Golay polynomial filter, angles between segments were calculated

and summed. Subsequent processing (baseline removal, bout segmentation, sparse

coding) was done using the Megabouts suite [34]. Briefly, to counteract any drift

over the course of the experiment due to water evaporation or fish displacement,

tail angle traces were detrended utilising the Whittaker algorithm from the python

library pybaselines. To detect bouts, a threshold of 20 was used as this reliably

segmented bouts while disregarding noise. The tail angle was decomposed into

four motifs (slow, fast, turn, struggle) using convolutional sparse coding. For

more detail see subsection 2.2.6 and www.megabouts.ai [34].

4.2.7 Light-sheet imaging data preprocessing

All imaging data were preprocessed offline using MATLAB r2018a (Mathworks,

RRID:SCR-001622) on an in-house high-performance computing cluster running

CentOS Linux 7.7.
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Data saving and storage

Bitmaps recorded from the microscope camera were organised into volumes and

losslessly compressed into an HDF5 file. This file was passed through an analysis

pipeline to correct motion artefacts during imaging and segment regions of interest

(ROIs). A camera offset value of 400 was subtracted from each camera frame. The

five ventral-most planes were discarded from the analysis due to blurring caused

by the turn-around of the tunable lens.

Motion correction

Template generation To correct motion artefacts, a series of templates was

built to serve as reference volumes for the motion correction algorithm. Due to

drift over the duration of the experiment, templates spanning 5 minute windows

were created for each imaging plane. First, for each plane and subset, 10 random

volumes during which no bouts were detected were selected. Volumes in each

subset and plane were averaged to form the initial averages and serve as templates

for the subsequent step. Second, another 10 random volumes during which no

bouts were detected were selected for each subset and plane, and registered to their

corresponding ’average template’ using the imregtform and imwarp functions in

Matlab. For imregtform, the parameters translation and pyramid levels = 2 were

selected. For imwarp, the interpolate nearest neighbour parameter was chosen.

Third, for each plane, each ’registered template’ was aligned to the first ’registered

template’ using the same functions and parameters as above.

Lateral displacements First, the displacement of a central subregion of each

image frame to the subregion of its corresponding ’registered template’ was com-

puted using the imregtform function with parameters translation and pyramid levels =

2. Then, the calculated displacement value was applied to the whole frame using

the imwarp function with the interpolate nearest neighbour parameter. An align-

ment of subregions was chosen for computing efficiency. The lateral registration

was performed separately for each plane, as drift and axial displacement were

corrected for in the next step.
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Axial displacements To calculate observed drift, a hierarchical motion estima-

tion algorithm using a rigid body model was applied, as described in [43]. Briefly,

a Laplacian pyramid with four levels is built. For each level, a motion vector is

computed that minimises the mean squared error of the difference between the ref-

erence image and the moving image, and this process is repeated iteratively four

times. The drift estimation calculation is done over the central 50% of the image

to avoid edge effects and to ensure the algorithm is applied to a highly structured

region, and the values of the input images are first normalised and centred around

zero.

Due to the significant difference in lateral and axial resolutions, lateral and axial

displacements were corrected separately using 2D images. All sub-pixel transla-

tions were estimated using linear interpolation. A 3D volume was corrected in the

following sequence of operations: first, the previous estimate of axial drift was ap-

plied to the entire volume; then, for each image plane, lateral drift was computed

and applied to that plane; finally, a new estimate of axial drift was computed and

applied to the whole volume. A coronal mean projection was used as input to the

motion estimation algorithm to estimate axial drift, and the result was filtered

through an exponential smoother with alpha = 0.075.

ROI Segmentation

ROI segmentation was performed independently for each plane. A correlation map

was computed using a technique described in [44], where the following intermediate

operations were performed on the fluorescence vectors: detrending over time using

a ridge filter with a window of 150 frames and convolution with a Gaussian-shaped

kernel of radius of 1. Next, a greedy selection algorithm to iteratively grow the

ROIs was applied. The pixel with the highest value in the correlation map that

had not yet been used was selected, which served as the seed for the new putative

ROI. Then, the following process was repeated iteratively: First, the region was

grown by dilation with a diamond-shaped structuring element of size 3x3. Second,

the Pearson correlation coefficient between the detrended fluorescence trace of

each new pixel and the detrended average fluorescence of the putative ROI was
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computed. Third, the top 25% of new pixels were kept as part of the ROI if their

correlation coefficient was at least 0.5. This process continued until no new pixels

were added or the total size of the ROI exceeded 200 pixels. The ROI selection

process ended when a pre-defined transgenic line-dependent maximum number of

ROIs was found, or the new seed pixel had a correlation map value below 0.06.

Finally, a binary closure operation was performed on the resulting ROIs and any

ROIs smaller than 25 pixels were discarded.

4.2.8 Data Analysis

Following pre-processing of imaging and behaviour data, all analysis was performed

in Python (Anaconda3) and ImageJ (Fiji). Having access to individual fluorescence

traces for each ROI, paired with tail angle and grating speed, allowed me to anal-

yse the data with multiple different approaches. First, change in fluorescence over

baseline () was computed for each ROI by subtracting and dividing by a moving

baseline (60s windows) of that ROI, taking into account background subtraction

and adding a constant to prevent division by 0. Next, ROIs were clustered hier-

archically based on similar activity using optimal LEAF ordering [45], revealing

potential groups of RSNs with similar activity.

4.3 Results

4.3.1 Fast volumetric imaging paired with high-speed be-

havioural recordings in an OMR assay

To elucidate the neural basis of different types of forward swimming and the

population activity of gait transitions, I recorded the activity of genetically la-

belled neurons in the brain stem of larval zebrafish, while simultaneously record-

ing tail movements using high-speed tracking (n=76). Larval zebrafish from back-

grounds Tg[nefma:KalTa4, UAS:GCaMP6fEF05], Tg[-5.0calca:Gal4FFccu75Et] and

Tg[-0.6hsp70l:Gal4-VP16s1171tEt+, 10xUAS:GCaMP6f] at 6-9 days post-fertilization

were embedded in low-melting point agarose on a sylgard cone using a glass capil-

lary and their tails were freed. Gratings moving at a range of speeds (15 speeds, 0
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- 32.8 mm/s) were displayed from below. During the experiment, moving gratings

were shown in closed-loop for 10 seconds in a randomised order with 10 second

inter-trial intervals, and 5 repetitions each (Figure 4.2A).

The variable and rapid timescale of behaviour, with bouts lasting from 100 ms

to several seconds and including intra-bout modulation, paired with the stereo-

typed, yet distributed neural population of interest spanning from the midbrain to

the caudal hindbrain, imposed several restrictions on suitable imaging methods.

To achieve sufficient temporal resolution, I utilised a light-sheet microscope that

can scan through the whole-brain volume at 5 volumes per second using an electri-

cally tunable lens. To label different reticulospinal populations of interest, several

transgenic lines with sparse expression in the mid- and hindbrain were selected

(for characterisation of these lines see Chapter 3).

4.3.2 The forward optomotor response is conserved but more

variable under imaging conditions

It has previously been reported that blue light from the excitation laser can in-

terfere with fish behaviour [46]. To avoid this, a thin needle was placed in the

microscopy set up in a plane conjugate to the fish to physically block light from

reaching the eyes of the fish. To confirm that head-restrained fish still performed

Figure 4.2: Simultaneous light-sheet imaging of genetically labelled brainstem neurons
paired with high-speed behaviour recordings.
A) Top panel shows fish schematic in microscope (left) and image-preprocessing pipeline
(right). Plane-wise rigid motion correction of imaging frames to a rolling template (60s
window), followed by computation of a correlation map and ROI segmentation, yielding
raw activity traces for each ROI. Bottom panel shows experimental design (left) and
behaviour pre-processing pipeline (right). Tail is tracked along 16 positions on tail from
which tail angle is computed and segmented into bouts, followed by decomposition into
slow, fast, turn or struggle movement motifs utilising convolutional sparse coding.
B) Average number of bouts per trial as a function of grating speed.
C) Bout duration (ms) as a function of grating speed.
D) Interbout interval (s) as a function of grating speed.
E) Latency to first bout (s) as a function of grating speed.
For B-E) black trace, 9541 bouts from transgenic fish (n=76) in head-restrained (HR)
OMR assay in light-sheet microscope (LSM); gray trace, 15974 bouts from wildtype fish
(n=40) in head-restrained (HR) OMR assay and 3D visual stimulation without micro-
scope. Errors bars are standard error of the mean.

136



grating speed
0 - 32.8 mm/s

x 510s

motion correction ROI segmentation

bout segmentation Megabouts decomposition

template

A

B

D

in
te

rb
ou

t i
nt

er
va

l (
s)

la
te

nc
y 

(s
)

C

E

HR-only
HR + LSM

nu
m

be
r o

f b
ou

ts
 p

er
 tr

ia
l

grating speed (mm/s)
0.0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

0

5

10

15

20

25

bo
ut

 d
ur

at
io

n 
(m

s)

grating speed (mm/s)
0.0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

250

300

350

400

grating speed (mm/s)
0.0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

4

6

8

10

12

grating speed (mm/s)
0.0 3.1 7.1 11.5 16.4 21.6 27.0 32.8

4

6

8

10

12

(Caption on previous page)

137



the OMR when presented with forward moving gratings under the microscope (re-

ferred to as HR+LSM), several kinematic variables were computed and compared

to data from head-fixed fish (referred to as HR-only) presented in Chapter 2.

Behaviour of head-fixed fish under the light-sheet was generally a bit more

variable. The average number of bouts per trial was computed for both cohorts.

HR+LSM fish (n=76) still showed a slight increase as a function of grating speed,

increasing from 4 to 10 bouts per trial. However, this was much less pronounced

than for HR-only fish, which over a similar 10s window increased from 0 to 15-25

bouts per trial (Figure 4.2B). Average bout duration increased for both cohorts

as a function of grating speed, with bouts from HR+LSM fish increasing from 200

to 350 ms in duration, compared to an increase from 340 to 400 ms in HR-only

fish (Figure 4.2C). HR-only fish showed a marked decrease in interbout interval

and latency to first bout after trial onset as a function of grating speed. These

parameters did not change in HR+LSM fish (Figure 4.2D-E). From individual fish

responses, it was clear that behaviour from head-fixed fish under the microscope

was more variable. For instance, it was often not locked to trial periods, as had

been observed in HR-only fish. It is impossible to pinpoint a sole reason for the

differences observed here, but it is likely due to a combination of different genetic

backgrounds, differences in visual stimulation (3D for HR-only fish, only from

below for HR+LSM fish), methods of embedding and scattered light from the

light-sheet.

Even though responses were more variable under imaging conditions, fish still

performed a variety of swims in response to optomotor gratings. Computing tail-

beat frequency (TBF) revealed a near-bimodal distribution, possibly indicating

slow-like and burst-like swims (Figure 4.3A, left). Similarly to HR-only fish, ros-

tral tail-bend amplitude (rTBA) did not fall into two clusters, likely due to the

rostral part of the tail being restrained (Figure 4.3A, right). Separating kine-

matic parameters by grating speed revealed a cluster of low rTBA (20-60 deg),

low TBF (40-70 Hz) swims during slow gratings (Figure 4.3B, left). This cluster

was also present during fast gratings, with a second cluster of higher TBF (100

Hz) emerging (Figure 4.3B, right).
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Figure 4.3: B) Histogram of tail-beat frequency (TBF) and rostral tail-bend amplitude
(rTBA) of half-beats across all trials and fish, n=76.
C) Heatmap showing tail kinematics of (left) 1181 bouts during slow gratings (1.5-5
mm/s) and (right) 2922 bouts during fast gratings (24-33 mm/s) from 76 fish.

Reproducing behaviour exactly as previously seen in freely-swimming condi-

tions is challenging, as in head-restrained conditions bouts tend to be longer,

sparser, and occasionally the animal struggles. In addition, the previously used

method for bout classification [33] relies on motion cues from the animal and can

therefore not be applied directly to restrained animals. Using convolutional sparse

coding as part of the Megabouts suite [34], bouts were decomposed into slow, fast,

turn and struggle movement motifs. The dominant movement motif at any time

point was computed and visualised for each trial across several grating speeds in

an example fish (Figure 4.4)
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blue, slow; orange, fast; green, turn; red, struggle.

4.3.3 Activity of RSNs correlates with swimming

To extract activity traces from single neurons, my colleagues and I developed

a modular imaging data processing pipeline. First, plane-wise rigid registration

corrected for motion artifacts introduced by fish motion and drift over time, by

aligning a subsection of each image frame with that of a rolling template. Next,

a correlation map of long-scale activity over the course of the experiment was

computed. This allowed the extraction of seeds, from which ROIs could be grown

based on correlation with neighbouring pixels. Changes in fluorescence activity

compared to baseline (dF/F) were computed from the raw extracted traces, and

paired with tail recordings and stimulus speed.
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Based on findings from previous literature, three transgenic lines (nefma, Tg[nefma:

KalTa4]; s1171tEt, Tg[-0.6hsp70l:Gal4-VP16s1171tEt+]; calcaccu75Et, Tg[-5.0calca:

Gal4FFccu75Et]) labelling different subpopulations of reticulospinal neurons in the

mid- and hindbrain were selected.1 The transgenic line nefma [38] labels all ’clas-

sical’ glutamatergic (vglut2 ) RSNs, as well as cholinergic (chata) cranial neurons

[40]. The transgenic line s1171tEt [28] labels glutamatergic (vglut2 ) cells near the

nMLF in the midbrain [40]. The newly generated transgenic line calcaccu75Et has a

high degree of similarity to the well-characterised Tg[vsx2:mRFP] line – vsx2 was

previously also referred to as alx and is the homologue to the mammalian Chx10

[47] – and labels glutamatergic, ipsilaterally-projecting V2a-RSNs in the hindbrain

[40].

Data from three representative example fish (one for each transgenic line) show

that the activity of many ROIs was synchronized with swimming (Figure 4.5).

Upon closer inspection, there appeared to be subtle differences between ROIs.

Given that the transgenic lines used in these experiments predominantly label

neurons in the brainstem related to motor control, this a reassuring finding vali-

dating my method.

4.3.4 Distributed, scaled activity of RS populations during

different swims

A central question in locomotion control has long been whether distinct sets of

RSNs produce different behaviours, or whether there is modulation of the same

population of RSNs. To date, only turns [16, 24, 25] and escape swims [18–20,

22, 23, 48, 49] have been successfully mapped to distinct descending pre-motor

pathways. Other studies have argued for a modulation of the same neurons, for

instance by an increase in excitation, to increase swimming speed [27]. In light

of these findings, I postulated three hypotheses: 1) Distinct sets of RSNs encode

commands for distinct behavioural motifs, with a graded or abrupt switch be-

tween those different populations, 2) Distinct behavioural motifs arise from the

combinatorial population activity of all RSNs, for instance by changes in exci-

1For a more detailed characterisation of these transgenic lines, see Chapter 3 and [40].
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tation or 3) Movement motifs can be grouped into larger sets of behaviours, for

instance escapes vs exploration vs hunting, that are also distinctly organised in the

RS system. Within those sets there can be modulation, for instance progressive

recruitment.

As a first pass, to assess whether neural activity differs between swim types,

I computed depth colour-coded maps of individual randomly chosen bouts for

example fish from each transgenic line. Due to the stereotyped, sparse labelling

of large RSNs in the nefma line, individual RSNs could be identified by eye by

comparison with previous maps of RSNs [9, 24, 40]. In an exemplary nefma

fish, slow swims were associated with low activity in the nMLF and oculomotor

nucleus, (situated just caudally to the nMLF), low activity in the RoL cells and
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Figure 4.6: Neural activity maps across slow (top row), fast (middle row) and struggle
swims (bottom row) in an exemplary nefma fish. Colours in brain maps indicate depth
of ROI. Blue trace, tail angle; red line, time point of imaging frame, D, dorsal; V, ventral.
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strong bilateral activity in the medial hindbrain (MiV2, MiD2, MiD3). During

fast swims, there appeared to be a general increase in excitation, particularly in

the nMLF, oculomotor nucleus, RoL cells, MiV2, MiD2, MiD3 and possibly the

CaD/CaV cells. During struggles, most cells labelled by nefma appeared to be

active. In comparison to fast swims, these included the RoM2, RoM3 and MiV1

cells (Figure 4.6). These preliminary observations were consistent across 15 fish

from this line and match reports from previous studies [24, 27]. For instance, in the

study by Severi et al., cells in the nMLF were correlated with tail-beat frequency

and duration, with an increase in excitation as opposed to additional cells being

recruited [27]. Orger et al. also reported calcium activity in the RoL and MiV2

cells in response to moving gratings that elicit slow swimming [24].

Activity in an example calcaccu75Et fish was more distributed across the hind-

brain (Figure 4.7). A general increase in excitation in struggle swims was evident,

compared to slow and fast swims. There was strong sustained bilateral activation

of caudal and medial hindbrain neurons, with higher activity during fast swims

than slow swims. In some fish, I also observed strong, selective activation of cells

situated in the rostral, lateral horns. The study by Carbo-Tano and Lapoix et al.

also reported distributed calcium activity across the hindbrain in V2a-RSNs la-

belled under the vsx2 promoter during spontaneous slow swims [31]. Considering

the high degree of overlap between the two transgenic lines [40], I hope to build

on the findings in [31] by also including fast swims in my analysis. Given the large

number of cells labelled in this line and the distributed activity I observed, future

work will focus on regression analysis to identify populations of cells associated

with different modes of swimming.

Considering activity maps in an exemplary s1171tEt fish tells a slightly different

story. The transgenic line s1171tEt labels glutamatergic (vglut2 ) neurons in the

tegmentum, including the four large nMLF cells (MeM1, MeLm, MeLc, MeLr)

and the small mesencephalic (MeS) cells [28, 40]. I observed a general increase

in excitation from slow to fast to struggle swims, with a tendency to extend in

a medial to lateral direction (Figure 4.8). These observations are in line with

findings from Berg et al., who reported a recruitment of medial nMLF neurons
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during slow swims and lateral nMLF neurons during fast swims in adult zebrafish

[30]. However, due to the dense neuropil and large blood vessels in the region, it

was challenging to record from individual neurons in this transgenic line. Future

work will focus on a more refined approach to proceed with analysis of this dataset.
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4.3.5 Modulation of RSN activity in forward swims

Due to its sparse labelling, the nefma line lends itself perfectly to distinguish in-

dividual RSNs based on their stereotyped, uniquely identifiable location across

animals. To extract the activity of single RSNs, the change in fluorescence com-

pared to baseline (dF/F) of several regions-of-interest (ROIs) was averaged. This

was done because ROIs were extracted by plane-wise segmentation but due to the

dense sampling of the light-sheet, cells could span multiple planes.
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Figure 4.9: Responses in named RSNs across bout types in an exemplary nefma fish.
Top shows tail angle trace in black, with dots representing bout type. Bottom shows
dF/F responses of averaged ROIs in named RSNs for individual bouts. Top of each RSN
group is left, bottom is right. Selected group coloured for emphasis. nMLF, nucleus of
the medial longitudinal fasciculus; MeS, mesencephalic small cells in the nMLF; OMN-
med and OMNlat, medial and lateral oculomotor nucleus; FacOLe, facial nucleus and
octavolateralis efferent nucleus. Shaded area indicates the standard deviation.

Considering the change in fluorescence compared to baseline of ROIs across

individual bouts revealed consistent bout-type specific responses in selected RSNs

across individual swims (Figure 4.9). Bouts were labelled by their active movement

motif, obtained from the Megabouts sparse code, and for subsequent analysis only

bouts consisting of one dominant movement motif were considered. As alluded to

in the depth-colour-coded map of an example nefma fish (Figure 4.6), there was
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an increase in excitation in several identified RSNs when comparing slow to fast

bouts. In particular, calcium activity in the nMLF, medial and lateral oculomotor

nucleus (OMN), RoL and to a degree in the MiV1 and CaD/CaV cells increased

from slow to fast bouts. The MiV2, MiD2 and MiD3 cells were active for both swim

types. The MiD2 and MiD3 can be further subdivided into ipsilaterally-, medial

contralaterally- and lateral contralaterally-projecting cells [9]. However, they are

situated in close proximity and it was not possible to follow the projections to

verify their individual identity, therefore I did not subdivide by projection pattern

in my analysis. Many RSNs were active during struggles, however, due to the large

non-rigid motion artefacts present during struggles that could not be corrected by

rigid registration, it is not instructive to consider single cell responses during those

movements.

The nMLF is a collection of reticulospinal cells in the tegmentum that extends

dendrites towards tectal and pre-tectal areas and descends down the medial longi-

tudinal fasciculus to the spinal cord [9, 20, 50]. It consists of four large identified

cells (MeM1, MeLm, MeLr, MeLc) and smaller mesencephalic cells (MeS), all of

which have glutamatergic (vglut2 ) neurotransmitter expression [28, 40]. Previous

studies had reported a modulation of the individual large nMLF cells with changes

in tail-beat frequency [27]. This was also observed here, where there was strong

activation of all four cells during burst swims (Figure 4.9).

RS cells were active for the entire duration each bout, however, bout duration

did not dictate scaling of activity. For instance, the slow swims illustrated below

were of longer bout duration than the fast swims, and yet RS activity was much

higher during fast swims compared to slow swims.

To illustrate the variability within cell groups, the activity of individual ROIs

(3 from left side, 2 from right side) for relevant cell groups (nMLF, OMN, RoL,

MiV2, MiD2, MiD3) were plotted for different bout types (Figure 4.10). There

were slight differences between ROIs within bouts, which could be due to noise,

small movement artifacts or the fact that imaging planes were acquired in sequence

and thus slightly shifted in time (∼12 ms). Overall, responses across ROIs within

a cell group followed a similar pattern of activation.
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Figure 4.10: Single ROI responses in selected RSNs across bout types in an exemplary
nefma fish. Top shows tail angle trace in black, with dots representing bout type. Bottom
shows dF/F responses of individual ROIs in selected RSNs.

To compare across multiple fish, the bout-triggered dF/F response for each

RSN was computed for an average of all bouts within a bout type for each fish

(Figure 4.11). Only bouts consisting of one dominant movement motif were con-

sidered. A window of 1200 ms (6 volumes in total; 2 before bout onset and 4 after

bout onset) was chosen to encompass the decay kinetics of the calcium reporter,

as such the duration of individual bouts was ignored. Small differences in ampli-

tude existed between fish, but as whole a similar profile of increases in excitation

from slow to fast swims could be observed in the nMLF, OMN, RoL, MiD3 and

CaD/CaV as well as consistent activity in the MiV2 for both slow and fast swims.

4.3.6 Switches in movement pattern within bouts reveal a

ramping up of activity within rostral RSNs

As shown in Chapter 2 (Figure 2.12), head-fixed fish exhibit intra-bout modulation

of tail-beat frequency. Utilising the Megabouts suite [34] reveals a transition in

active movement motifs even within bouts. While changes in movement motifs
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Figure 4.11: Bout averages across selected RSNs for four nefma fish. Each column is
the bout-triggered average dF/F response for a given bout type for one of four example
fish. Shaded area indicates the standard error of the mean.

does not occur in freely-swimming conditions [33, 34], this specific case can be

leveraged to investigate changes in neural activity during gait transitions. Focusing

on the switch from slow to fast swims in an example nefma fish (7 dpf) reveals a

ramping up of activity in the nMLF, OMN and RoL, with peak activity coinciding

with onset of the fast movement motif. Activity in the MiV2, MiD2 and MiD3

cells starts with the slow motif onset, equivalent to bout onset.

4.3.7 Ventromedial, but also Mauthner homologues, are ac-

tive during turns

So far, my findings indicate a bilateral increase in excitation in select cell groups

from slow to fast bouts, with a recruitment of most RSNs during struggles. To

demonstrate that activity was specific to forward swims and struggles but not all
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Figure 4.12: Activity of rostral RSNs ramps up with changes from slow to fast swim-
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acterised by a slow to fast movement motif switch. Dotted blue line indicates switch in
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emphasis. Shaded area indicates the standard deviation.

movements, bout-triggered dF/F responses of RS cells were computed for turns.

In support of previous studies [24, 25], ventromedial cells (MiV1, MiV2) were

active unilaterally depending on turn direction (Figure 4.13). Ventromedial cells

on the left side of the brain (top row) were active during left turns, and vice

versa. I also observed unilateral activity in the MiD3 cells, which had not been
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previously reported. In addition, the MiD2 cells on the left side of the brain were

active during turns in either direction. Activation of the Mauthner homologues

(MiD2, MiD3) during turns elicited by the OMR has not been reported previously.

There was also a slight increase in activity in cells in the OMN, which controls eye

movements and is responsible for gaze stabilisation during swimming [51].
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OMNlat

RoL

RoM2

RoM3

MiV1
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MiD2

MiD3

CaD/CaV
FacOLe

Vestibular

movement 
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1200 ms
2.0 dF/F

left turn

right turn

L
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Figure 4.13: Activity in RSNs during turns in an exemplary nefma fish. Top shows tail
angle trace in black, with dots representing bout type. Bottom shows dF/F responses of
averaged ROIs in identified RSNs for individual turns. Top of each RSN group is left,
bottom is right. Selected group coloured for emphasis. nMLF, nucleus of the medial
longitudinal fasciculus; OMNmed and OMNlat, medial and lateral oculomotor nucleus;
FacOLe, facial nucleus and octavolateralis efferent nucleus. Shaded area indicates the
standard deviation.
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4.3.8 Preliminary summary of RSNs associated with differ-

ent bout types

In summary, a careful examination of the different reticulospinal neurons in an

optomotor assay in head-fixed fish has revealed modulation of reticulospinal activ-

ity to produce different types of forward swimming. MiV2 cells were consistently

active during both slow and fast swims, whereas cells in the nMLF, the RoL, MiD2

and MiD3, CaD/CaV were active during slow swims but dramatically increased

in excitation during fast swims. During struggles, most named RSNs were active,

though the non-rigid motion artifacts made it challenging to assess single neuron

responses. During turns, ventromedial cells (MiV1, MiV2) and MiD2 and Mid3

were active, corroborating previous studies [24, 25].
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Figure 4.14: Preliminary summary schematic of RSNs associated with different bout
types in the nefma line. Shading indicates level of activity. The Mauthner cell is crossed
out as it degenerates in the nefma line after 3 dpf.

4.4 Discussion

In this chapter, I aimed to identify the neural correlates of different types of for-

ward swims in the brainstem and their mechanism of transition. It has been a long-

standing question in the field of locomotor control whether different behaviours are
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driven by distinct or overlapping neural circuits [1], with experimental evidence

having been put forward for both possibilities. Visually driven selection of swim

bouts is thought to be mediated by brainstem reticulospinal neurons, which pro-

vide the predominant excitatory connection between the brain and spinal cord.

Within the reticulospinal system, it is likely that spatially distributed populations

of neurons work together to produce finely tuned behaviours [16]. Owing to their

diverse behavioural repertoire and optical accessibility in early development, larval

zebrafish are ideally suited to study mechanisms of supra-spinal control.

Here, I first set out by confirming that head-fixed larval zebrafish performed

the forward optomotor response under imaging conditions. Behaviour was more

variable compared to fish in a head-embedded, no microscope conditions. Several

potential explanations for this difference in behaviour exist. First, as aforemen-

tioned, the eyes of the fish were masked to block visible light from the excitation

laser. However, it has previously been shown that deep brain photoreceptors near

the pre-optic area, as well as light-sensitive cells in the hindbrain, respond to light

and can influence behaviour, even in the absence of eyes and pineal [52, 53]. Sec-

ond, the head-restrained assay described in Chapter 2 offered visual stimulation

from below as well as from around the fish, whereas the preparation in the light-

sheet microscope only projected moving gratings from below the fish due to space

constraints. Third, different illumination and tracking algorithms were employed

between the two setups, which led to slightly noisier tracking under microscope.

While it was possible to remedy this by carefully adjusted smoothing functions

in post-hoc analysis, it is possible that this affected the closed-loop feedback that

the fish received. Finally, there could be an effect of wild-type vs transgenic

fish, as it has been previously reported that behaviour can vary based on the ge-

netic background [54]. To address this, appropriate control experiments should

be performed, for instance by testing the transgenic fish in the HR-only set up.

Nonetheless, head-fixed fish still performed slow, fast, mixed and struggle swims

in response to moving gratings under imaging conditions. Ultimately, the focus of

this Chapter was not to characterise OMR behaviour under imaging conditions per

se, but to focus on identifying the neural correlates of different swims independent
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of the stimulus that elicited them.

Several studies have linked various RSNs to forward swimming, with prime

candidates being the nMLF in the tegmentum [27, 28, 30] and caudal V2a gluta-

matergic RSNs in the hindbrain [26, 29, 31]. While it is likely that the command

neurons for forward swimming are distributed across the reticulospinal system,

I posed the question whether there would be distinct sets of RSNs for slow and

fast swims, or whether the same neurons could modify their activity to produce

different locomotor patterns.

Here, I provide evidence supporting the latter. Several RSNs were active during

forward swims: the four large (MeM1, MeLm, MeLr, MeLc) and mesencephalic

small (MeS) cells in the nMLF, the RoL, MiV2, MiD2, MiD3 and CaD/CaV

with all but the MiV2 increasing in excitation from slow to fast swims. From a

functional perspective, this matches results seen in previous studies. Severi et al.

had reported an increase in excitation in nMLF cells as a function of tail-beat

frequency and duration rather than a recruitment of additional cells [27]. Orger

et al. had reported activity in the RoL and MiV2 cells during optomotor gratings

that are expected to elicit slow swims [24]. It was thus particularly interesting

to observe a similar increase in activity in the RoL cells in fast swims compared

to slow swims, as seen in the nMLF. Surprisingly, activity in the MiV2 cells was

consistent across different modes of forward swimming.

A modulation of activity with increases in swimming speed instead of recruit-

ment of additional cells contrasts with findings reported by Berg et al. in adult

zebrafish, where medial nMLF neurons were active during slow and fast swims,

but lateral nMLF were only recruited with sudden increases in swimming speed

[30]. It is difficult to directly compare the larval and adult nMLF, so it is possible

that these lateral nMLF neurons were not labelled under the nefma promoter in

the larvae. Alternatively, it is possible that their function changes across develop-

ment. To shed light on this, I had planned to investigate cells in and surrounding

the nMLF in more detail using the transgenic s1171tEt line. Unfortunately, while

the depth-colour-coded maps did indicate a medial to lateral increase in activity

from slow to fast swims, I was unable to confirm this in single cell responses. A
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different approach to denoising the cell traces in these data is needed to further

investigate recruitment patterns during different modes of forward swimming in

the tegmentum.

I also observed calcium activity in the Mauthner homologues MiD2 and MiD3

during fast swims. This had not been reported before, instead, the Mauthner

homologues have been associated with escape swims. Specifically, stimuli to the

head following ablation of the Mauthner cell drive Mauthner homologue-mediated

escape responses [55], demonstrating sufficiency. In light of the activity in the

Mauthner homologues during fast forward swimming observed here, poses the

question whether the Mauthner homologues are truly sufficient to elicit escapes

or whether their activity and participation in driving different swims is stimulus-

dependent. Closely related to escapes, I also observed a general recruitment and

strong activation of the entire reticulospinal population during struggles, matching

reports from [32]. This was also evident in the calcaccu75Et line, where many

cells across the brainstem were active during struggles, particularly in the lateral

medulla. This corroborates findings from Carbo-Tano and Lapoix et al., who also

observed activity in lateral medullary RSNs in the vsx2 line during struggles in

response to MLR stimulation [31]. Glutamatergic V2a-neurons in the brainstem

labelled by vsx2 are also active during spontaneous and MLR activation-evoked

slow forward swimming [26, 31]. Next steps in analysing the calcaccu75Et dataset

will include regression-based analysis to identify whether different distributed V2a-

populations can be associated with slow and fast swims.

To unify these observations, I lean on a concept recently postulated in D.

melanogaster by Braun et al. [56]. They reported that command-descending

neurons recruit additional descending neurons to drive complex and adaptable

behaviours, whereas command neuron activation alone drives stereotyped move-

ments. It would be interesting to test this framework by investigating the temporal

pattern of recruitment following bout onset of different RSNs associated with for-

ward swimming.

Ablating different RSNs involved in forward swims would help establish a causal

link. For instance, one could hypothesise that due to their consistent activity with
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both slow and fast swims, that MiV2 are the command cells responsible for driving

forward swims and that ablating them would impair forward swimming. However,

this was not the case [24, 25]. Instead, ablation of all four large nMLF cells

impaired fast swimming [27]. Yet, considering no projections from the MLR to

the nMLF exist [31] and the increasingly observed association of the nMLF in

postural control [28, 57, 58], it is possible that forward swims were affected by

nMLF ablation due to loss of postural control. As a result, it is unlikely that the

nMLF neurons are the true command neurons for forward swimming. Could the

RoL serve this role instead? To my knowledge, the RoL have not been ablated in

relation to forward swimming, since this is the first study reporting their increased

activation during fast swims. Concurrently, considering the scaling of activity it

would be interesting to modulate RoL (and other RSN) activity using optogenetics

to evaluate the effect on forward swimming vigour. Ideally, this would be done

in a preparation combining holographic optogenetics with functional imaging and

behavioural readout as demonstrated by [59]. Together, ablation and modulation

of the RoL provide an ideal entry point for future experiments on identifying the

command cells for forward swimming.
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Chapter 5

General Discussion
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5.1 Brief summary of the main findings

The overarching goal of this project was to investigate the neural control of gait

switching in larval zebrafish. Specifically, I set out to identify the neural correlates

of slow and fast bouts and elucidate the population dynamics underlying bout

transitions during the optomotor response (OMR).

Gait switching behaviour during the optomotor response in larval ze-

brafish In this chapter, I characterised different types of forward swims in re-

sponse to forward optomotor gratings in both a freely-swimming and a head-

restrained assay. Slow gratings predominantly elicited slow swims: in freely-

swimming conditions these could be classified as Slow1 and Slow2 swims using

unsupervised clustering [1], in head-restrained conditions Slow2-like swims are

characterised by low tail-beat frequency and low rostral tail-bend amplitude. Fast

gratings elicited a transition from Slow1 to Slow2 to burst swims (BS) in freely-

swimming conditions. Head-restrained fish performed a mixture of slow and fast

swims, often within the same bout, during fast gratings. Additionally, head-

fixed fish performed a small number of struggles, characterised by unusually large

tail-bend amplitudes. These observations corroborate previous findings in freely-

swimming OMR assays [1, 2]. The addition of a closed-loop feedback system to

the head-restrained assay resulted in fish performing burst-like swims, which had

not been reported previously. However, swims sometimes included switches in

tail-beat frequency within the bout. This led me to develop a bout decomposition

method based on half-beats labelled by their different kinematics, as well as a

collaboration to establish a novel bout decomposition method based on convolu-

tional sparse coding to characterise movement motifs in head-fixed fish. Together,

the application of novel bout decomposition and classification algorithms revealed

generalised, conserved mechanisms of gait transitions in larval zebrafish.

Characterisation of transgenic lines labelling reticulospinal neurons This

project was instrumental in characterising and selecting appropriate transgenic

lines that label different subsets of reticulospinal neurons (RSNs). I gave a
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detailed account of the degree of RSN labelling in seven transgenic lines with

glutamatergic (vglut2 ) expression in the brain stem of larval zebrafish, offering

projection-specific genetic access to subpopulations of RSNs. I showcased trans-

genic lines that label most or all RSNs (nefma, adcyap1bccu96Et) or subsets of

RSNs, including ipsilateral (vsx2, calcaccu75Et), contralateral (pcp4accu97Tg) or

all (tiam2ay264Et) components of the Mauthner array, or midbrain-only RSNs

(s1171tEt). In addition to RSNs, selected transgenic lines (nefma, s1171tEt,

calcaccu75Et) labelled other potential neurons of interest in the brainstem. For

those, I performed in situ hybridisation to show expression patterns of several ex-

citatory and inhibitory neurotransmitters at larval stages as well as glutamatergic

expression patterns in juvenile fish. This resource provides a useful basis for future

research, including the possibility to combine these transgenic lines with geneti-

cally encoded calcium reporters and optogenetic tools, with the hope of uncovering

fundamental principles in the descending control of locomotion.

Imaging neural population dynamics during gait switching behaviour in

larval zebrafish The work in Chapter 4 laid a good foundation in deciphering

the neural basis of different forward swims, taking into account previous hypothe-

ses from the field and supporting seemingly contradictory results with a unifying

hypothesis. To do so, I recorded the activity of genetically labelled populations

of RSNs in the brainstem using light-sheet microscopy at single-cell resolution,

combined with a head-restrained assay showing forward OMR gratings in closed-

loop. Utilising the unique, sparse nature of the reticulospinal system, I showed

that neuronal activity in a midbrain nucleus (nMLF) is higher during fast swims

than slow swims in nefma fish, supporting the findings by [2]. I also observed a

similar modulation of activity in rostral (RoL1) cells in slow vs fast swims. There

was consistent activity of ventromedial (MiV2, MiD) cells with swims, corroborat-

ing evidence from [3] and [4], however, this activity did not scale with changes in

bout type. Furthermore, I reported a general recruitment and strong activation

of the entire reticulospinal population during struggles, matching reports from [5].

In accord with previous studies [3, 6], ventromedial cells were active during turns,

some of which (MiV2) overlapped with forward swims. Taken together, I propose a
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framework as seen in [7], where selected cells act as command neurons for distinct

bout types and recruit additional RSNs for fine control of movements. To test this

framework, I propose taking a closer look at the temporal recruitment patterns of

potential command neurons vs other RSNs. This could be followed up by opto-

genetic activation and silencing of selected subpopulations of RSNs utilising the

transgenic lines described in Chapter 3.

In summary, I hope to have provided a useful foundation of tools and frame-

works to further dissect the supraspinal control of locomotion.

5.2 Future directions of this project

There are several interesting avenues that are yet to be explored within the pur-

suit of understanding the neural control of gait switching. I have structured this

‘experimental wish list’ as questions with the order of the chapters of this thesis

in mind.

How naturalistic are moving gratings really? The use of moving stripes

to represent a translation of the visual field has often been a subject of debate,

particularly at Neuroethology meetings. Of course, moving stripes do not usually

occur in the small pools, streams and rice paddies in Myanmar and India that

zebrafish are native to [8]. These bodies of water are often cloudy with debris,

meaning in the wild, zebrafish often rely on their other sensory modalities, such

as the lateral line to sense vibrations and the olfactory system for chemical cues

[9]. In fact, it has recently been shown that these sensory modalities can override

visual cues in laboratory settings [10, 11]. In the optomotor response, moving

gratings are intended to simulate changes in the visual field of the animal as a

result of being carried downstream. Swimming upstream stabilises the visual field

and the animal is back at its original position, which may be of significance if it is a

particularly good feeding ground or sheltered from predators. When encountering

a constant water current, fish swim against it, a process called positive rheotaxis

that depends on the lateral line [12]. A recent study identified water current-

responsive cells in the tectum [10]. It would be very interesting to see if the same
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behavioural transitions observed in this project (Slow1 to Slow2 to BS) could be

observed in freely-swimming zebrafish presented with currents at different speeds.

Adapting this to a head-fixed assay would allow the investigation if bouts that

are generated in response to a forward OMR are driven by the same brainstem

circuits, and in a similar fashion, as the bouts exhibited during positive rheotaxis.

Do transgenic zebrafish behave differently to wildtypes? A limitation of

the behavioural experiments presented in this study concern the lack of controls

regarding transgenics. In the freely-swimming and head-restrained behaviour as-

says, fish from the wildtype Tübingen strain were used. Fish from this strain are

naturally pigmented, which aids the tracking algorithm used in both set ups. They

are unsuitable, however, for imaging studies as the pigmentation leads to light scat-

tering [13]. For this reason, fish used for imaging experiments are either treated

with 1-phenyl 2-thiourea (PTU) to remove pigmentation [14], or have a mutation

in the mitfa-/- gene, which removes melanophores [15]. While the tracking algo-

rithm used in the light-sheet microscopy set up can track the tail in transparent

zebrafish, the tracking algorithm employed in the behavioural head-restrained set

up, which features 3D visual stimulation, cannot. It should in theory be possible

to adapt the experimental configuration and tracking algorithm in the behavioural

set up, however, this was out with the scope of this project.

Could eye movements differ for slow and burst swims? The calcium imag-

ing data of the cholinergic oculomotor nucleus from this project suggests differ-

ential activity between slow and fast forward swims. The oculomotor nucleus

controls gaze by determining horizontal eye position [16–18]. Activity in the ocu-

lomotor cells ramps up until a saccade is executed [18]. On a behavioural level,

eye convergence has to date been reported as a marker of the initiation of a hunt-

ing sequence [19]. Recent works from the Bianco lab have characterised different

types of saccades and their neural correlates in the OMN [20, 21]. They reported

that zebrafish use small conjugate saccades to compensate for body rotation. This

maintains a stable visual perception of close objects during forward swimming [20].

The authors did not report the swimming speed or type of forward swim during
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which these ‘mini’-saccades occurred. However, it could be possible that due to

the large changes in the visual field experienced during burst swims, that larger

saccades occur during burst swims than the forward swims reported by Dowell

et al. [20]. Alternatively, it is possible that the eyes need to be held steadily in

position during burst swims due to the larger hydrodynamic forces encountered,

which would explain the increased OMN activity. Tracking of the eyes is possible

in our behavioural head-restrained assay, and in light of the changes in calcium

activity in the oculomotor nucleus observed in slow vs fast swims, this would be

an interesting avenue to explore further.

Could Megabouts-HR be expanded to other bout types? The freely-

swimming dataset of the Megabouts pipeline includes ∼4 million bouts across a

wide array of behavioural contexts and corresponding swim types [22]. This was

possible in part due to the large dataset available from [1] and complemented

with further experiments in a battery of visuomotor and acoustic assays. If a

similar dataset across behavioural contexts existed for head-restrained assays, the

dictionary could be relearned to include movement motifs that were not present

in the current dataset specific to forward swimming. Due to the time constraints

occurred with embedding thousands of fish, the sparser nature of their behaviour

when head-fixed, and the difficulties in adapting certain assays to a head-fixed

preparation (e.g. prey capture and social behaviour), this is not a trivial task.

Once collected, however, this dataset could be used a reference point for refining

the algorithm and comparing it to other methods.

Does a similar supraspinal circuit exist for pectoral fin control? Many

adult fish species primarily swim by alternating their pectoral fins, with minimal

contributions from axial movements. Other fish, including zebrafish, use a com-

bination of axial and pectoral fin movements across a range of speeds [23]. The

movements of larval zebrafish have been predominantly described in terms of their

axial movements [24], with comparatively little focus on their pectoral fins. Sem-

inal studies by Hale and colleagues showed that larval zebrafish synchronise their

pectoral fin movements with axial undulations during slow swimming, matching
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both phase and frequency [23, 25]. During fast swims, arrhythmic adductor ac-

tivity leads to tucked fins against the body. Serial trans-sections revealed that

for pectoral movements during slow swimming, a small region of the caudal hind-

brain and rostral spinal cord near the motor neuron pool are sufficient to generate

rhythmic alternating abductor and adductor motor neuron activity. To generate

the adductor motor neuron activity necessary to elicit tucked fins during burst

swims, the entire hindbrain was necessary - suggesting it is under the control of

midbrain structures, such as the MLR [26]. More recently, it was revealed that ax-

ial trunk and pectoral fin motor neurons both receive inhibitory innervation from

the same dI6dmrt3a neurons. The latter are commissural interneurons and their

ablation impairs left-right alternation [27, 28]. Together, these studies suggest a

similar organisation of supraspinal circuits involved in the drive of both axial and

pectoral fin movements. Given the small size and optical accessibility of larval

zebrafish, combined with recent developments in whole-brain imaging, it should

be experimentally feasible to image both supraspinal circuits simultaneously while

recording either axial or pectoral fin movement, or acquire fictive recordings of

both.

How can novel imaging methods serve supraspinal studies? One as-

pect of zebrafish behaviour that requires consideration when choosing an imag-

ing modality, is that swim bouts occur at extremely fast timescales. With bouts

lasting around 200 ms, individual half-beats may only be several tens of millisec-

onds apart [1]. This poses a trade-off between using traditional methods that

allow high-speed, detailed recordings of individual neurons, e.g. electrophysiol-

ogy (can capture spike rates), versus recordings of populations of neurons or even

entire brains at low speeds, e.g. 2-photon microscopy (can capture around 1-2

volumes per second) [29]. Recent advances in optical methods include light-sheet

microscopy (traditionally 1-3 volumes per second, with modifications up to 5 vol-

umes per second, cellular resolution) [30, 31], oblique plane light-sheet microscopy

(e.g. SCAPE, up to 5 volumes per second or faster for smaller fields of view, near-

cellular resolution) [32, 33], light-field microscopy (up to dozens or hundreds of vol-

umes per second, cellular resolution) [34] and most recently tracking microscopes
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for freely swimming fish (several volumes per second, near-cellular resolution) [35,

36] – in practice only limited by the camera frame rate and decay dynamics of the

calcium reporter used. A new avenue has swapped out slow calcium indicators for

voltage indicators [37–39], which combined with these ultra-fast microscopy tech-

niques essentially enables whole-brain electrophysiology. All of these methods, and

voltage imaging in particular, are highly sensitive to motion artefacts and benefit

from or even require a fictive behaviour preparation. For the question of slow

vs fast gait transitions specifically, recent advances in fictive recordings of swims

of different tail-beat frequency [40] offer promising opportunities when combined

with whole-brain voltage imaging.

Manipulations of brainstem circuits driving forward swimming Finally,

while my work and other studies have demonstrated a link between the modula-

tion of neuronal activity in different reticulospinal neurons and slow vs fast swims,

it is essential to test these correlations. First, optogenetic stimulation of differ-

ent RSNs should demonstrate sufficiency for some or all subpopulations of RSNs

related to forward swimming revealed here. Had Hypothesis 1 of distinct popula-

tions of RSNs for slow vs fast swims been true, ablations of either cell group should

impair the corresponding behaviour while leaving the other swim type intact. Sys-

tematic ablation of different combinations of RSNs involved in forward swimming

would still be useful to determine whether a neuron/group of neurons is essential

for either swim type (e.g. demonstrating command neuron features) or merely

recruited in a complementary fashion. Severi et al. provide important insights

for this framework, as ablation of all four large nMLF neurons led to deficits in

achieving high swimming speeds, whereas ablation of RoM or Mauthner cells did

not affect fast swimming [2]. These results are in line with the principle described

in Braun et al. of command vs other descending RSNs in insects [7]. In this case,

nMLF neurons were sufficient and necessary for eliciting fast swims, whereas RoM

cells were involved but not necessary. It remains to be seen which RSNs are the

command cells that drive slow swimming.
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How could neuromodulators influence forward swimming? It has long

been demonstrated that neuromodulators, and in particular dopamine, can affect

locomotion [41–48]. While many of these studies focused on isolated spinal cord

preparation, a seminal study by Jay et al. recently went straight to the source and

managed to record from and manipulate supraspinal dopamine neurons. They

showed that diencephalo-spinal neurons generate tonic spiking, associated with

locomotor inactivity, and phasic bursting during locomotor activity. Targeted

ablation of supraspinal dopaminergic neurons decreased locomotor output [44].

Interestingly, the phasic bursting did not correlated with duration of swim bouts,

but supposedly increased excitability of the spinal networks instead. These find-

ings are supported by Jha and Thirumalai, who showed that activation of D1-like

receptors increased swimming speed during the OMR in freely-swimming fish by

modulation tail bend amplitude. This modulation was achieved by increasing in-

trinsic excitability and excitatory synaptic drive in primary and secondary MNs,

where normally only secondary MNs would be active [46]. Considering the tail

kinematics reported would likely constitute variation within the cluster of slow

swims, it would be interesting to repeat this experiment with a protocol that elic-

its burst swims. Would there be a linear scaling of more secondary motor neurons

recruited (as expected without dopaminergic modulation), or would dopaminergic

modulation change the spinal circuitry entirely?

Is gait switching driven by RSNs or further upstream? In Chapter 4, I

illustrate that in swims where head-fixed fish switch from utilising a slow to a fast

movement motif, the activity of various RSNs (nMLF, RoL) ramps up, peaking at

the transition point between the two movement patterns. This is most likely not

reflective of a ‘switching signal’, but rather simply the onset of the fast movement

motif. ‘Switching signals’ have not been reported in the reticulospinal population

before. In the MLR, however, an increase in electrical stimulation drives a switch

from a walking to a swimming gait in salamander [49]. A recent study by Wyart

and colleagues identified the MLR in zebrafish for the first time, demonstrating

functional, anatomical and molecular characteristics consistent with MLRs identi-

fied in other vertebrates [4]. In the study, an increase in MLR stimulation evoked
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V2a-RSNs mediated increases in swimming speed, however only within the slow

swimming module. The authors explain that this is possibly due to a stimulation

site restricted to a subpopulation of the MLR, and that future studies experiment-

ing with a larger stimulation area could possibly elicit fast swimming [4].

It remains an open question in the field if there are differences in neural ac-

tivity between MLR-evoked, visually induced and spontaneous swims and swim

transitions. The nMLF has long been a considered an integration site of visual,

vestibular and sensorimotor signals [50, 51]. Considering the surprising lack of

projections from the MLR to the nMLF [4], there must be integration of MLR and

nMLF commands in reticulospinal cells. As such, stimulation of the MLR (without

visual or other sensory stimulation) would most likely lead to different RS popula-

tion activity than that driving visually-evoked or spontaneous swims. Leveraging

the small size of larval zebrafish, and now identified MLR, would make an excellent

model system to combine different stimulation modalities and concurrently record

whole-brain activity in behaving fish.

5.3 Future perspectives on the control of locomo-

tion

This is a very exciting time in the field of locomotor control. The acquisition of

whole-brain electron microscopy data sets from zebrafish larvae [52–54], paired

with recent computational advances in automatic segmentation and tracing [53,

55–57], enable the dissection of entire neural circuits at the synaptic level. This

has led to recent insights into the modular organisation and associated functional

roles of the oculomotor nucleus [54, 57]. The authors were able to identify modules

of strongly connected neurons in the hindbrain of larval zebrafish and use those

to predict neural coding and dynamics from the wiring diagram. This revealed

specialised behavioural functions in oculomotor control for different modules, and

the findings were verified by calcium-imaging of of neural activity [57]. It remains

to be seen whether this sort of approach can be applied to more complex networks

such as the axial RSNs, where less is known about their functional roles. Nonethe-
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less, it is exciting to see that connectome-based analysis can uncover organisational

and functional principles in previously hidden anatomical structures.

5.4 Concluding remarks

This thesis discusses the behavioural and neural bases of forward swimming and

gait transitions in larval zebrafish. Different types of forward swims were ob-

served in response to moving gratings, in both freely-swimming and head-fixed

assays. Leveraging the optical accessibility and amenability to genetic tools of

larval zebrafish enabled high-speed, volumetric calcium recordings of neuronal ac-

tivity within the reticulospinal system of behaving, head-fixed animals performing

the optomotor response. RSNs associated with different types of forward swims

could be identified, with an increase in excitation from slow to fast swims. Fu-

ture studies will focus on manipulating the RSNs identified here to elicit different

modes of swimming, and continue the search in areas upstream of the reticulospinal

system to identify signal associated with transitions between movements. In con-

clusion, though many open questions remain, in light of recent technical advances,

zebrafish continue to stand at the forefront of studying supraspinal circuitry and

locomotor control.
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