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Abstract 

Bilaterian animals, such as humans, are characterized by an external roughly mirror symmetry 

along the left – right axis that covers a pronounced internal asymmetric arrangement of the 

thoracic and abdominal organs. While external symmetry has been associated with health and 

beauty standards, the internal asymmetry may rely more on efficiency and functionality of the 

different physiological systems. The left – right asymmetry of visceral organs is established 

early on during embryonic development within a transient and specialized structure, commonly 

referred to as the left – right organizer (LRO). 

The LROs appear in many shapes and sizes, depending on the species, but a common feature 

in some vertebrates is the requirement of motile cilia. The movement of these tiny hair-like 

protrusions generate a directional fluid flow, that scales with the cube of cilia length, in order 

to become capable of triggering a differentiated response on the left side of the LRO. Such 

flow-dependent response involves Pkd2 channel activation and calcium signaling that 

subsequently drive the left sided expression of the Nodal signaling cascade. 

Nodal is a secreted protein that translates the asymmetries established at the LRO to the rest 

of the embryo, through the lateral plate mesoderm. As embryonic development evolves, at 

specific time points and locations along the anterior – posterior axis, Nodal induces the 

expression of genes involved in the formation of the heart, brain, gut and its derivatives, 

modulating the lateralization of these organs. 

With this work, we dedicated our efforts to understanding a few molecular and cellular steps 

missing in the establishment of the left – right axis within the LRO. In the Chapter 2, we 

explored how the fluid flow is sensed by the LRO cells. Between the two hypotheses in the 

field, one based on mechanosensing and other on chemosensing properties of the flow, we 

found that the number of extracellular vesicles is too low and variable to transport sufficient 

and efficiently a sidedness molecular signal towards the left sided LRO cells. Moreover, 

pharmacological impairment of distinct endocytic pathways did not impact on heart laterality 

arrangement. 

We also found out an upstream regulator of Notch signaling, syntenin-a, involved in the cell 

fate decision between motile and immotile cilia. We showed that syntenin-a loss-of-function 

severely affected the left – right axis development. By downregulating the levels of syntenin-

a, Notch signaling is activated increasing the expression of her12 and resulting in a higher 

number of immotile cilia, in concordance with our previous published data. We next described 

a potential molecular switch, downstream of Notch signaling, composed by the Rabconnectin 

complex. As this complex is known to promote V-ATPase assembly and consequently its 

activity, we inhibited the V-ATPase activity and we observed an increase in the number of 

motile cilia. Thus, suggesting that the link between Notch signaling and motile – immotile cilia 

ratio is through the modulation of pH. 

Lastly, in Chapter 3, we focused on the impact of ciliary dysfunction in the epithelial respiratory 

cells. We characterized the distribution pattern of several ciliary proteins in two siblings 

harboring a primary ciliary dyskinesia causing mutation on Zmynd10 gene. Recent studies 

showed that ZMYND10 is one of the cytoplasmatic factors responsible for stabilizing and 

driving axonemal dynein arm assembly. We showed here that outer and inner axonemal 

dyneins, that become mostly absent from the ciliary axoneme in Zmynd10 mutant respiratory 

ciliated cells, can sometimes enter the proximal part of the cilium. These results suggest that 
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to a low extent the dynein arms can still assemble and be transported into the cilium in the 

absence of ZMYND10, thus opening an opportunity for small-molecule therapies that promote 

protein stability in primary ciliary dyskinesia disease management. 

 

Key-words: left – right organizer, extracellular vesicles, viscosity, ciliary motility, primary 

ciliary dyskinesia, ZMYND10 
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Resumo 

Os animais bilaterais, como os humanos, são caracterizados por uma simetria externa ao 

longo do eixo esquerda – direita que cobre um arranjo interno pronunciadamente assimétrico 

dos órgãos torácicos e abdominais. Enquanto a simetria externa tem sido associada a 

padrões de saúde e beleza, a assimetria interna pode depender maioritariamente da 

eficiência e funcionalidade da montagem dos diferentes sistemas fisiológicos. Esta assimetria 

esquerda – direita dos órgãos viscerais é estabelecida durante o desenvolvimento 

embrionário dentro de uma estrutura transiente e especializada, normalmente conhecida por 

organizador esquerda – direita. 

Os organizadores esquerda – direita aparecem em várias formas e tamanhos, dependendo 

da espécie, mas uma característica comum em alguns dos vertebrados é a existência de 

cílios. Os cílios são organelos compostos por microtúbulos que são projetados da superfície 

da célula. E estes podem ser móveis ou imóveis dependendo da presença ou ausência de 

proteínas motoras, as dineínas do axonema, que geram energia suficiente para mover o cílio. 

No caso do organizador esquerda – direita, os dois tipos de cílios estão presentes e 

desempenham funções distintas: os cílios móveis promovem um fluxo direcional do fluido 

existente no lúmen dos organizadores, cuja velocidade é proporcional ao cubo do 

comprimento ciliar, e os cílios imóveis são potencialmente responsáveis por detetar esse 

mesmo fluxo. Por conseguinte, a deteção do fluxo desencadeia uma resposta assimétrica nas 

células do lado esquerdo do organizador esquerda – direita, que é dependente do canal de 

cálcio Pkd2 localizado nos cílios. Assim, os iões de cálcio entram pelo cílio e ativam a 

libertação de mais iões dos organelos internos, o que resulta numa onda de cálcio propagada 

pela célula que, por sua vez, é necessária para iniciar uma cascada molecular de sinalização 

composta por Nodal e os seus inibidores. 

Nodal é um factor secretado da família TGF-β inicialmente expresso em redor do organizador 

esquerda-direita de forma simétrica. Um dos seus antagonistas expresso no organizador, 

Dand5, impede a propagação precoce e simétrica de Nodal para a placa lateral da 

mesoderme. Contudo, a onda de cálcio que se forma nas células do organizador promove a 

degradação de dand5, tornando-se assim o primeiro gene assimetricamente expresso e 

libertando Nodal da sua repressão especificamente no lado esquerdo do organizador. 

Consequentemente, Nodal é capaz de ativar a sua própria expressão na placa lateral da 

mesoderme do lado esquerdo e a expressão de um segundo inibidor, lefty1, na linha mediana, 

de forma a impedir que Nodal ative a sua expressão no lado direito. 

À medida que o desenvolvimento embrionário evolui, Nodal propaga-se pela mesoderme ao 

longo do eixo anterior - posterior, que em estadios e regiões específicas, leva à expressão de 

genes envolvidos na formação do coração, cérebro, fígado, pâncreas, entre outros, 

modulando a lateralização destes órgãos. 

Este campo da biologia do desenvolvimento tem evoluído bastante ao longo dos últimos anos, 

contudo algumas questões continuam em aberto. A forma como o fluxo é detetado pelas 

células do organizador esquerda – direita é uma delas. Historicamente, o campo está dividido 

em torno de duas hipóteses principais – o modelo quimiossensor e o modelo mecanossensor. 

Por um lado, o modelo quimiossensor propõe que o fluxo serve para transportar vesículas e 

moléculas sinalizadoras para o lado esquerdo, onde serão internalizadas pelas células do 

organizador. Por outro lado, o modelo mecanossensor baseia-se na força hidrodinâmica que 
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o fluxo exerce sobre os cílios imóveis. Com este projeto de doutoramento pretendemos 

fornecer novos dados do mecanismo biofísico impulsionado pelo fluxo usando o organizador 

esquerda – direita do peixe-zebra como modelo animal. Inicialmente, dedicámo-nos a 

inspecionar as características moleculares das células do organizador e o conteúdo de fluído 

para inferir sobre as possíveis contribuições do modelo quimiosensor na deteção do fluxo de 

fluidos pelo canal Pkd2. Para tal, gerámos uma linha transgénica para quantificar e permitir o 

rastreamento de vesículas extracelulares dentro do lúmen do organizador e usámos uma 

nova configuração de micromanipulação para modificar o conteúdo do fluido do organizador. 

Os nossos resultados mostram que o número de vesículas extracelulares detetadas é muito 

baixo e variável para transportar um sinal molecular de lateralidade de forma eficiente para 

as células do organizador do lado esquerdo. Adicionalmente, a inibição farmacológica de vias 

endocíticas distintas não teve impacto na lateralidade do coração.  

De seguida, analisámos a regulação do número de cílios móveis e imóveis no organizador 

esquerda – direita. No peixe zebra, todos os cílios têm a ultra estrutura necessária para se 

moverem, contudo, apenas alguns cílios se tornam móveis. O nosso grupo tinha 

anteriormente descoberto que a decisão entre móvel e imóvel é feita pela via de sinalização 

de Notch. Com este trabalho, nós identificámos novos moduladores a montante e efetores a 

jusante da sinalização de Notch envolvidos neste processo. Mostrámos que a perda de 

função da syntenin-a afeta severamente o desenvolvimento do eixo esquerda – direita, uma 

vez que ativa a sinalização de Notch e a expressão do seu gene alvo, her12, o que resulta 

num número maior de cílios imóveis e por conseguinte num fluxo do fluído menor. Também 

descrevemos um potencial botão molecular, a jusante da sinalização de Notch, composto 

pelo complexo Rabconnectin. Uma vez que este complexo é conhecido por promover a 

montagem da V-ATPase e consequentemente sua atividade, inibimos a atividade da V-

ATPase e observámos um aumento do número de cílios móveis. Assim, sugerimos que a 

ligação entre a sinalização de Notch e a proporção de cílios móveis – imóveis se dá através 

da modulação do pH. 

Por fim, no Capítulo 3, focámo-nos no impacto da disfunção ciliar nas células epiteliais 

respiratórias. Caracterizámos o padrão de distribuição de várias proteínas ciliares em dois 

irmãos portadores de discinésia ciliar primária causada por uma mutação no gene Zmynd10. 

Estudos recentes mostram que ZMYND10 é um dos fatores citoplasmáticos responsáveis por 

estabilizar e conduzir a montagem do braço de dineína que constituí o axonema do cílio 

móvel. Mostrámos aqui que as dineínas externas e internas do axonema, que se tornam 

principalmente ausentes do cílio em células respiratórias mutadas no gene Zmynd10, podem, 

no entanto, entrar na parte proximal do cílio. Estes resultados sugerem que uma pequena 

porção dos braços de dineína conseguem ser montados e transportados para o cílio na 

ausência de ZMYND10, abrindo assim uma oportunidade para terapias com pequenas 

moléculas que promovam a estabilidade de proteínas na gestão do tratamento da doença de 

discinésia ciliar primária. 
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“If the Lord Almighty had consulted me before embarking on creation  

thus, I should have recommended something simpler.” 

 – Attributed to Alfonso the Wise (13th century) 
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1. INTRODUCTION 

The main characters of this story are the cilia.  

Even though they are one of the oldest known cell organelles, it took over three hundred years 

to be recognized as fundamental in orchestrating many of the sensory and signaling events of 

the cell. 

Its first appearance was in 1675, under Antoni van Leeuwenhoek’s lens, who described it as 

“little feet, which were moved very nimbly” (Leewenhoeck, 1677). Since then, cilia have 

received a lot of attention mostly focused on its motility, the only hypothesized function at that 

time.  

It was only in 1898, that Karl Wilhelm Zimmermann first recognized primary cilia in mammals. 

While working from fixed samples, Zimmermann was not able to infer cilia motility, but not only 

he correctly predicted the sensory role of primary cilia as he proposed that kidney tubule cilia 

worked as flow sensors (Zimmermann, 1898). This was successfully experimentally 

demonstrated by Praetorius and Spring, showing that bending one cilium led to an influx of 

intracellular calcium and a calcium wave that spread through the nearby cells (Praetorius & 

Spring, 2001).  

Even with constant technical advances, studying primary cilia was not easy due to its small 

size and poor resolution, and so the cilia field went through some dark ages, being classified 

as a vestigial organelle by many investigators (reviewed by Bloodgood, 2018). 

The re-birth of primary cilia was pushed by the development of transmission electron 

microscopy (TEM) and technical advances in light microscopy, molecular biology and 

genetics. The increased number of animal models, such as Chlamydomonas, Caenorhabditis 

and the mouse model, also helped (reviewed by Ostrowski et al., 2011). 

Since then, we have been living in a Golden Age for cilia. We now know that cilia are involved 

in a myriad of biological processes and, when defective, in an ever-expanding list of human 

disorders, showing how crucial it is to better understand this field. 

One of such disorders is primary ciliary dyskinesia (PCD), a heterogeneous group of inherited 

autosomal-recessive disorders of motile cilia. PCD is characterized by chronic airway 

infections, infertility and, in 50% of cases, laterality defects. This randomization of the left – 

right asymmetry derives from the malfunctioning of motile cilia within the left – right organizer 

(LRO), during embryogenesis. Motile cilia are responsible for generating a directional flow that 

triggers the correct genetic cascade signaling involved in the establishment of visceral organs 
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position. However, with sensory functions being discovered for motile cilia, the possibility of 

LRO cilia having other functions is still under debate (Kamura et al., 2011; Ferreira et al., 

2017).  

Thus, in this dissertation I will investigate how motility and potential sensory functions of LRO 

cilia could contribute to the establishment of the left – right axis and how ciliary motility is 

regulated both in the embryonic LRO and in the respiratory epithelium of PCD patients.  

 

1.1. CILIA BIOLOGY 

1.1.1. Motile and immotile cilia 

Cilia are highly complex hair-like structures that protrude from the membrane of almost every 

human cell and are evolutionarily conserved across the eukaryotic kingdom. In general, the 

cilium elongates nine doublets of microtubules to form the cytoskeleton core, called axoneme, 

from the nine triplets of microtubules present in the basal body, a modified mother centriole 

that anchors the cilium to the apical cell surface (reviewed by Ishikawa & Marshall, 2011).  

The microtubules are composed of α and β tubulin heterodimers that form a complete 13 

protofilaments A-tubule and an incomplete 10 protofilaments B-tubule. The doublet is highly 

stable, even under significant stress during rapid ciliary beating, allowing cilia to be both 

actively bendable and sturdy (reviewed by Ichikawa et al., 2017). 

The axoneme is ensheathed by a membrane that despite being continuous with the plasma 

membrane, exhibits a distinctive lipidic and protein composition. The identity of the ciliary 

membrane is maintained by different diffusion barriers at the cilia base (Verheya & Yang, 

2016) and allows the cilium to function as a hub for signaling pathways (reviewed by Satir & 

Christensen, 2007). 

The basic ultrastructure of the ciliary axoneme contains the ring of nine outer doublets of 

microtubules, in a called “9 + 0” configuration. Moreover, given the multitude of existing cilia, 

others can have additional two microtubule singlets placed in the middle of the nine 

microtubules ring, referred to as the “9 + 2” configuration, and may also have molecular motors 

and radial projections.  

During ciliogenesis, ciliary proteins are selectively imported and transported through the cilium 

by the intraflagellar transport (IFT). Using large macromolecular IFT trains, this system 

provides ciliary cargo transport from the cell body towards the tip of the cilium (anterograde 

transport) or from the ciliary tip back to the basal body and the cell (retrograde transport), 
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powered by the molecular motors kinesin-2 and dynein-2 respectively (Cole et al., 1998; 

Pazour et al., 1998). Therefore, this molecular motor-driven system is responsible not only for 

the assembly and elongation of cilia, but also for the maintenance of ciliary length, through 

different rates of transport of the ciliary building blocks (reviewed by Wang et al., 2021). 

Additionally, IFT plays an important role in cilia function through the transport of 

mechanosensory and chemosensory proteins, as well as motility-associated appendages 

(Bhogaraju et al., 2013). 

Hence, depending on its function, cilia are divided into two groups: primary and motile cilia. 

The primary cilia, also known as sensory cilia, are found on most cells in the human body as 

a single cilium per cell. Their shape, length and disposition across the cell can differ from one 

tissue to another, but primary cilia are generally described as non-motile cilia with a “9 + 0” 

axonemal organization devoid of motor components (Singla & Reiter, 2006). Some exceptions 

exist, like the kinocilia of hair cells that have an axonemal “9 + 2” conformation and an 

incomplete motor complex, which is not sufficient to induce motility (Kikuchi et al., 1989) and 

the primary cilia of olfactory sensory neurons that have an axonemal “9 + 2” conformation with 

a complete absence of the motor complex (Menco, 1984). 

Primary cilia selectively incorporate specific receptors and ion channels at the ciliary 

membrane and high concentrations of protein transporters and signaling effectors within the 

axoneme. This specialized microenvironment allows the cilium to perceive stimuli from the 

extracellular space and convey that signaling information to the cell to regulate diverse cellular 

processes, including cell migration, differentiation, cell division and apoptosis, during 

development, organ function homeostasis and diseases. A diverse array of stimuli has been 

linked to the primary cilium, such as odorants, light, fluid shear stress, pressure and signaling 

molecules (reviewed by Berbari et al., 2009). Moreover, many signaling pathways are involved 

with cilia, including Hedgehog (Huangfu et al., 2003), Wnt (Otto et al., 2003; Corbit et al., 2008) 

and Notch signaling (Ezratty et al., 2011; Leitch et al., 2014), among others. Unsurprisingly, 

mutations that affect cilia give rise to broad phenotypically-overlapping pathologies, affecting 

embryonic development as well as postnatal life (reviewed by Fliegauf et al., 2007). 

In contrast to primary cilia, only a few differentiated cell types develop highly specialized cilia 

that can move. Multiple motile cilia arise from the apical surface membrane of respiratory 

epithelial cells, fallopian duct epithelial cells and ependymal cells from the ventricles of the 

brain. These cilia beat in a synchronous fashion within and between neighborhood cells and 

play a critical role in fluid and particle transport to clear the mucus from the lungs, to move the 

egg through the reproductive system and to circulate the cerebrospinal fluid within the brain. 

Additionally, single specialized motile cilia protrude from the embryonic LRO cells, in order to 
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regulate the directional fluid flow necessary for the establishment of the left – right axis. Single 

cilium or flagella also protrude from spermatozoa, to promote gamete cell locomotion through 

the female reproductive tract (reviewed by Lee & Ostrowski, 2021). In addition to these roles, 

motile cilia can have concomitantly sensory functions. For instance, in human airway epithelial 

cilia, bitter taste receptors detect noxious compounds and elicit a ciliary beat frequency 

response to eliminate those compounds from the lungs (Shah et al., 2009). Whereas in mouse 

oviduct cilia, progesterone receptor and estrogen receptor are known to detect sex hormones 

(Teilmann et al., 2006), and calcium permeable cation channels are present and thought to 

mediate oviduct function (Teilmann et al., 2005). 

With a few exceptions like the mouse LRO ciliated cells that have a “9 + 0” axonemal 

configuration, motile cilia are characterized by a “9 + 2” axonemal structure and the presence 

of motility associated appendages. These appendages form a complex and conserved 

structure of axonemal dyneins, radial spokes and nexin links (Ishikawa, 2017). 

The axonemal dyneins are large multiprotein complexes from the family of ATPase motor 

proteins that can be divided into outer dynein arms (ODA), that extend from the peripheral 

side of the A-tubule from each microtubule doublet facing the ciliary membrane, and inner 

dynein arms (IDA), that extend from the central side of the A-tubule facing the central pair 

apparatus. The ODAs are composed of heavy-chains (400–500 kDa), intermediate chains 

(45–140 kDa) and light chains (8–28 kDa) and contain the AAA+ head domain that allows the 

chemical energy of adenosine triphosphate (ATP) binding and hydrolysis conversion into 

mechanical force (reviewed by King, 2016). By generating force, ODAs drive transient binding 

and sliding of neighboring microtubule doublets and, therefore, ciliary bending. The continuous 

beating is promoted by the synchronous switch between active and inactive dyneins, 

asymmetrically distributed, along the entire axoneme (Lin & Nicastro, 2018). ODA heavy 

chains can be further classified into subtype 1, which are located in the most proximal part of 

the ciliary axoneme; subtype 2, located in the distal part of the axoneme (Fliegauf et al., 2005) 

and subtype 3, located throughout the entire axoneme (Whitfield et al., 2019). 

On the other hand, IDAs are smaller protein complexes mostly involved in the initiation of an 

asymmetric ciliary bending, controlling the amplitude and shape of microtubule movement, in 

order to create a distinct ciliary wave pattern (Kamiya et al., 1991; Yamamoto et al., 2021). 

Before being incorporated into the axoneme, dynein arms are pre-assembled and stabilized 

in the cytoplasm by the chaperones and co-chaperones dynein axonemal assembly factors, 

and then transported to the cilium during ciliogenesis. ODAs need additionally an ODA docking 

complex that facilitates its binding to the microtubules (Owa et al., 2014). 
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Besides dyneins, motile cilia present linking components such as the nexin-dynein regulatory 

complex (N-DRC), the radial spokes and the central-pair projections. The N-DRC connects 

adjacent outer doublet microtubules to each other (Oda et al., 2013), whereas the radial 

spokes and the central pair-projections connect the outer doublet microtubules to the central 

pair microtubules (Goodenough & Heuser, 1985). Collectively, these structures not only 

modulate dynein motors spatial and temporal inhibition, but also regulate microtubules 

alignment and sliding activity, and consequently, the direction and propagation of ciliary 

movement . 

The distribution of motility associated appendages throughout the ciliary axoneme is repeated 

every 96 nm and determined by the CCDC39 and CCDC40 molecular ruler complex. 

Moreover, this complex provides well-defined docking sites for individual IDAs along the 

repeat (Oda et al., 2014). 

Overall, more than 400 proteins have been identified to be involved in motile cilia assembly, 

structure and function (Pazour et al., 2005; Blackburn et al., 2017). Such diversity can also be 

appreciated by the different movements that characterize each type of motile cilia. 

In motile multiciliated cells, like the human respiratory epithelial cells, each cilium shows a two 

active parts planar motion, characterized by a power stroke and a recovery stroke (Figure 1.1 

A) (reviewed by Satir et al., 2014). During the power stroke, the cilium moves perpendicular 

to the cell surface to generate fluid forward propulsion, while during the recovery stroke, the 

cilium bends and swings backwards more parallel to the cell surface, avoiding interference 

with the fluid transport. Hence, the two asymmetric strokes produce a unidirectional fluid flow. 

Whereas looking into these cilia within the tissue context, each cilium beats in a phase-shifted 

manner with its neighbors along the power stroke axis and in a synchronous manner with its 

neighbors in the perpendicular axis (Sanderson & Sleigh, 1981). This generates a metachronal 

wave that propels bulk mucus transport, also known as mucociliary clearance, without 

increasing the energetic burden on each cilium (Elgeti & Gompper, 2013). 

On the other hand, in motile monociliated cells, as sperm, the flagella move in a periodic wave-

like beat with a helical pattern, in order to propel a unidirectional swimming motion (Figure 1.1 

B). This is achieved by a one-sided flagellar rolling stroke around the swimming axis coupled 

with a pulsating head spinning around the sperm’s longitudinal axis, which rolls the sperm to 

beat equally on all sides (Gadêlha et al., 2021). Asymmetric and unilateral position of ion 

channels along the flagellum ensure fast signal transduction, ultimately regulating sperm 

waveform torsion (Miller et al., 2018) 

Additionally, in monociliated LRO cells, cilia move in a circular motion (Figure 1.1 C and D) 

(Nonaka et al., 1998, 2005; Kramer-Zucker et al., 2005; Okada et al., 2005; Schweickert et 
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al., 2007). Interestingly, in the zebrafish LRO, although all cilia appear to have a normal motile 

“9 + 2” axonemal configuration showing a rotational movement (Kramer-Zucker et al., 2005; 

Tavares et al., 2017), some cilia randomly distributed around the organizer were described as 

“wobbling” due to its double ciliary beat frequency, and consequently, irregular movement 

pattern (Sampaio et al., 2014). On the contrary, in the mouse and medaka fish LROs, circular 

motion cilia have a “9 + 0” axonemal configuration with both outer and inner dyneins arms 

present (Nonaka et al., 1998; Takeda et al., 1999; Okada et al., 2005). Moreover, in the mouse 

LRO, cilia with a “9 + 2” ultrastructure were also seen, but in a much lower density and 

randomly distributed around the organizer (Caspary et al., 2007; Odate et al., 2016). 

Physiological significance for these scarce singular cilia with different ultrastructure, present 

both in zebrafish and in mice, has not been found so far. 

Figure 1.1: Cilia characterization. 
Cilia can be classified into two main groups: the motile and the immotile cilia. (A) Representation of a single 
motile cilium from a multiciliated cell. Multiple cilia have a “9 + 2” ultrastructure pattern and a synchronized 
waveform motion, with an effective power stroke (purple arrows) and a recovery stroke (green arrows). These 
cilia are present in different tissues as the respiratory epithelium, ependymal cells from brain ventricles and both 
female and male reproductive tracts, in order to generate a directional fluid flow. (B) Representation of a single 
motile cilium or flagellum that protrudes from the spermatozoa. While having the same “9 + 2” ultrastructure 
pattern, this cilium has a sigmoidal motion that generates a propulsive force capable of moving the sperm 
through the medium. (C) Representation of single motile cilium with a bended and rotatory motion, present in 
the left-right organizer of the zebrafish embryo (“9 + 2” ultrastructure pattern). (D) Representation of single 
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motile cilium with a stiff rotatory motion, present in the left-right organizer of the mouse embryo (“9 + 0” 
ultrastructure pattern). Both LRO cilia rotate in a clockwise fashion when viewed from the apical side of the cell, 
in zebrafish, and from the ventral side, in mouse. (E) Representation of an immotile cilium with a “9 + 0” 
ultrastructure pattern that acts as primary or sensory cilia in multiple organs of the body. (F) Transversal view of 
cilia structure and main components. The ultrastructure pattern refers to the nine microtubule doublets and to 
the presence or absence of a central microtubule pair. 

 

It should be noted that the circular motion is yet different between species. While zebrafish 

LRO cilia bend simultaneously with the rotatory movement (Sampaio et al., 2014; Pintado et 

al., 2017) (Figure 1.1 C), mouse cilia are stiffer, resulting in a straight conical movement 

(Okada et al., 2005). 

Generally, LRO motile cilia are responsible for generating a transient fluid flow to initiate an 

asymmetric activation of a genetic cascade signaling that guides asymmetric morphogenesis 

of emerging internal organs. Besides rotational movement, cilia tilt and cilia length are crucial 

to produce the optimal directional fluid flow. Cilia rotate in a clockwise direction when viewed 

from the ventral side in the mouse LRO and from the apical side of cells in the zebrafish LRO 

(Nonaka et al., 2005; Okada et al., 2005; Okabe et al., 2008). This directional rotation is 

caused by a chiral asymmetry of microtubules and dynein arms arrangement within the cilium 

(Hilfinger & Julicher, 2008). Cilia tilt is given by the polarization of the basal body, that in 

response to non-canonical Wnt/planar cell polarity (PCP) signaling is gradually shifted towards 

the posterior side of the cell (reviewed by Shiratori & Hamada, 2006). Cilia length can also 

have a major impact on fluid flow production, by influencing the ciliary beat amplitude and, 

consequently ciliary beat frequency (Pintado et al., 2017). Several signaling pathways have 

been involved in cilia length control, such as FGF pathway (Neugebauer et al., 2009), Notch 

pathway (Lopes et al., 2010) and mTOR pathway (Yuan et al., 2011). 

Therefore, motility-associated appendages increase cilia complexity, from motor-proteins 

assembly in the cytoplasm, proper chirality and spacing of motility unit along the cilium length 

(Figure 1.1 E), to the management of cilia length, apical polarization in the cell, beat frequency 

and movement pattern. 

Regarding ciliary motility, experiments using isolated cilia from Chlamydomonas with 

detergent-removed ciliary membrane, showed motility re-activation in the presence of 

exogenous substrates and cofactors (nucleotides, ATP, metals) (Satir, 1980). Such molecules 

regulate specialized dyneins, ATP/ADP-generating enzymes (nucleoside diphosphate 

kinases), many phosphatases (PP1 and PP2) and kinases (PKA and PKC) and 

reduction/oxidation (redox) system associated proteins (Price & Sisson, 2019). These 

experiments revealed not only that the axoneme contains all components and 

macromolecules necessary for ciliary bending, but also that it can produce a behavioral 
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response to second messengers. Thus, uncoupling some ciliary motility triggers and further 

increasing the level of complexity of motile cilia regulation. 

 

1.1.2. Cilia motility regulation 

Although much progress has been made in the cilia field, the mechanisms underlying ciliary 

beating are still debatable. How spontaneous beating or changes in the cilia beat frequency 

and waveforms in response to signaling cascades occur are yet not well understood. These 

signaling pathways, in turn, can be activated by specific receptors located at the ciliary 

membrane or from elsewhere in the cell. 

Cilia motility function relies on elevated levels of energy-demanding activity, fueled by the 

power released from ATP hydrolysis performed by the dyneins heavy chains along the entire 

axoneme. Since ATP consumption is proportional to cilia beat frequency, ATP supply must be 

efficiently delivered to sustain cilia intense activity and avoid cilia fatigue (Chen et al., 2015). 

Mitochondria are densely present in the apical surface of the cell in close proximity to the basal 

body, and subsequently to the ciliary axoneme (Pack et al., 1980). Thus, they are in a fine 

position to provide ATP to the cilium. 

On the other hand, the major source of ATP in mammalian sperm cells is glycolysis. Several 

glycolytic enzymes and glucose transporters were found anchored around the flagellum 

axoneme and in the principal piece membrane, respectively. These molecules can incorporate 

glucose into the ciliary lumen and locally catabolize it into ATP, leading to the hyperactivation 

of motility necessary for sperm locomotion through the oviduct (Eddy et al., 2003). 

Thus, intracellular ATP is sufficient to govern inherent and spontaneous ciliary beating, 

whereas ciliary beat frequency can be modulated by the second messenger cyclic adenosine 

monophosphate (cAMP), cyclic guanosine monophosphate (cGMP) and calcium (Ca2+) (Ma 

et al., 2002). 

Regarding the second messenger cAMP, the major sources are the adenylyl cyclases, that 

can be activated dependent or independently of increased concentrations of intracellular Ca2+. 

Once produced, cAMP acts as a co-factor and activates the axonemal anchored protein kinase 

A (PKA) (Kultgen et al., 2002). The target of cAMP-dependent phosphorylation was first 

identified in the Paramecium ciliary axonemes, an ODA light chain p29. Functionally, 

phosphorylation of p29 mediates a switch from slow to the fast microtubule sliding velocity, 

increasing the ciliary beat frequency and therefore the swimming speed of Paramecium 
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(Hamasaki et al., 1991). An orthologous target of PKA was also found in mammalian airway 

cilia (Salathe et al., 1993). 

On the other hand, the mechanism by which the cGMP signaling and cGMP-dependent protein 

kinase (PKG) regulates ciliary beat frequency remains unclear (Salathe, 2007). 

Regarding the Ca2+ signaling, between different organisms, it has been involved in ciliary or 

flagellar waveform changes, rotation or reversal of ciliary or flagellar beating direction, beating 

arrest and beat frequency regulation (reviewed by Inaba, 2015). Studies from 

Chlamydomonas flagella showed several calcium binding proteins anchored to the axoneme. 

Some examples are ODA-DC3, a subunit of the ODA docking complex; LC4, an ODA light 

chain; centrin, a component of some inner-arm dyneins and calmodulin-binding proteins 

associated with radial spokes and central appendages. Once within the ciliary axoneme and 

depending on its concentration, calcium can bind to these calcium sensors and promote 

conformational changes in order to catalyze microtubule sliding and consequently increase 

beat frequency and/or change the waveform (reviewed by DiPetrillo & Smith, 2009). 

In mammalians, however, changes in intraciliary Ca2+ are most frequently associated with 

changes in ciliary beat frequency, showing a linear relationship (Girard & Kennedy, 1986; 

Benedetto et al., 1991; Lansley et al., 1992; Schmid & Salathe, 2011).  

Intraciliary calcium increase can occur through the release of calcium from intracellular stores, 

or it can be transported from the extracellular environment by ion channels present in the 

ciliary membrane. One example of such ion channels is CatSper, exclusively expressed in the 

principal piece of spermatozoa, this chemosensory calcium channel orchestrates capacitation, 

chemotaxis, hyperactivation and acrosome reaction. In turn, CatSper is pH-sensitive and sex 

hormone-sensitive (reviewed by Rahban & Nef, 2020).  

The oviduct tract and airway epithelial cells also express calcium channels, such as the 

transient receptor potential cation channel subfamily V member 4 (TRP4) known to modulate 

ciliary beat frequency (Teilmann et al., 2005; Lorenzo et al., 2008), and the transient receptor 

potential family polycystin-2 (PKD2), to regulate ciliary motility (as proposed by Jain et al., 

2012).  

Besides concentration and spatial distribution, calcium signaling can also be triggered based 

on dynamic frequencies. Interestingly, for the previously mentioned calcium channels, calcium 

ion currents were found to be constitutively active in CatSper-expressed sperm cells (Kirichok 

et al., 2006), whereas Pkd2 channels were shown to produce consecutive calcium waves in 

order to induce a cellular response (Takao et al., 2013; Yuan et al., 2015; Mizuno et al., 2020). 
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Crosstalk between the three second messengers can also happen as, for instance, calcium 

signaling has been shown to regulate adenylyl cyclases and phosphodiesterases that in turn 

control cAMP production. Regarding what triggers these messengers to induce ciliary beat 

frequency variations, it includes extracellular ATP, acethylcholine (Lipson et al., 1997) and 

redox state changes (Price & Sisson, 2019). Additionally other signaling pathways have been 

described to completely abolish ciliary motility such as pH alterations (Sutto et al., 2004) and 

Notch signaling (Boskovski et al., 2013; Tavares et al., 2017). 

pH balance plays an important role in organ homeostasis, by shaping the biochemical 

reactions that support cellular functions. The intracellular pH in most living cells is tightly 

buffered between 7.0 and 7.4, however airway epithelial cells have been shown to have a 

distinctive region of the cytoplasm, in the vicinity of ciliary membrane, prone to pH variations 

and largely controlled by extracellular pH (Lemberskiy-kuzin et al., 2008). Elevation of 

extracellular pH has little impact on cytoplasmic pH but lead to the alkalinization of the ciliary 

membrane and to a faster ciliary beating, whereas intracellular acidification attenuates ciliary 

movement (Clary-Meinesz et al., 1998; Sutto et al., 2004). It has been proposed that increased 

pH near cilia can alter calcium and calmodulin binding constants, facilitating its complex 

formation and thereby stimulating ciliary beating (Lemberskiy-kuzin et al., 2008). 

Similarly, mammalian sperm cells are kept in a quiescent state at the epididymis lumen, a V-

ATPase dependently acidic environment (Pietrement et al., 2006), whereas their optimal pH 

environment for motility is between 7.2 and 8.2, observed within the female genital tract (Zhou 

et al., 2015). The V-ATPase is a vacuolar proton (H+) pump essential to maintain proper 

acidification of intracellular organelles, such as secretory granules, endosomes and 

lysosomes, and, when expressed at the apical membrane, establish acidification of 

extracellular compartments, such as the epididymis lumen (reviewed by Toei et al., 2010). 

When the sperm cells are transferred to an alkaline environment, it triggers the calcium 

channel Catsper, to increase calcium influx and consequently, inducing hyperactivated motility 

(Kirichok et al., 2006). 

A known pathway involved in regulating motile and immotile cilia is Notch signaling (Boskovski 

et al., 2013; Tavares et al., 2017). Notch signaling is essentially composed by the following 

core proteins: the Notch ligands, Delta or Jagged, that are expressed on the signal-dispatching 

cell and Notch receptors expressed in the signal-receiving cell (Figure 1.2) (reviewed by Hori 

et al., 2013).  

Notch ligands are transmembrane proteins with an extracellular domain required for Notch 

receptor binding. These proteins are ubiquitylated by E3 Neuralized and Mindbomb ligases, 

promoting its endocytosis, to either activate the ligand or regulate its accumulation at the cell 
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surface (reviewed by D’Souza et al., 2010). In addition, most ligands have a C-terminal PDZ 

motif that promotes interaction with scaffolding proteins in building functional protein 

complexes to facilitate signaling or determine protein localization (Pintar et al., 2007). Once at 

the plasma membrane, Notch ligands can bind to Notch receptors of adjacent cells.  

Notch receptors, on the other hand, are composed of a Notch extracellular domain (NECD), 

required for ligand interaction; a regulatory region, which prevents access to the S2 cleavage 

site in the absence of ligand and a Notch intracellular domain (NICD), required for 

transcriptional activation of downstream targets (reviewed by Kopan & Ilagan, 2009). In 

addition, during synthesis and secretion, these proteins are subjected to the post-translational 

modifications, such as O-glycosylation, O-fucosylation and O-GlcNAc addition, which are 

crucial for proper Notch folding and activity (Rana & Haltiwanger, 2011). Upon ligand-receptor 

engagement, the signal-dispatching cell undergoes a second endocytosis event that 

generates a pulling force to expose the regulatory domain of Notch receptor. By this time, 

Notch receptor suffers a serie of proteolytic cleavages, first a S2 cleavage by ADAM 

metalloprotease and then a S3 cleavage by γ-secretase complex, to release from the 

membrane the NECD-ligand complex to the signal-sending cell and the NICD to the cytoplasm 

of the signal-receiving cell (reviewed by Seib & Klein, 2021).  

Figure 1.2: Schematic representation of Notch signaling pathway. 
Signal-sending cells express Notch ligands (green) at the plasma membrane, which are activated dependent on 
ubiquitination (Ub) and endocytosis triggered by E3 Neuralized and Mindbomb (Mib, blue) ligases. Upon 
recycling to the plasma membrane, Notch ligands are now able to bind to Notch receptors (purple) located at 
the plasma membrane of signal-receiving cells. Ligand-receptor engagement allows a second endocytosis event, 
from the signal-sending cell, which generates a pulling force to expose the regulatory domain (brown) of Notch 
receptor, that is then cleaved by ADAM metalloprotease (orange) releasing the Notch extracellular domain 
(NECD). Notch receptor is further cleaved by the γ-secretase complex (red) releasing Notch intracellular domain 
(NICD) to the cytoplasm of the signal-receiving cell. NICD is translocated to the nucleus where it promotes gene 
expression of downstream targets. 
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The released NICD is translocated to the nucleus, where it forms a transcriptional complex 

with nuclear factors, such as the DNA-binding protein CSL (CBF/RBP in mammals, 

Suppressor of Hairless in Drosophila and LAG-1 in C. elegans), the co-activator Mastermind 

and others transcription activation mediators, to drive the expression of Notch downstream 

target genes (reviewed by Bray, 2006). Notch signaling and, therefore, its target genes, have 

been involved in a variety of developmental and physiological processes, such as cell-fate 

decisions, proliferation, apoptosis and cancer. 

In Xenopus and zebrafish LRO ciliated cells, Notch signaling regulates the ratio of motile and 

immotile cilia without affecting the total cilia number. Upregulation of Notch signaling by 

overexpression of Xenopus and zebrafish nicd led to a decrease of motile cilia number, while 

downregulation of Notch signaling by using zebrafish deltaD mutants had the opposite effect 

(Boskovski et al., 2013; Tavares et al., 2017).  

Furthermore, new genes are being discovered to have an effect on ciliary motility and beat 

frequency, such as AGR3, an endoplasmic reticulum disulfide isomerase (Bonser et al., 2015); 

CFAP43, a FOXJ1 downstream target (Rachev et al., 2020); and PACRG, which is regulated 

by a Parkinson’s disease associated protein (Wilson et al., 2010). This will further help to 

uncover new mechanisms that regulate cilia motility and the implications of ciliary dysfunction 

on disease pathogenesis. 

In this work I will further explore how regulation of motile – immotile cilia ratio, both in the 

embryonic LRO and the respiratory epithelium, links to primary ciliary dyskinesia syndrome. 

 
 

1.2.  PRIMARY CILIARY DYSKINESIA 

Defects in motile cilia result in primary ciliary dyskinesia (PCD), a heterogenous ciliopathy 

mainly characterized phenotypically by chronic respiratory symptoms, associated with defects 

in laterality establishment of internal organs, fertility and brain development. 

PCD was first reported in 1904 by AK Siewert, who associated bronchiectasis with situs 

inversus totalis (Siewert, 1903), a complete reversal of the internal organs condition, followed 

by Manes Kartagener that further included sinusitis in this syndrome (Kartagener, 1933). 

Years later, Afzelius found lack of dynein arms in sperm flagella and respiratory epithelial cilia 

from PCD patients, providing the first biological evidence of motile ciliary dysfunction as an 

etiology for PCD (Afzelius, 1976). 
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We now know that PCD is commonly an autosomal recessive hereditary disease, but X-

chromosomal recessive inheritance (Vervoort et al., 2002; Budny et al., 2006; Paff et al., 2017) 

and de novo autosomal dominant mutations (Wallmeier et al., 2019) have also been described 

(reviewed by Horani et al., 2016). PCD incidence is estimated to be around 1:10 000 live 

births, however it is highly variable between countries and worldwide accepted as 

underreported since milder cases may not get diagnosed (Rubbo & Lucas, 2017).  

PCD genes can be divided into three groups. The first group encompasses genes involved in 

ciliary axoneme structure, including ODAs, IDAs, microtubule inner proteins, N-DRC, central 

apparatus and radial spokes, that when mutated can lead to absence of each structural 

component or microtubule disorganization. The second group involves the cytoplasmic dynein 

axonemal assembly factors, responsible for pre-assembly and maturation of dynein arms, that 

when mutated can lead to the absence of both ODAs and IDAs. The third group comprises 

genes involved in multiciliogenesis, MCIDAS, CCNO and FOXJ1, where mutations in this type 

of genes lead to absence or reduced generation of multiple motile cilia. Altogether, mutations 

in nearly 50 different genes have been associated with PCD (Wallmeier et al., 2020). 

Regarding the effect of such mutations in cilia morphology and function, a range of 

abnormalities have been described from reduced cilia number (Boon, Smits, et al., 2014) or 

shorter length (Chivukula et al., 2020), circular ciliary beating pattern (Stannard et al., 2004; 

Castleman et al., 2008) to hyperkinetic motion (Schwabe et al., 2008; Horani et al., 2013; 

Bustamante-marin et al., 2019) and partial or complete absence of ciliary beating (Raidt et al., 

2014). Ultimately affecting cilia capability of driving effective fluid flow transport or sperm 

locomotion. 

The impact of cilia motility dysfunction within the airway epithelium can be observed soon after 

birth, as 80% of PCD newborns have neonatal respiratory distress. Without proper mucociliary 

clearance, it is speculated that, during the transition from liquid to air breathing, newborns’ 

distal airways are obstructed by mucus. This would explain the often-observed symptoms as 

decreased lung inflation and lobar collapse, and consequently respiratory distress with 

requirement to supplemental oxygen (Mullowney et al., 2014). From an early age, PCD 

patients develop wet and productive cough, recurrent nasal congestion, and chronic sinusitis. 

Recurrent bronchitis and pneumonia, due to opportunistic colonization of bacterial agents, 

ultimately lead to deterioration of lung function and obstructive lung disease, corrosion of lung 

structure and development of bronchiectasis. Additionally, recurrent ear infections and middle 

ear diffusion can also happen, increasing the chances of developing hearing loss and speech 

delay (Leigh et al., 2016). 
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In absence of effective treatment, PCD respiratory symptoms management relies on limiting 

lung disease progression through a healthy life-style, exercise and physiotherapy to stimulate 

cough and mucus clearance; endoscopic sinus surgery and broad-spectrum antibiotics to 

eradicate common respiratory pathogens. Lung transplantation is sometimes performed for 

end-stage respiratory failure. Therefore, PCD patients should be regularly followed up by 

specialists to access and monitor their pulmonary function (Lucas et al., 2014). Up to now, no 

drugs have been developed specifically to manage PCD, notwithstanding that a double-blind, 

randomized, placebo-controlled phase III clinical trial on the efficacy and safety of azithromycin 

maintenance therapy in PCD showed a high tolerability and a significant lower rate of 

respiratory exacerbations in the azithromycin-treated group (Kobbernagel et al., 2020). 

Ciliary motility impairment in the human embryonic LRO leads to the randomization of internal 

organ position along the left – right axis. Therefore, 50% of PCD patients have normal organ 

placement, called situs solitus, while the other 50% have laterality defects. Furthermore, the 

majority of these defects, about 40%, are classified as situs inversus totalis, a complete mirror 

image arrangement, and the remaining cases, as situs ambiguous, the common name to 

summarize the broad spectrum of abnormal organ arrangements that can occur between situs 

solitus and situs inversus (Shapiro et al., 2014). Additionally, PCD patients can also have 

congenital heart disease (CHD). Although CHD could be found in every situs related group, 

abnormal situs was considered a risk factor for CHD (Kennedy et al., 2007; Best et al., 2019).  

Even though, the majority of PCD genes have been associated with laterality defects, there 

are some exceptions, such as CCNO and MCIDAS (Boon, Wallmeier, et al., 2014; Wallmeier 

et al., 2014), which play a specific role in multiciliogenesis cells, or genes coding for central 

pair and radial spoke-related proteins (Olbrich et al., 2012; Knowles et al., 2014; Best et al., 

2019), supporting the hypothesis that human LRO cilia have an axonemal “9 + 0” 

conformation. 

Motile ciliary dysfunction can also affect male and female fertility. Sperm flagella and motile 

cilia are highly conserved, therefore PCD patients often show reduced or absent sperm motility 

and, consequently infertility. On the other hand, in cases where genetic conservation is not 

observed between the two organelles, PCD males with mutations on those genes can father 

children without assisted reproduction (reviewed by Sironen et al., 2020). Recently, it was 

found that motile cilia in the efferent ducts can also be responsible for male infertility even 

when sperm motility is normal (Aprea et al., 2021). Female infertility is thought to be caused 

by ciliary dysfunction of the fallopian tube in transporting the oocyte to the uterus (Halbert et 

al., 1997). Yet, recent studies have shown that 38.9% of PCD females had spontaneously 

conceived despite having seriously impaired ciliary motility (Raidt et al., 2015; Vanaken et al., 
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2017). This advocates that PCD causes increased risk of subfertility, rather than complete 

infertility, and/or muscle contraction of fallopian tubes could compensate for the lack of ciliary 

motility. 

Lastly, ciliary dysfunction can have an impact on brain development, by affecting motile 

ependymal cilia, and consequently lead to hydrocephalus. This phenomenon is more often 

reported for mutations affecting multiciliogenesis-related genes, such as MCIDAS, CCNO and 

FOXJ1 (Boon, Wallmeier, et al., 2014; Amirav et al., 2016; Wallmeier et al., 2019). 

 

1.2.1. PCD diagnosis 

One of the major problems in PCD relies on diagnosing patients, and as soon as possible, in 

order to minimize their general morbidity (Kuehni et al., 2010; Sommer et al., 2011). Since 

PCD is a rare disease, it is not surprising that there is a widespread lack of awareness about 

the disease and lack of specialized diagnostic facilities with experienced technicians (Strippoli 

et al., 2012; Behan, Galvin, et al., 2016).  

Additionally, as the most prevalent PCD symptoms are not specific, some patients may not 

even get a referral for testing. Although, the European respiratory society has developed a 

few recommendations on patient referrals (Barbato et al., 2009), PCD management is still 

highly variable within and between countries, mostly dependent on region, size of the center 

and the country’s general government expenditure on health (Strippoli et al., 2012). 

Different predictive tools were developed to further help clinicians determine the likelihood of 

a patient having PCD and consequently, refer them to a PCD center (Djakow et al., 2012; 

Behan, Dimitrov, et al., 2016; Leigh et al., 2016). These different questionnaires use medical 

data such as full-term pregnancy, neonatal respiratory distress, admission to neonatal 

intensive care unit, early-onset wet cough, early-onset rhinitis, laterality defects, congenital 

heart defects and chronic ear or hearing symptoms, to calculate a numeric score. The higher 

the score, the more likely a patient is to have PCD. Clinical index (CI) (Djakow et al., 2012), 

Primary CiliARy DyskinesiA Rule (PICADAR) (Behan, Dimitrov, et al., 2016) and North 

America criteria defined clinical features (NA-CDCF) (Leigh et al., 2016) are some examples 

of such tools that share similar sensitivity and specificity. Any of these tools can be 

implemented in health centers, being CI the easiest to establish since it does not require any 

specific examination, relying only on the patient's history (Martinů et al., 2021). 

Regarding PCD diagnosis, there is no “gold standard” test. Therefore, European respiratory 

society recommends a combination of PCD-specific tests, including nasal nitric oxide (nNO) 
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measurements, transmission electron microscopy (TEM) assessment, high-speed video 

microscopy analysis (HVMA), immunofluorescence (IF) labeling and genetic screens, and an 

algorithm for diagnostic testing (Lucas et al., 2017; Dalrymple & Kenia, 2019). In addition, 

diagnostic PCD tests require high-priced sophisticated equipment and experienced clinicians 

and scientists to analyze and interpret results, thus diagnosis should only be performed in 

specialized centers.  

nNO concentration, measured by sampling gas from one nostril, has been extensively used 

in PCD diagnosis. Although absolute values of nNO slightly fluctuate with the type of analyzer, 

sampling method and patient’s age, they are consistently lower in PCD patients than in healthy 

individuals, by a yet unknown mechanism (Collins et al., 2014). nNO measurements should 

be performed in a chemiluminescence analyzer with velum closure maneuver, to avoid 

contamination by lower airway gases (Lucas et al., 2017). Nevertheless, tidal breathing 

procedures are widely accepted for young children that struggle to do proper velum closure 

(Marthin & Nielsen, 2013).  

Noteworthy, while nNO measurements have a good sensitivity and specificity, around 10% of 

patients harboring mutations in specific PCD-associated genes show normal nNO levels 

(Marthin & Nielsen, 2011; Shapiro et al., 2020). 

On the other hand, visualization of ciliary ultrastructure by TEM was once considered the “gold 

standard” diagnostic technique for PCD. TEM can be performed on nasal or bronchial brush 

biopsies ultrathin sectioned and cilia can then be visualized under a final magnification of x60 

000 lens (Papon et al., 2010). Normally, more than 50 axonemes of individual cilia per patient 

should be analyzed for proper sample coverage (Shoemark et al., 2020). 

Typical hallmarks of abnormal cilia include lack of ODAs; lack of simultaneously ODAs and 

IDAs; lack of IDAs with microtubular disorganization and lack, single or misplacement of 

central pair with microtubular transposition (Leigh et al., 2016). Having into account and 

excluding from analysis the secondary ciliary dyskinesia changes, as swollen ciliary 

membranes, extra-tubules, microtubular defects and compound cilia, that are caused by PCD 

distinct respiratory infections and inflammation (Dixon & Shoemark, 2017), typical abnormal 

ciliary ultrastructure depicted by TEM are 99% specifically related to PCD. However, different 

systematic reviews have reported that around 30% of PCD patients exhibit either no 

ultrastructure defects or subtle abnormalities that can be easily neglected (Boon, Smits, et al., 

2014; Kouis et al., 2017). Intermittent defects can also be missed when insufficient numbers 

of cilia are analyzed (Lucas et al., 2017). 

Another PCD diagnostic test relies on the direct assessment of ciliary function by high-speed 

video microscopy analysis (HVMA). Ciliated cells from nasal, or less used bronchial, brush 
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biopsies can be recorded at high-speed (from 120 to 500 frames per second) and then cilia 

movement can be analyzed in slow-motion replays and characterized by its ciliary beat 

frequency (CBF) and ciliary beat pattern (CBP) (Lucas et al., 2017). CBF is measured either 

manually through ciliary movement kymographs or automatically using fast Fourier 

transformed softwares, such as CiliarMove (Sampaio et al., 2021), whereas CBP is mostly 

assessed manually. 

Particular CBFs have been linked to specific ultrastructural defects or genotypes. For instance, 

a complete ciliary immotility and a very reduced ciliary movement, with minimal residual 

beating phenotypes were observed in PCD patients with mutated-genes affecting both 

ODA/IDA and only ODAs, respectively. Increased CBFs, on the other hand, were found in 

CCDC39 and CCDC40 mutations, and in some DNAH11 variants (Raidt et al., 2014). 

Likewise, CBP has shown a high degree of genotype-phenotype correlation (Chilvers et al., 

2003). Normally, the ciliary beat cycle is characterized by a strong beating stroke followed by 

a recovery stroke, whereas PCD patients have been described by harboring similar strokes, 

static cilia, stiff beating, flickering, reduced bending or reduced amplitude and some with 

abnormal circular motion. Quantification of each pattern proportion was shown to be 

particularly helpful in distinguishing ODA/IDA defects, ODA defects, IDA and microtubular 

disorganization defects, central pair defects and normal ultrastructure PCD groups (Blanchon 

et al., 2020). 

Altogether, it was shown that HVMA has an excellent sensitivity and specificity by ones 

(Jackson et al., 2016), but the lack of standard methods, the variability among healthy 

individuals and the risk of observer bias, lead to CBF measurements not being recommended 

by others (Shapiro et al., 2016). For example, CBF and CBP change in a temperature-

dependent manner (Reula et al., 2021), and different centers have reported ciliary function 

measurements either at 37ºC, 25ºC or room temperature (Chilvers et al., 2003; Raidt et al., 

2014; Blanchon et al., 2020). This could be particularly challenging in generating comparable 

data. Moreover, it strengthens the necessity of each diagnostic center has a record of the CBF 

range for its own healthy control population.  

Moving towards standardization, recently some recommendations have been proposed to 

further increase HVMA power in PCD diagnosis and, possibly, in other research areas 

(Dalrymple & Kenia, 2019; Kempeneers et al., 2019). 

Of note, in cases of reduced generation of multiple cilia PCD, where the visualization of 

reduced numbers of motile respiratory cilia is conspicuous by TEM and HVMA, it is often mis-

interpreted as poor quality sampling. Both TEM and HVMA accuracy can be improved by 

repeating the analysis on air-liquid interface cultures from biopsied cells (Lucas et al., 2017). 
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As epithelial cells regrow and differentiate in a sterile environment, not only secondary defects 

from respiratory infections or inflammation normalize but also PCD derived defects remain, 

including the reduced generation of multiple cilia PCD defects (Wallmeier et al., 2014). 

Since 2005, immunofluorescence (IF) microscopy analysis has been applied to the PCD 

research field (Fliegauf et al., 2005), but validation studies to infer about the accuracy and 

limitations of this technique as a diagnostic tool are still a few.  

Conceptually, the use of specific fluorescent tagged antibodies in the respiratory epithelial 

cells allows to detect and localize ciliary proteins, within the cell and along the length of the 

ciliary axoneme, by fluorescent or confocal microscopy. Absence or mis-localization of such 

proteins can confirm the diagnosis of PCD (Dougherty et al., 2016), but sometimes may reflect 

the downstream abnormalities, rather than the mutated protein (Dougherty et al., 2020). 

A combined panel of antibodies against the ciliary proteins DNAH5 (an outer arm dynein), 

DNALI1 (an inner arm dynein), GAS8 (a nexin-link regulatory complex protein) and RSPH9 (a 

radial spoke component) was shown to be sufficient to identify ciliary defects in 88% of 

individuals suspected of having PCD. This panel covers the major ultrastructure defects and 

end products of multiple gene defects, but still missed 12% of PCD cases, that later after 

genotyping, revealed to be mutated-genes with normal ultrastructure by TEM (Shoemark et 

al., 2017). 

Although at the time of this study, IF showed a similar accuracy as TEM, sensitivity will 

increase facing the growing number of validated antibodies and possible combinations. 

Recently, 21 commercially available antibodies were validated, including 10 against proteins 

whose defects in the ciliary ultrastructure cannot be easily recognized by TEM, and more await 

validation (Liu et al., 2020). In addition, IF analysis is less expensive and easier to implement 

on a diagnostic center, has a shorter time of sample processing and analyzing, and requires 

fewer ciliated cells to achieve a definitive result when compared with TEM (Shoemark et al., 

2017). Thus, even IF analysis is not being recommended as a routinely PCD diagnostic test 

by European guidelines, it represents a good alternative to other tests, when these are not 

readily available (Lucas et al., 2017; Dalrymple & Kenia, 2019). On the other hand, IF analysis 

limitations stem from the observations that different pathogenic variants of the same gene can 

lead to the correct assembly of those proteins within the ciliary axoneme, showing a normal 

pattern by IF, and therefore resulting in false-negatives (Dougherty et al., 2016). 

A confirmatory diagnosis can be given by a genetic test showing a homozygous or compound 

heterozygous mutations (autosomal recessive PCD), a heterozygous mutation (autosomal 

dominant FOXJ1 PCD) or a hemizygous mutation (X-linked PCD), previously reported as 

PCD-causing variants. However, even after sequencing all known PCD genes, a causative 
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mutation will not be found in 20 - 30% of individuals with clinical manifestations compatible 

with PCD (Marshall et al., 2015). 

Nevertheless, the American thoracic society recommends the use of extended genetic panels 

for PCD diagnosis in patients with strong clinical phenotype (Shapiro et al., 2018). Genetic 

results can often be difficult to interpret due to the high number of variants of unknown 

significance, therefore detected mutations should be confirmed by Sanger sequencing, 

correlated with the phenotype assessed by any other PCD diagnostic test, and checked for 

parents’ segregation (Lucas et al., 2017).  

Latest advances in genetic approaches, such as in the whole-exome sequencing technique, 

have improved its technical complexity and time efficiency while it allows discovering new 

PCD-causing genes (Horani et al., 2012) and building data on candidate genes for further 

validation (Wheway et al., 2021). 

In summary, although PCD tests showed high specificity and sensitivity, when performed one 

of these techniques alone, 10 to 30% of PCD cases will remain misdiagnosed (Jackson et al., 

2016). Therefore, PCD patients require a disease-specific comprehensive multidisciplinary 

management approach and current recommendations accept a positive diagnosis based on a 

suggestive clinical background combined with at least two abnormal diagnostic results on the 

other PCD tests (Lucas et al., 2017).  

Once reached a positive PCD diagnosis, patients should be counseled regarding the outcome 

of the diagnostic tests and further assessed to investigate comorbidities and complications of 

PCD, such as an in-depth ear, nose and throat examination, pulmonary function follow-up, 

fertility and genetic counseling, and situs ambiguous related clinical important defects 

inspection (Shapiro et al., 2016). 

While situs inversus appearance is well understood in light of the ciliary dysfunction on the 

LRO cells during the embryonic development of PCD patients, situs ambiguous with complex 

congenital intracardiac defects is not fully understood and, particularly, how left – right 

patterning is integrated and translated by the developing cardiovascular system needs further 

elucidation (Shapiro et al., 2014). 
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1.3.  LEFT-RIGHT AXIS ESTABLISHMENT 

The embryonic development represents a long and carefully regulated journey for a zygote to 

achieve a fully differentiated embryo containing all structures and internal organs needed for 

adulthood survival and reproduction. Positioning of such structures and organs, like the heart, 

gut, liver and brain, within the body plan relies on progressive symmetry breaking events such 

as the establishment of the anterior – posterior (AP), dorsal – ventral (DV) and left – right (LR) 

axes, to ultimately build a functional system. In fact, abnormal LR patterning leads to laterality 

defects in 1:10 000 human births, apart from the laterality defects that arise in PCD patients 

(Lin et al., 2014). 

The main orchestrator of the LR axis patterning is the Nodal pathway, a left-sided determinant, 

conserved across the entire deuterostome tree of life, from vertebrates to primitive chordates 

and echinoderms, and in some protostomes, like snails and slugs (Blum et al., 2014; Blum & 

Ott, 2018). Within vertebrates, Nodal signaling has been extensively studied in chick, mouse, 

Xenopus and zebrafish (Levin et al., 1995; Collignon et al., 1996; Lustig et al., 1996; Long et 

al., 2003).  

The Nodal gene encodes a secreted growth factor belonging to the transforming growth factor 

beta (TGF-β) family, that is initially expressed bilaterally around the left-right organizer (LRO), 

together with its co-ligand growth/differentiation factor-1 (Gdf-1) (Rankin et al., 2000). Gdf-1 

binds directly to Nodal, allowing its secretion through the left side of the lateral plate mesoderm 

(LPM) and increasing its long-range activity (Tanaka et al., 2007). On the other hand, DAN 

Domain BMP Antagonist family member 5 (Dand5), a secreted Nodal inhibitor, is also 

expressed around the LRO, more intensively on the right side, and prevents Nodal spreading 

to the right sided LPM (Marques et al., 2004). Dand5 is also highly conserved within 

vertebrates, being previously known as Cerberus-like2 (Cerl-2) in mouse (Marques et al., 

2004), charon in zebrafish (Hashimoto et al., 2004) and Coco in Xenopus (Vonica & Brivanlou, 

2007). 

Therefore, activated Nodal signaling on the left side of LRO, but not on the right side, is able 

to induce its own transcription by a self-enhancement and lateral-inhibition (SELI) system 

(Nakamura et al., 2006), converting this small difference at the LRO into a robust asymmetry 

of Nodal expression at the left side of the LPM (Brennan et al., 2002; Saijoh et al., 2003). 

To exert its function, Nodal binds to its co-factor Cryptic, that facilitates their interaction and 

further activation of a transmembrane complex composed of serine/threonine kinase type I 

(ALK4) and type II (ActRIIB) activin receptors (Yeo & Whitman, 2001; Sakuma et al., 2002). 

Phosphorylation of ALK4, by activated ActRIIB, results in Smad2 phosphorylation. 

Consequently, Smad2 forms nuclear complexes with Smad4 and members of the FAST family 

of forkhead domain transcription factors to activate the expression of target genes (reviewed 

by Schier & Shen, 2000).  

Noteworthy, AtcRIIB receptor is widely expressed through the embryo (Oh & Li, 1997), 

whereas Gdf-1 and Cryptic are expressed at the mouse’s LRO and symmetrically in the LPM 

(Shen et al., 1997; Rankin et al., 2000), this means that both sides of LPM are competent to 

respond and induce Nodal signaling. Indeed, in mice Dand5 mutants, in the absence of its 

inhibitor on the LRO’s right side, 50% of the embryos showed a bilateral expression of Nodal 

at the LPM (Marques et al., 2004). 
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Regarding Nodal downstream target genes at the LPM, it includes Nodal itself, Lefty1, Lefty2 

and Pitx2 (Shiratori et al., 2001; Whitman, 2001). Lefty genes encode for secreted feedback 

looped Nodal inhibitors, that exert their functions by competing for the ability to bind the co-

factor Cryptic and also by blocking Nodal interaction with activin receptors (Sakuma et al., 

2002; Chen & Shen, 2004). Lefty1 is expressed in the midline, preventing Nodal diffusion and 

expression on the right side of LPM (Meno et al., 1998), while Lefty2 is expressed on the left-

sided LPM, adjacently or overlapping Nodal expression domains, preventing extended 

expression of Nodal and, consequently, bilateral expression of Pitx2 (Meno et al., 2001). 

Together, Nodal and Lefty comprise a reaction – diffusion system to restrict the range and 

duration of Nodal signaling in the developing embryo (Müller et al., 2012). By the time that 

Nodal transient expression on the left side of LPM stops, homeobox transcription factor Pitx2 

expression persists and, later on, is localized to the left side of the primordial organs (Shiratori 

et al., 2001). 

In summary, Nodal cascade signaling pathway plays a critical role in symmetry breaking of 

the LR axis. Interestingly, having symmetric signals that overall result in either bilateral 

expression or complete absence of Nodal in the LPM will give rise to different laterality defects. 

This happens because being a left-sided determinant means that cells that receive Nodal 

signals will adopt left-side morphology, whereas those that do not receive Nodal signals will 

adopt right-side morphology. Conversely, conditions where Nodal is bilaterally expressed in 

the LPM, such as in Lefty1 and Dand5 mutants, mice develop left pulmonary isomerism, 

meaning two left-side characterized lungs (mono-lobed lungs in mice) (Meno et al., 1998; 

Marques et al., 2004); whereas conditions lacking Nodal signaling in the LPM, such as in 

Cryptic and ActIIB mutants, mice develop right pulmonary isomerism, meaning two right-side 

characterized lungs (four-lobed lungs in mice) (Oh & Li, 1997; Yan et al., 1999), besides other 

laterality defects. 

In humans, mutations in these genes have also been described, associated with LR laterality 

defects, such as in LEFTY A and LEFTY B (Kosaki et al., 1999), CFC1 (CRYPTIC) (Bamford 

et al., 2000), GDF1 (Jin et al., 2017), PITX2 (Franco et al., 2017), DAND5 (Cristo et al., 2017), 

NODAL, ACVR2B and SMAD2 (Li et al., 2019). However, mutations in Nodal signaling only 

account for 3% of all patients with isolated situs ambiguous. This could be explained by LR 

patterning being a very robust system in humans and maybe additional pathways playing a 

role in close interaction with Nodal signaling, or most Nodal signaling mutations may cause 

lethal developmental defects. This last hypothesis is supported by the other roles of Nodal 

signaling during embryonic development of vertebrates in AP axis patterning and positioning, 

neural tube formation and mesoderm induction (Schier & Shen, 2000; Whitman, 2001). 

Nevertheless, human genotype – phenotype correlation reinforces the importance of Nodal 

cascade signaling the LR axis establishment and its conservation across vertebrates.  

Next, I will describe the early processes of symmetry breaking, prior to Nodal signaling, in 

mouse and zebrafish embryos separately, as clear differences will appear between the two 

animal models. 
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1.3.1. Early left-right symmetry breaking events in the mouse embryo 

While the first reports of human cases having situs inversus date back to 17-18th century 

(Baillie, 1789) and the first etiology theories were raised around the fetus turning direction 

regarding the umbilical cord (Cleveland, 1926), it was only in 1976, with Afzelius correlating 

the absence of ciliary dynein arms with situs inversus in PCD patients, that the first description 

of, a yet to discover, embryonic left-right organizer (LRO) harboring motile cilia was made 

(Afzelius, 1976). 

Nearly 20 years later, Sulik published the first extensive study on the development of the LRO, 

the node in mouse, unaware of its function (Sulik et al., 1994). The node is a transient organ 

that is fully formed around the late bud (LB) stage and the early headfold (EHF) stage, located 

between the anterior notochord and the primitive streak in the ventral midline of the embryo 

(Sulik et al., 1994). It is composed by approximately 250 columnar epithelial cells, referred to 

as the pit cells, displaced in a cup and concave arrangement elongated along the AP axis, 

where each cell exhibits a single motile cilium on their apical surface (Sulik et al., 1994; 

Nonaka et al., 1998; Yamanaka et al., 2007). On the other hand, surrounding the node in a 

horseshoe-shaped ring, the majority of cells, referred to as the crown cells, harbors a single 

immotile cilium (Bellomo et al., 1996; Lee & Anderson, 2008). On its ventral surface, the node 

is covered by the Reichert’s membrane, producing a small and contained extraembryonic 

liquid-filled space. 

By the same time that Nodal was identified in mice (Zhou et al., 1994) and found to be 

asymmetrically expressed at the node and at the LPM (Collignon et al., 1996; Lowe et al., 

1996), Lefty2 was found asymmetrically expressed at the LPM (Meno et al., 1998). 

As pieces of the LR patterning puzzle were being put together, several mouse mutants led to 

major contributions by showing experimentally the link between ciliary motility and LR 

patterning. 

The situs inversus viscerum (iv/iv) mouse mutant was known to have a 50% incidence of situs 

inversus (Hummel & Chapman, 1956; Layton, 1976). These mice harbor a single mutation on 

the left/right dynein gene, Lrd, currently known as dynein axonemal heavy chain 11 (Dnah11), 

that normally is expressed at the pit cells of the node and, at adulthood, in other ciliated tissues 

(Supp et al., 1997; McGrath et al., 2003). It was then shown that this mutation led to a complete 

absence of ciliary motility and consequently, lack of nodal flow and mis-expression of Lefty2 

at the right side of LPM in 50% of the embryos, which correlated with the situs inversus 

phenotype (Meno et al., 1996; Okada et al., 1999). A targeted deletion of the ATP binding 

domain necessary for the motor function of Lrd/Dnah11 was used to confirm the iv mutant 

results by showing similar phenotypes (Supp et al., 1999). 

As for the inversion of embryonic turning (inv/inv) mouse mutant, that have a partial deletion 

of Inversin gene, it was found to develop situs inversus in all homozygous mutants (Yokoyama 

et al., 1993; Mochizuki et al., 1998; Morgan et al., 1998). This mutation resulted in a complete 

or partial absence of motility in half of nodal cilia and therefore, a much slower and 

disorganized fluid flow and, later on, in a complete reversal of Nodal and Lefty2 expression 

patterns at the LPM (Collignon et al., 1996; Lowe et al., 1996; Meno et al., 1996; Okada et al., 

1999, 2005). Moreover, inv mutants showed a deformed node’s structure and 20% of cilia 

tilted incorrectly towards the anterior side, meaning that the phase and directionality of the 

effective stroke were reversed, advocating for the importance of LRO shape and cilia 
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polarization to develop a proper flow (Okada et al., 1999, 2005). Later on, some phenotypic 

variability was found across different inv mutants, depending on the mice strain background 

(Oki et al., 2009). 

On the other hand, Kif3A and Kif3B mouse mutants showed either bilateral or absent 

expression of Lefty2 at the LPM and, later on, a randomization of the LR position of the heart 

(Nonaka et al., 1998; Takeda et al., 1999). Kif3A and Kif3B are two molecular microtubule-

dependent motors of the intraflagellar transport (IFT) system, that act as a complex, to 

promote flagellar and ciliary assembly and structure maintenance (Morris & Scholey, 1997; 

Cole et al., 1998). Indeed, Kif3A and Kif3B proteins were localized along the axoneme of nodal 

cilia and mutations on those led to a complete absence of mature cilia and, consequently, a 

lack of nodal flow (Nonaka et al., 1998; Takeda et al., 1999). Furthermore, these authors 

described that the leftward nodal flow was generated not only by ciliary motility but also by a 

clockwise beat pattern combined with a posteriorly tilt of nodal cilia (Nonaka et al., 1998, 

2005). Ciliary tilt towards the posterior side ensures that the rightward recovery stroke passes 

closest to the surface, where it is more difficult to move fluid due to the cell surface resistance 

that retards the movement of the fluid and the cilium itself. Hence, avoiding a 

counterproductive rightward flow near the surface and increasing effectiveness of the leftward 

power stroke (Cartwright et al., 2004; Nonaka et al., 2005; Okada et al., 2005). 

Thus, the observations taken from the iv and inv mouse mutants suggested that a normal 

nodal fluid flow is necessary for the correct expression pattern of the asymmetric gene 

cassette and the LR patterning and, by adding the observations from Kif3A and Kif3B mouse 

mutants, reinforced the importance of cilia in generating that optimal leftward fluid flow.  

Lastly, mouse embryos at pre-somitic stages were cultured in a flow chamber and their 

membrane-removed nodes were exposed to a peristaltic pump-driven fluid. By applying an 

artificial fluid flow, Nonaka and colleagues showed that a rightward flow led to the reversal of 

the Pitx2 expression pattern and, consequently, to the reversal of heart position. Moreover, 

leftward artificial flow was sufficient to rescue the laterality defects of iv mutants, which have 

immotile cilia (Nonaka et al., 2002). This work elegantly demonstrated that the leftward fluid 

flow is not only necessary but also sufficient to trigger the symmetry breaking for the correct 

placement of visceral organs in the developing embryo.  

Studies of nodal flow dynamics showed that initially the leftward fluid flow is weak and locally 

generated in the node, at the early headfold stage, and then the net velocity increases until 

the flow becomes fully developed with a maximal global leftward directionality across the entire 

node, at 2 somite stage (ss) (Okada et al., 1999; Shinohara et al., 2012). This is most likely 

due to the gradual increase of motile cilia within the node cells, at the expense of immotile cilia 

(Yoshiba et al., 2012). Surprisingly and despite flow velocity increase, by using different 

concentrations of a nontoxic viscous methylcellulose to manipulate flow velocity, it was shown 

that the early and weak leftward fluid flow is enough to break the LR symmetry (Shinohara et 

al., 2012).  

As for the mechanism by which the LRO cells are able to perceive the weak fluid flow 

directionality and transduce it into gene expression changes, it would remain debatable for 

many years. 
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1.3.2. Hypothesis for the symmetry breaking: Chemosensing or Mechanosensing 

The first hypothesis for the determination of LR asymmetry came from Hirokawa’s group, upon 

showing that the node of wild-type mouse embryos had a directional nodal flow towards the 

left side capable of propel fluorescent latex beads. They proposed that an unknown factor was 

secreted to the embryonic node where it was transported by the fluid flow and became 

concentrated on the left side of the node. This hypothesized gradient would allow more 

molecules of such a factor to bind to its receptors on the left side, reaching a threshold for the 

activation of the downstream cascade signaling (Nonaka et al., 1998; Takeda et al., 1999). 

Furthermore, by showing that in iv and inv mouse mutants, Lefty2 expression starts one somite 

later, they proposed that in the perturbed nodal flow scenario, symmetry breaking was delayed 

due to a slower accumulation of the morphogen (Okada et al., 1999). At this point, as Sonic 

hedgehog (Shh), a molecule involved in short- and long-range interactions, was found to be 

required for LR determination in chick’s node (Levin et al., 1995, 1997), Hirokawa’s group 

wondered if Shh role could be conserved in mammalian embryos (Okada et al., 1999; Takeda 

et al., 1999). 

Only in 2005, new contributions were made to this morphogen model by Tanaka’s work 

revealing that fibroblast growth factor (FGF) signaling was able to promote the release of small 

extracellular vesicles, called nodal vesicular parcels (NVP), carrying Shh and retinoic acid 

(RA). By time-lapse microscopy, they imaged membranous NVPs protruding from the 

microvilli of all regions of the ventral node, being carried by nodal leftward current and then 

fragmented by cilia on the left side of the node. Cracking NVPs would release its content near 

the apical membrane of the crown immotile ciliated cells and consequently trigger an 

intracellular calcium wave from the node towards the LPM. Moreover, they observed more 

NVPs in Kif3A mutants that do not have cilia, reinforcing the role of cilia in facilitating the 

fragmentation of NVPs (Tanaka et al., 2005) (Figure 1.3 A). 

 

Figure 1.3: Current models for the initial LR 
asymmetry breaking in the mouse node. 
(A) Chemosensation model is based on the morphogen-containing vesicle hypothesis proposed by Tanaka et al, 
after they observed nodal vesicular parcels (NVP, red) being transported by the fluid flow towards the left side 
of the node. Upon hitting the cilia or the cell wall, NVP would release its content (yellow) triggering an 
asymmetric calcium wave on the left node crown cells (brown). (B) Mechanosensation model is based on the 
“two cilia” hypothesis and proposes that the immotile cilia of crown cells are able to sense the fluid flow 
generated by the motile cilia in the pit cells. The leftwards flow would bend the immotile cilia from the left side 
of the node, triggering an increase of calcium signal (highlighted in brown) in a Pkd2-dependent mechanism.  
A, anterior. P, posterior. L, left. R, right. 
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Further mathematical modeling supports that both morphogens and NVPs released in a 

symmetric fashion into the cavity of the node would lead to a concentration gradient, with more 

particles on the left side, while assuming that the morphogen or NVPs are rapidly degraded 

or inactive after its release to avoid diffusion-induced uniform distribution throughout the node 

(Cartwright et al., 2004, 2007; Gallagher & Smith, 2020).  

However, simulations regarding NVPs rupture upon impact with cilia or with the cell surface 

found that it was impossible to occur, due to biophysical properties, namely viscosity, of the 

nodal fluid (Cartwright et al., 2007). Additionally, visualization of NVPs has not been replicated 

and further genetic analysis of Shh and RA mutants did not provide convincing support of their 

roles as nodal flow morphogens (Zhang et al., 2001; Vermot & Pourquié, 2005). 

On the other hand, before proposing the morphogen model, Okada and colleagues first 

considered that the flow itself could physically induce a mechanical response in crown cells 

(Okada et al., 1999). But it took a few years until a model based on ciliary mechanosensation 

for the initiation of LR asymmetry appeared (Figure 1.3 B). 

The major evidence for the mechanosensory function of cilia came from the Pkd2 mouse 

mutant, that had autosomal polycystic kidney disease and laterality defects, including 

randomization of organ arrangement, with right pulmonary isomerism in most embryos, 

absence of Nodal and Lefty2 expression at the LPM and abnormal expression pattern of Pitx2 

(Wu et al., 2000; Pennekamp et al., 2002). Thus, suggesting that Pkd2 would have a role 

upstream of the Nodal cascade signaling.  

Following on kidney studies, PKD2, polycystin-2, was shown to function as a monovalent 

cation-selective channel (transient receptor potential polycystic channel, TRPP2) with high 

permeability to calcium and to interact with PKD1, polycystin-1, a putative mechanosensory 

receptor (Hanaoka et al., 2000; González-Perrett et al., 2001; Retailleau & Duprat, 2014). The 

PKD1-PKD2 complex, localized at the kidney primary cilia, is responsible for detecting 

variations in the urine flow that are then transduced into the activation of PKD2 and 

consequently, into an increase of intracellular calcium (Pazour et al., 2002; Nauli et al., 2003, 

2006). Additionally, intracellular calcium waves were observed upon micropipette-driven 

bending of renal cilia (Praetorius & Spring, 2001), supporting the role of cilia as a flow sensor 

and the role of PKD1-PKD2 complex as a flow mechanotransducer. 

Whereas on LR field, Pkd2 was found to be ubiquitously localized, including in every nodal 

cell and its cilium, in contrast to Lrd/Dnah11 that was present only in a centrally located subset 

of cilia from the node, in the pit cells. By video microscopy analysis, presence and absence of 

Lrd/Dnah11 was correlated with motile and immotile cilia in mice. These two types of cilia were 

then proposed to have distinct roles in LR initiation: motile cilia from the pit cells would be 
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responsible for generating the asymmetrical nodal flow and immotile cilia from the peripheral 

crown cells would have the sensory function of perceiving that flow. This was called the ‘two-

cilia model’ (McGrath et al., 2003). Consistent with this hypothesis, calcium transients were 

observed at the left margin of the node and sometimes at a wider region of the left sided 

endoderm. Asymmetric perinodal calcium signal was absent in Lrd/Dnah11 and Pkd2 mouse 

mutants, supporting that those motile cilia were necessary to generate the leftward fluid flow, 

which in turn was being sensed by Pkd2, leading into an increase in intracellular calcium on 

the left side of the node (McGrath et al., 2003; Tabin & Vogan, 2003). 

Evidence for immotile cilia responsiveness to the fluid flow came from Yoshiba’s work, who 

elegantly showed, by restoring cilia formation specifically in the crown cells of an overall 

lacking cilia Kif3A mouse mutant, that embryos were able to respond to artificial fluid flow, 

based on Pitx2 expression pattern (Yoshiba et al., 2012). 

Further analysis of Pkd2 mouse mutant also showed that re-introduction of Pkd2 wild-type 

gene expression in the crown cells, and more specifically a Pkd2 variant capable to localize 

to the cilium were able to rescue the left sided expression of Nodal and Pitx2, whereas re-

introduction of Pkd2 expression in the pit cells or a Pkd2 variant incapable to localize to the 

cilium when expressed in crown cells were both inept of restoring the Nodal cascade signaling. 

Thus, confirming that the role of immotile cilia from mice crown cells in the LR determination 

is dependent on Pkd2 localization within those cilia (Yoshiba et al., 2012). 

Unexpectedly, Pkd1 mouse mutants develop progressive polycystic kidney disease but do not 

show any laterality defects, which later correlated with its absence from the node (Wu et al., 

2000; Karcher et al., 2005), raising the hypothesis that Pkd2 could have another partner in the 

LRO. In fact, the Pkd1 paralogue, polycystic kidney disease 1-like 1 (Pkd1l1), was found to be 

expressed in nodal cells and to physically interact with Pkd2 (Field et al., 2011). Moreover, 

Pkd1l1 mouse mutants, whose node’s structure, cilia morphology and motility were 

comparable to controls, showed a reliably absence of symmetry breaking processes, including 

symmetric expression of Dand5 and Nodal at the node and absence of Nodal, Lefty2 and Pitx2 

at the LPM and Lefty1 at the midline. Pkd1l1 mutants did not exhibit kidney developmental 

defects, consistent with polycystic kidney disease, thus supporting a role of Pkd1l1 as Pkd2 

partner restricted to the LR axis establishment (Field et al., 2011; Grimes et al., 2016). Similar 

results were observed in pkd1l1 medaka fish mutants (Kamura et al., 2011), arguing for a 

conserved role across vertebrates. Of note, PKD1L1 mutations have also been found in 

humans associated with laterality defects and congenital heart malformations (Vetrini et al., 

2016; Antony et al., 2022). 



CHAPTER 1. 

28 
 

The role of Pkd1l1-Pkd2 complexes at the LRO suggests that cilia function as 

mechanosensors of the leftward fluid flow. However, analysis of fluid flow strength suggests 

that it is too weak to efficiently deflect cilia and activate the polycystic complex, while flow 

directionality is perceived equally in both sides of the node, as cilia from the right and the left 

side will experience a similar flow emerging from the right side, causing a deflection towards 

the left. Thus, considering that the mechanical property of the flow that triggers LR asymmetry 

initiation is yet missing, both morphogen and ‘two-cilia’ hypotheses remain open (Omori et al., 

2018; Gallagher & Smith, 2020). 

 

1.3.3. Left-right genetic signaling cascade 

Independently of the role of the fluid flow at the LRO, either as being a mechanical force 

inducer or a chemical signal transporter, it remains as the first LR asymmetric phenomenon 

in the developing embryo. Prior to that, both sides of the embryo had developed equally, 

including within the node. 

About the early headfold stage, as the node is fully formed and cilia start to beat, Nodal and 

Dand5 are expressed symmetrically in a horse-shoe shaped pattern around the mouse node. 

Additionally, Nodal begins to be expressed at the left side of the LPM, around 4 ss, and 

progressively increases its expression pattern towards the anterior side until 8 ss, in contrast 

to Dand5 expression, which is restricted to the node (Collignon et al., 1996; Lowe et al., 1996; 

Marques et al., 2004). Additionally, it was shown that, at the node, these gene expression 

patterns undergo some changes, whereas Dand5 is downregulated on the left side and 

becomes strongly expressed on the right side, at the late headfold stage, subsequently and in 

an opposite trend, Nodal becomes strongly expressed on the left side of the mouse node, at 

2 ss (Marques et al., 2004; Kawasumi et al., 2011). Since Dand5 belongs to a family of 

secreted inhibitors of TGF-β proteins, it has been suggested that it antagonizes Nodal activity 

on the right side of the node, to prevent additional Nodal cascade signaling activation on the 

right side of the LPM. In fact, several pieces of data seem to corroborate this hypothesis. 

First, analysis of Dand5 mouse mutants revealed that 50% of the embryos had bilateral 

expression of Nodal at the LPM and, consequently, bilateral expression of its downstream 

target genes Lefty2 and Pitx2 at the LPM, whereas Lefty1 expression at the midline remain 

unchanged. Moreover, 10% of the embryos showed a right sided expression pattern of Nodal, 

Lefty2 and Pitx2 on the LPM. This fairly correlates with the 60% of mutant animals that showed 

either left pulmonary isomerism, thoracic situs inversus, situs ambiguous of the abdominal 

organs and cardiovascular malformations. Moreover, removal of one copy of Nodal from these 
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mutants, Dand5-/-;Nodal+/- mice, alleviated the number of embryos with laterality defects, when 

comparing with their siblings Dand5-/-;Nodal+/+ (Marques et al., 2004). 

Second, analysis of Pkd2 mouse mutants showed that the expression pattern of Dand5 was 

predominantly symmetric around the node and Nodal expression was absent from the LPM 

(Pennekamp et al., 2002; Yoshiba et al., 2012). Whereas in Pkd2-/-;Dand5-/- double mutants, 

Nodal is no longer repressed by its inhibitor and the expression pattern becomes randomized 

at the LPM, a phenotype partially resembling Dand5 mutants (Yoshiba et al., 2012). 

Lastly, co-injections of mouse Nodal and Dand5 mRNAs into the animal pole of Xenopus 

embryos showed a complete blockage of Nodal downstream targets expression, which was 

bypassed when a constitutively active form of a Nodal receptor was added (Marques et al., 

2004). Collectively, these studies argue that Dand5 truly antagonizes Nodal, most likely by 

physical binding in the extracellular space. 

The data from Pkd2 mouse mutants also suggests that Dand5 is the downstream target of 

Pkd2-dependent calcium signaling (Yoshiba et al., 2012). In fact, calcium oscillations were 

observed first symmetrically distributed around the node at the early headfold stage and then, 

at higher frequencies on the left side of the peripheral node from late headfold stage onwards. 

In Pkd2 mutants, calcium signals were overall reduced and symmetrically around the node 

(Takao et al., 2013). The presence of calcium signals oscillating at early stages suggests that 

not only calcium distribution but also calcium frequencies may be important for the LR 

asymmetry breaking. However, the molecular mechanism by which calcium signaling leads to 

the degradation of Dand5 mRNA remains unclear. 

On the other hand, manipulations of Dand5 mRNA sequence had revealed that its flow-

dependent downregulation is determined post-transcriptionally through its three prime 

untranslated region (3’-UTR). After Dand5 degradation is triggered by the leftward fluid flow, 

an inhibitory feedback loop with Wnt3a, which is asymmetrically expressed on the left side of 

the node, further decreases Dand5 on that side, in order to sustain the LR asymmetries 

(Nakamura et al., 2012). Moreover, Wnt3a, Dand5, Nodal and Gdf-1 expressions were 

abolished from the node upon inhibiting Notch signaling, suggesting that this pathway induces 

a synchronized expression of the LR asymmetry related genes as a set (Krebs et al., 2003; 

Raya et al., 2003; Kitajima et al., 2013). 

In summary, Wnt3a, Dand5, Nodal, Gdf-1 and Pkd2 are firstly symmetrically expressed around 

the embryonic mouse node (Figure 1.4 A). Cilia start to move generating a leftward fluid flow, 

that by a mechano or a chemosensory mechanism, is necessary and sufficient to trigger a 

Pkd2-dependent calcium signal on the left side of the node. This signal, by a yet uncovered 

mechanism, will trigger a left-sided Dand5 mRNA degradation, further sustained by Wnt3a 
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(Figure 1.4 B). Downregulation of the Nodal antagonist allows increased Nodal activation of 

phosphorylated Smad2 on the left side of the node and subsequent induction of the Nodal 

cassette signaling genes on the left side of the LPM (Figure 1.4 C and D). On the right side of 

the node, Dand5 continuously inhibits Nodal, to maintain these LR asymmetries (Figure 1.4 

B, C and D). 

 

 

Figure 1.4: Left-right patterning in the mouse embryo. 
(A) The mouse node has a ventral cup shape composed by pit cells at the center (grey cells) harboring motile 
cilia and by the crown cells (colored cells) that have immotile cilia. Crown cells express both Dand5 and Nodal 
transcripts symmetrically around the node. Motile cilia generate a leftward fluid flow that reaches its maximal 
velocity at 2-3 ss. (B) By 2ss, fluid flow has triggered a calcium wave on the left side of node, ultimately leading 
to the degradation of Dand5 transcripts. (C) In the absence of its inhibitor, Dand5, Nodal activates its own 
transcription on the left side of the lateral plate mesoderm and its antagonist Lefty1 in the notochord. Such a 
midline barrier prevents Nodal to travel to the right side of the embryo and induce its own expression in the 
right lateral plate mesoderm. (D) By 5 ss, Nodal propagated through lateral plate mesoderm towards the anterior 
pole of the embryo, concomitantly with Lefty2 expression activation in the left sided lateral plate mesoderm. 
Nodal and Lefty1 expressions are robustly expressed until 6 ss. Ss: somite stage. LPM: lateral plate mesoderm. 
A: anterior. P: posterior. L: left. R: right. 

 

 

1.3.4.  Left-right axis establishment in the zebrafish embryo 

The first phenomenon associated with the LR axis establishment in the zebrafish embryo is a 

hydrogen/potassium flux at the cleavage stages. Although symmetrically distributed, inhibition 

of H+/K+-ATPase proton pump led to the randomization of nodal and pitx2 expression pattern 

at the LPM, without affecting LRO cilia distribution or size, nor fluid flow (Kawakami et al., 
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2005). Similar roles for H+/K+-ATPase pump were seen in other vertebrates, such as chick and 

Xenopus, associated with a potential activation of Notch signaling and subsequently Nodal 

expression in the LRO (Levin et al., 2002; Raya et al., 2004; Hibino et al., 2006), however the 

underlying mechanism in zebrafish is poorly understood. 

It is understandable, nevertheless, that defects in the development of a proper LRO and in the 

setting of the necessary symmetric expression pattern of the LR related genes will have similar 

faulty laterality phenotypes as the ones caused by defects occurring after the LR asymmetry 

is established, for instance, in the Nodal cascade signaling. 

In zebrafish, the embryonic LRO is named Kupffer’s vesicle (KV) and presents a characteristic 

spherical fluid-filled structure enclosed by a ciliated curved epithelium, transiently located at 

the ventral side of tailbud between 2-3 ss and 20 ss (Cooper & D’Amico, 1996; Essner et al., 

2005). The KV cells derive from a subset of the dorsal surface epithelial cells at the dorsal 

margin of the embryo that, rather than involuting with the rest of the tissue at the beginning of 

gastrulation, they ingress towards the distal edge and convert into deep mesenchymal-type 

cells, that due to its position are called as dorsal forerunner cells (DFCs) (Figure 1.5 A) 

(Cooper & D’Amico, 1996; Melby et al., 1996). Such ingression movements are dependent on 

Nodal signaling (Oteiza et al., 2008). 

During epiboly stages, around 20 to 30 DFCs progressively cluster and migrate ahead of the 

dorsal margin attached to the overlying surface epithelium towards the vegetal pole. The 

number of DFCs was found to be highly variable between embryos and small reductions in 

progenitor cell number increase the likelihood of developing a defective KV (Moreno-Ayala et 

al., 2021). Therefore, to ensure that all progenitors reach the site of terminal differentiation in 

a sufficient number, DFCs cluster formation and organization is tightly controlled by E-cadherin 

mediated cell-cell adhesion (Oteiza et al., 2010; Pulgar et al., 2021). FGF signaling was found 

to increase e-cadherin in the DFCs adherent junctions by a positive feedback loop dependent 

on canopy1 and, subsequent induction of the FGF mediator tbx16, a T-box transcription factor 

(Amack et al., 2007; Matsui et al., 2011; Arrington et al., 2013). Another mechanism known to 

regulate cell adhesion is the planar cell polarity (PCP) signaling and, in fact, downregulation 

of the non-canonical Wnt/PCP signaling of princkle1a alone or combined with wnt11 reduce 

adhesion forces between DFCs, through e-cadherin, impairing its convergence and integration 

into a cluster and, consequently, leading to an abnormal KV morphogenesis (Oteiza et al., 

2010). Non-canonical Wnt signaling is also thought to inhibit canonical Wnt signaling in order 

to maintain DFCs clustering through migration. Inhibition of calcium signaling for 20 minutes 

during epiboly stages or knockdown of naked cuticle 1 (nkd1), a Wnt antagonist, lead to an 

increase in β-catenin translocation to the nucleus and consequently activation of β-catenin 
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downstream targets, individual DFCs scattered nearby the DFCs cluster and reduced KV size 

and cilia number. Nkd1 mediates β-catenin activity through downregulation of disheveled, a 

component of β-catenin degradation complex, whereas if nkd1 acts downstream or in parallel 

with calcium release is yet to be established (Schneider et al., 2008, 2010). 

While clustering and migrating towards the vegetal pole, DFCs also undergo mitotic division. 

Some studies have shown that inhibiting V-ATPase activity during epiboly stages reduced 

DFCs proliferation rate, most likely due to a dysregulation of proton flux and cytoplasmic pH 

(Gokey et al., 2015), while others have been shown that blocking Wnt signaling transiently or 

specifically in the DFCs lead to reduced number of KV cells (Caron et al., 2012; Zhang et al., 

2012). More recently, it was shown that the Hippo pathway is, in fact, the upstream signaling 

regulating DFCs proliferation, where loss of function of different transcription factors and co-

factors of this pathway reduced the mitotic rate and, in tandem, Yap gain of function resulted 

in larger KVs with higher number of cells (Fillatre et al., 2019).  

Interestingly, DFCs proliferation defects are often accompanied by shorter cilia in KV cells. 

This was found to be regulated by a chemokine signaling, composed with the cxcl12b ligand 

and the cxcr4a DFCs specific receptor, that links cell cycle progression and cilia formation. 

Upon activation of cyclin-dependent kinases, the cell cycle is accelerated to promote DFCs 

proliferation while foxj1a is phosphorylated in order to avoid its degradation and, consequently 

increase its cytoplasmic levels for further support in cilia initiation and elongation (Liu et al., 

2019). Foxj1a is a well-known forkhead-domain containing transcription factor that activates 

the transcriptional program for motile cilia production, such as the motility genes dnah7 and 

dnah9, within the zebrafish KV cells (Stubbs et al., 2008; Yu et al., 2008; Caron et al., 2012; 

Choksi et al., 2014). 

Hence, defects in DFCs clustering, proliferation and migration can lead to insufficient numbers 

of cells to accomplish a proper KV, compromising its structure, volume, cilia number and cilia 

length, in a way it can no longer establish a reliable LR patterning (Amack et al., 2007; Oteiza 

et al., 2008, 2010; Schneider et al., 2008; Zhang et al., 2012; Gokey et al., 2015; Moreno-

Ayala et al., 2021) 

By this early developmental time, from epiboly to bud, DFCs are regulated by Nodal related 

gene squint (sqt) and the T-box transcription factor tbxa (no tail, ntl, homologous to mouse 

brachyury), that drive the expression of the complex network necessary for the further steps 

of DFCs mesenchymal to epithelial transition, KV lumen formation, ciliary motor proteins 

expression and LR-related genes expression in the KV cells (Melby et al., 1996; Amack & 

Yost, 2004; Bisgrove et al., 2005; Essner et al., 2005; Amack et al., 2007; Gourronc et al., 

2007). 
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At bud stage, as DFCs undergo one last mitotic division, the cytokinetic bridges and midbodies 

remain in the cells and are translocated to the center of the cluster, as focal points of the future 

lumen formation site, and give rise to a three-dimensional rosette like structure (Figure 1.5 B) 

(Rathbun et al., 2020). Concomitantly, DFCs start to establish apicobasal polarity by 

expressing tight junction protein 1a (tjp1a) and claudin 5a (cldn5a) at the apical focal points 

and e-cadherin at the basal membranes, that will work together to firmly seal the KV during 

lumen formation and expansion, avoiding any fluid leakage (Oteiza et al., 2008; Tay et al., 

2013; Kim et al., 2017).  

 

 

Figure 1.5: Kupffer's Vesicle development. 
(A) At the shield stage, on the dorsal side of the embryo, a non-involuting endocytic marginal cells cluster gives 
rise to the dorsal forerunner cells (DFCs) that remain at the border of blastoderm margin. (B) At bud stage, DFCs 
have generated a cluster that collectively migrated towards the vegetal pole, underwent cell division and formed 
a rosette-like epithelial structure with a single focal foci at the center. (C) Between 1 and 2 ss, a small 
extracellular lumen is formed at the apical center concomitantly with ciliogenesis. One cilium protrudes from 
every KV cell and ciliary motility is acquired progressively. (D) At 3ss, only 25% of cilia are motile producing a 
weak flow. (E) At 5ss, 70% of cilia move and are capable of producing a homogeneous counterclockwise fluid 
flow. (F) By 8ss, KV cells have undergone cell shape remodeling, with more elongated compacted cells at the 
anterior region and wider at the posterior region, resulting in asymmetric distribution of cilia along the AP axis 
with a higher cilia density at the anterior side. Together with cilia motility continuously increasing, the directional 
fluid flow acquires its characteristic velocity and heterogeneous pattern, presenting a faster flow at the anterior 
quadrant of the KV. KV: Kupffer’s Vesicle. Ss: somite stage. A: anterior. P: posterior. L: left. R: right. 

 

KV lumen formation is a rapid and dynamic process that starts at 1 ss and expands until 8 ss, 

mostly dependent on fluid secretion and cellular morphological rearrangements (Figure 1.5 C, 

D, E and F) (Navis & Bagnat, 2015). Firstly, intracellular trafficking of vacuolar-like structures 

to the apical surface of KV cells, mediated by the unconventional myosin 1d, myo1d, delivers 

intracellular liquid directly into the lumen (Saydmohammed et al., 2018). In parallel, Rab11 

positive vesicles travel through the cytokinetic bridges towards the KV center to deliver the 
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cystic fibrosis transmembrane conductance regulator (Cftr) to the apical membrane (Rathbun 

et al., 2020). CFTR is the main driving force for liquid secretion and by regulating the transport 

of chloride into the lumen, the channel promotes a luminal electrochemical gradient of sodium 

that pushes the movement of water through the tissue into the lumen. In fact, lack of Cftr 

activity, in the zebrafish embryo, blocks KV lumen inflation and randomizes LR patterning and, 

conversely, pharmacological stimulation of Cftr results in KV lumen expansion (Navis et al., 

2013; Compagnon et al., 2014; Roxo-Rosa et al., 2015). This further supports the necessity 

of a minimum size threshold for a functional KV, nevertheless increased sizes can also result 

in defective KV morphogenesis and LR abnormalities (Compagnon et al., 2014; Gokey et al., 

2016). In agreement, studies have shown that cells must have a preventive lumen over-

inflation mechanism. In KV cells, Pkd2-dependent calcium increase in the cytoplasm seem to 

maintain the basal intracellular levels of cAMP required for the normal rate of Cftr activity, 

whereas in the absence of Pkd2, intracellular levels of cAMP increase and drive 

overstimulation of Cftr (Roxo-Rosa et al., 2015; Oliveira et al., 2021). A similar mechanism 

was observed in pkd2 mouse mutants during kidney cysts development (Walker et al., 2019). 

Secondly, cellular rearrangements of the KV occur between 4 ss and 6ss, becoming 

asymmetrically distributed along with the AP axis (Figure 1.5 D, E and F) (Kreiling et al., 2007; 

Okabe et al., 2008). KV cells from the anterior side show an increase in its volume and height, 

becoming larger and elongated, in contrast to the KV cells from the posterior side that show a 

decrease in its volume and length and an increase in width, resulting in shorter and wider cells 

(Wang et al., 2011; Roxo-Rosa et al., 2015; Dasgupta et al., 2018). This leads to a tight 

packing of ciliated cells into the anterior dorsal side and it has been shown to be dependent 

on Rho kinase 2a protein, Rock2b and non-muscle myosin II functions, two regulators of the 

actomyosin cytoskeleton. By downregulating rock2b or blocking Myosin II activity, KV 

remodeling was impaired and cells remained symmetrically distributed along the AP axis, 

leading to an abnormal counterclockwise flow and consequently to a randomization of LR 

patterning. Of note, these manipulations did not affect the KV lumen expansion nor the ciliary 

length (Wang et al., 2011, 2012). These authors further proposed, based on mathematical 

simulations, that Rock2b-Myosin II pathway regulates cell contractility and cell adhesion, to 

induce enough cell-cell tension to drive KV remodeling (Wang et al., 2012). 

On the other hand, KV re-shape was also seen to be dependent on the lumen expansion. By 

interfering with Cftr activity, asymmetrical cell distribution was abrogated (Compagnon et al., 

2014; Dasgupta et al., 2018). Supporting this, Compagnon and colleagues found an 

extracellular matrix (ECM) accumulation of laminin γ1 and fibronectin-1, triggered by the 

adjacent notochord. This local source of ECM components, at the interface of KV anterior 

region and notochord, would help to specifically constrain the anterior sided cells in response 
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to KV lumen inflation, whereas the posterior sided cells would undergo apical expansion 

(Compagnon et al., 2014). 

More recently, it has also been pointed out that the strong AP movements of the tailbud tissue 

surrounding the KV could produce sufficient viscoelastic drag forces to drive changes in KV 

architecture (Erdemci-tandogan et al., 2018; Sanematsu et al., 2021). 

Concomitantly with KV maturation, each cell grows a monocilia from its apical surface that 

progressively increase in length (Oteiza et al., 2008). This process is tightly regulated by 

different transcription factors, such as foxj1a and ntl (Essner et al., 2005; Stubbs et al., 2008; 

Choksi et al., 2014), ciliary proteins (Essner et al., 2005; Kramer-Zucker et al., 2005; Pintado 

et al., 2017), lipid production regulators (Sarmah et al., 2007; Jászai et al., 2020), cellular 

trafficking mediators (Kuhns et al., 2019) and signaling pathways, such as FGF (Neugebauer 

et al., 2009), Wnt (Caron et al., 2012) and Notch (Lopes et al., 2010), among others proteins. 

Together these proteins ensure the KV cilia achieve the correct length for optimal fluid flow 

generation within the lumen as flow varies exponentially with cilia length, within certain limits, 

by the power of 3 (Pintado et al., 2017). 

Additionally, ciliary motility is also acquired gradually during KV maturation (Figure 1.4 D, E 

and F) (Yuan et al., 2015; Ferreira et al., 2017; Tavares et al., 2017). Although KV cilia seem 

to share the same ultrastructure of “9 + 2” configuration with the necessary machinery to beat, 

they all start as immotile. Tavares and colleagues found that the motility switch is regulated 

by Notch signaling. Thus, increasing Notch signaling by overexpression of nicd (notch 

intracellular domain) led to a decrease in motile cilia number, while decreasing Notch 

signaling, using Notch ligand mutants such as, zebrafish deltaD and deltaD;deltaC double 

mutants, had the opposite effect, increasing the number of motile cilia, both manipulations 

without affecting the total cilia number (Sampaio et al., 2014; Tavares et al., 2017). 

Furthermore, this pathway was found to be at least partially mediated by hairy-related 12 gene, 

her12, a homologue of the mammalian HES5 that belongs to a family of transcription 

repressors. However, the full molecular mechanism by which Notch signaling or Her12 control 

cilia motility is still unknown. 

Regulation of motile – immotile cilia ratio and spatial distribution, by Notch signaling, is 

conserved in Xenopus LRO ciliated cells, mediated by Notch receptor-1 glycosylation via the 

action of N-acetylgalactosamine-type O-glycosylation enzyme Galnt11. Similarly to zebrafish, 

downregulation of notch1 or galnt11 led to an increase in motile cilia number, whereas 

overexpression of nicd led to a decrease in motility, resulting in defective LR patterning in both 

cases (Boskovski et al., 2013; Tavares et al., 2017). Moreover, GALNT11 protein was found 

to be enriched in crown cells of the mouse LRO and GALNT11 copy number variations were 
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found in humans associated with situs ambiguous, suggesting a conserved role of Notch 

signaling across vertebrate LROs (Fakhro et al., 2011; Boskovski et al., 2013). 

Thus, ciliary length and motility play crucial roles in the establishment of the KV fluid motion, 

however it is not enough to drive a directional flow. As in mouse, zebrafish LRO cilia are also 

tilted, but due to the complexity of KV 3D architecture the correct cilia orientation has been 

inconsistent, being reported as posteriorly tilted (Kramer-Zucker et al., 2005; Borovina et al., 

2010), dorsal tilted (Supatto et al., 2008) or a mix of the two depending on cell location (Okabe 

et al., 2008). More recently, Ferreira and colleagues analyzed the KV cilia tilt in 3D live 

embryos and found that they exhibit a meridional tilt towards the dorsal pole of the zebrafish 

KV, meaning that all motile cilia, independently of its location within the KV, can contribute to 

the flow directionality (Ferreira et al., 2017). This orientation makes the rightward fraction of 

the cilium motion to pass closest to the epithelial surface of the cell, where the viscous drag 

forces are greater, in opposition to the leftward motion that passes farther the cell surface. 

Consequently, the rightward movement forms the recovery stroke, producing a slow average 

flow velocity, and the leftward movement results in the power stroke, that efficiently generates 

a strong fluid flow motion towards the left side of the KV and above the cilia tips (Supatto & 

Vermot, 2011).  

The molecular mechanism that sets cilia orientation is regulated by the PCP pathway, where 

VANGL planar cell polarity protein 2 (vangl2) and myosin 1d (myo1d) have opposing activities 

to polarize the basal body docking at the apical membrane of the zebrafish KV cilia (Borovina 

et al., 2010; Juan et al., 2018). Similar PCP signaling contributions to cilia orientation were 

observed in mice (Hashimoto et al., 2010; Song et al., 2010) and in Xenopus (Park et al., 

2006, 2008). Additionally, other components involved in ciliary motility, such as cilia and 

flagella associated protein 298 (cfap298 or c21orf59), also modulate KV cilia orientation via 

the PCP signaling (Jaffe et al., 2016). 

As a result, the cilia orientation promotes a fluid flow counterclockwise direction by 4 ss and 

the KV remodeling promotes a higher density of cilia on the anterior side, which leads to a 

corresponding stronger local flow by the 5 ss. At the beginning, the average global flow velocity 

is low and then progressively increases with the length and number of motile cilia that arise 

during KV maturation (Sampaio et al., 2014; Montenegro-Johnson et al., 2016; Ferreira et al., 

2017; Tavares et al., 2017). 
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1.3.5. Hypothesis for flow sensing mechanism in a more complex LRO 

Motile cilia and directional fluid flow are well established to play critical functions in the LR 

patterning of both mouse and zebrafish. However, due to discrepancies in the anatomy of 

zebrafish LRO and consequently a more complex swirling motion of KV fluid flow, it is possible 

that flow sensing mechanisms may slightly operate differently in these two species. In fact, in 

mouse LRO where cilia numbers around about 200-300, as few as 2 cilia are enough to drive 

symmetry breaking of LR axis (Shinohara et al., 2012), in contrast to zebrafish, that have 

between 40 and 60 KV cilia in total and a minimum threshold of 30 was shown to be necessary 

to define the LR axis, where still 10% of the embryos would fail to achieve situs solitus 

(Sampaio et al., 2014; Moreno-Ayala et al., 2021). The variability of cilia number between 

zebrafish embryos suggests that it may not be under evolutionary pressure and the KV may 

be more of a biasing than robust organizer, accomplishing normal situs most of the times 

(Smith et al., 2014). 

Several theoretical and mathematical simulations have been used to find the best model, 

between the biochemical gradient towards the left side and flow direction-dependent physical 

stimulus, that try to explain the underlying mechanism of symmetry breaking within the 

zebrafish LRO environment (Smith et al., 2012; Sampaio et al., 2014; Montenegro-Johnson et 

al., 2016; Ferreira et al., 2017; Smith et al., 2019; Solowiej-Wedderburn et al., 2019; Cartwright 

et al., 2020). 

Advocating for a mechanosensory mechanism, Sampaio and colleagues found that locally 

generated flow was predictive of organ situs. By downregulating dynein axonemal heavy chain 

7, dnah7, and selecting embryos that showed only a few motile cilia clustered together 

specifically on one side or the other of the KV, they observed that local flow on the left side 

resulted in left sided hearts, whereas local flow on the right side resulted in right sided hearts 

(Sampaio et al., 2014). However, numerical calculated flow amplitudes from live imaged cilia 

were found to be highly variable between embryos and without a bias between left and right 

sides (Ferreira et al., 2017). 

As for the chemosensory mechanism in the KV, only predictions were made either using 

morphogens or vesicles, similarly to what was done in the mouse node (Cartwright et al., 

2020). Montenegro-Johnson, Ferreira and colleagues proposed that a signaling molecule was 

secreted from the anterior side, transported towards the left side by the fluid flow and 

accumulated in a time-dependent manner on the left sided KV cells, thereby generating a LR 

differential concentration capable of breaking symmetry (Montenegro-Johnson et al., 2016; 

Ferreira et al., 2017). It was calculated that a morphogen size between 2 and 10 nm would 
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correctly establish the LR asymmetric distribution in more than 95% of the simulations, without 

the need of having an anterior cluster of ciliated cells (Ferreira et al., 2017).  

In parallel, Solowiej-Wedderburn and colleagues suggested that the KV anterior side, due to 

its high density of motile cilia, may actually induce shear stress-dependent exocytosis of 

extracellular vesicles that would carry the morphogen inside. Given that KV fluid flow is 

governed by the low Reynolds number, which implies completely negligible inertial effects over 

viscosity, bigger vesicles would behavior similarly to the morphogens, with the exception that 

by having a greater mass, they would have lower diffusion rates (Solowiej-Wedderburn et al., 

2019). Although this piece of work is entirely theoretical, it is compatible with viable shear 

stress values observed in flow sensing human vascular endothelial cells (Baratchi et al., 2014, 

2016).  

Thus, I will next shed some light into the extracellular vesicles that may potentially be involved 

in zebrafish LR symmetry breaking. 

 

1.3.6. Extracellular vesicles 

The extracellular vesicles (EVs) comprise a heterogenous group of membrane enclosed 

structures, containing cytosol from the delivering cell and loaded with proteins, nucleic acids, 

lipids and other biomolecules, that are secreted from a wide variety of cells across prokaryotes 

and eukaryotes (Sager & Palade, 1957; Chatterjee et al., 1959; De, 1959; Sotelo & Porter, 

1959; Takeo et al., 1973). First thought to function as a waste disposal mechanism, EVs are 

now well-known to play diverse roles in cellular communications, providing a mechanism to 

transmit cargo in high concentrations, unaffected by diffusion or dilution, and therefore, 

mediating both cellular homeostasis and pathological conditions. Additionally, EVs offer cargo 

protection against degradation by RNases and proteases during its delivery process and 

encode the molecular information needed for targeting specific recipient cells (reviewed by 

Colombo et al., 2014; Woith et al., 2019). 

EVs can be generally divided into three main groups: apoptotic bodies, microvesicles and 

exosomes, based on their physical properties, content, size and nature, although some 

characteristics may be interchangeable among the groups depending on the cell type from 

which they derive (Figure 1.6) (reviewed by György et al., 2011; Bazzan et al., 2021). 

The apoptotic bodies are relatively large vesicles between 500 nm and 5 µm, highly variable 

in structure and composition, that result from the programmed cell clearance process, 

apoptosis (Hristov et al., 2004; Kakarla et al., 2020). During this process, the plasma 
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membrane deforms into blebs and generates membrane protrusions, driven by cytoskeleton 

collapse and increased hydrostatic pressure, leading to the final steps of fragmentation and 

vesicles release. Blebbing formation is mediated by Rho-associated protein kinase 1 (ROCK1) 

and myosin-light chain kinase (MLCK) by increasing actomyosin contraction (Mills et al., 1998; 

Aoki et al., 2020). Once the apoptotic bodies are formed, the most typical features are 

characterized by the externalization of phosphatidylserine (PS) to the vesicle surface and 

consequently the increase of Annexin V, a phospholipid-binding protein, at the membrane, 

whereas the cytosol contains biomolecules from the dying cell (Segawa et al., 2014). Both PS 

and Annexin V accumulation are widely used as specific apoptotic body markers (Engeland 

et al., 1998). Upon release, these vesicles can be either cleared by phagocytes, to avoid 

cytotoxic substance leakage into surrounding tissues or engulfed by target cells to promote 

compensatory proliferation, differentiation and regeneration (reviewed by Battistelli & Falcieri, 

2020; Li et al., 2020). 

Similarly, the microvesicles are also generated by the outward budding and fission of the 

plasma membrane but of non-apoptotic cells, mainly of platelet, erythrocyte, leukocyte, and 

endothelial origin (reviewed by Tricarico et al., 2017). Microvesicle production is triggered by 

ATP stimulation and an increase in intracellular calcium that activates the protease Calpain, 

which consequently detaches the membrane from the intracellular cytoskeleton, ultimately 

leading in a few seconds to a range of vesicles between 50 nm and 1 µm in diameter (Pasquet 

et al., 1996; Mallick et al., 2015). Upon stimulation, lipids, cell surface receptors, cytosolic 

proteins anchored to the plasma membrane and other cargoes selectively accumulate at the 

budding site (Alexy et al., 2014; Cocucci & Meldolesi, 2015). This process was found to be 

dependent on lipid rafts, Ras-related GTPase 22a (Rab22a), vesicle-associated membrane 

protein 3 (VAMP3) and Ras-related GTPase ADP-ribosylation factor 6 (ARF6) (Muralidharan-

Chari et al., 2009; Wang et al., 2014; Clancy et al., 2015). In turn, protein accumulation and 

specific lipid translocation between the leaflets of the membrane cause physical curvature and 

membrane bending. Concomitantly, ARF6 mediates MLCK activation and ARF1 mediates 

ROCK signaling pathway which together promote actomyosin contractility to drive membrane 

budding and fission (Cocucci et al., 2009; Muralidharan-Chari et al., 2009). Complete 

abscission of microvesicles can also involve the tumor susceptibility gene 101 (TSG101), a 

component of the endosomal sorting complexes required for transport (ESCRT)-I complex, 

the adaptor arrestin domain-containing protein 1 (ARRDC1) and the ATPase activity of 

vacuolar protein sorting-associated protein 4 (VPS4) that catalyze the final pinch-off from the 

membranes (Nabhan et al., 2012). 

Some of these sorting machineries and intracellular mechanisms can also play a role in 

exosome biogenesis in a distinct location within the cell. From the progressive maturation of 
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endosomes in the cytoplasm from early to late endosomes, results a multivesicular body 

(MVB) that by inward budding of the membrane becomes filled with intraluminal vesicles 

(ILVs). The fusion of the MVB either with the lysosome or the plasma membrane, can drive 

content degradation or ILVs secretion, respectively. Once in the extracellular space, ILVs are 

called exosomes (reviewed by György et al., 2011; Colombo et al., 2014). 

Assembly of ILVs can generally be divided into three pathways: one fully dependent on the 

endosomal sorting complexes required for transport (ESCRT) complex, another dependent on 

Syndecan-Syntenin-Alix complex and a third dependent on ceramide synthesis (Niel et al., 

2018). 

In the canonical ESCRT pathway, ESCRT-0 recruits and binds several ubiquitinated cargoes 

to small membrane domains within the MVB, ESCRT-I and II initiate local membrane 

invagination and ESCRT-III polymerizes around the neck of the bud and cleaves the 

membrane (Juan & Fürthauer, 2017). Additionally, by hydrolyzing ATP, the VPS4 is 

responsible for generating energy to depolymerize the ESCRT-III complex releasing the ILV 

inside the MVB (Scott et al., 2005). 

On the other hand, Syndecans are cell surface proteoglycans that act as co-receptors and 

help recruiting specific cargo to the ILVs through its heparan sulfate chains, whereas Syntenin 

is a PDZ-domain cytoplasmic adaptor (Grootjans et al., 2000). Together, Syndecan and 

Syntenin, form a tricomplex with Alix (ALG-2 interacting protein X), in order to sequester and 

stabilize the ESCRT-III complex (Baietti et al., 2012). Therefore, Syndecan-Syntenin-Alix 

complex functions as a differential exosomal cargo hub while driving the budding of ILVs 

through the canonical ESCRT pathway (reviewed by Friand et al., 2015).  

Lastly, the third pathway is ESCRT-independent and requires generation of ceramide by 

neural type II sphingomyelinase (nSMase) activity, which hydrolyses sphingomyelin to 

ceramide (Niel et al., 2018). The full mechanism is poorly understood, but ceramide could 

generate membrane subdomains and membrane budding or be metabolized to sphingosine 

1-phosphate (S1P) to activate S1P-receptor, that appears to be essential for cargo sorting into 

exosomal ILVs and MVB maturation (Kajimoto et al., 2013). 

Thus, ILV production is complex, with different pathways that can act in parallel or sequentially 

to recruit specific cargoes, depending on cellular signals and pathological stimuli, originating 

different subpopulations of ILVs and consequently exosomes. 

Once the ILVs are formed, the MVBs are transported along actin and tubulin microtubules, 

associated with molecular motors – dyneins, kinesins and myosins – that are mediated by a 

few molecular switches, such as the GTPases Rab11, Rab27a, Rab27b and Rab35 (Savina 
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et al., 2002; Hsu et al., 2010; Ostrowski et al., 2010). However, the exact molecular 

mechanism performed by these key factors of endo- and exocytic vesicular trafficking will 

depend on the cell type and steady vs stimulation state. During membrane fusion, several 

soluble N-ethylmaleimide-sensitive factor attachment protein receptors (SNAREs), tethering 

factors, Rabs and other Ras GTPases interact to overcome the energy barriers and facilitate 

fusion, releasing the exosomes (reviewed by Hessvik & Llorente, 2018). 

 

 

 

Figure 1.6: Extracellular vesicle biogenesis. 

Extracellular vesicles can be divided into three main groups: apoptotic bodies, microvesicles and exosomes, 

depending on their size and nature. Apoptotic bodies and microvesicles arise from the plasma membrane 

outward budding, whereas exosomes form through the endocytic pathway as intraluminal vesicles (green). 

Intraluminal vesicle biogenesis can occur via three pathways: one dependent on the endosomal sorting 

complexes required for transport (ESCRT) complex, a second dependent on Syndecan-Syntenin-Alix complex and 

a third dependent on ceramide synthesis. Upon fusion between the multivesicular body and plasma membrane, 

the exosomes are released to the extracellular space. 

 

Other molecules closely involved in EV production are the tetraspanins, a protein superfamily 

that promotes clustering and interaction between a large variety of transmembrane and 

cytosolic signaling proteins, forming membrane subdomains that act as signaling platforms. 

Tetraspanin CD9, CD81, CD63 and CD82 antigens are most often highly concentrated in 

exosomes, being used as exosomal markers, but recycling to the plasma membrane can drive 

its localization to microvesicles as well. Due to its function, tetraspanins have been implicated 

in EV biogenesis, cargo selection, targeting and uptake, contributing to the heterogeneity of 

EV subpopulations (Andreu & Yáñez-Mó, 2014). 

Upon release, exosomes and microvesicles reach local or distant recipient cells and deliver 

their content to exert functional responses and promote phenotypic changes that will affect 
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cell physiological or pathological status (Iraci et al., 2016). Regarding the molecular 

mechanisms involved in EV internalization, these are not consensual and seem to be 

dependent on the proteins and glycoproteins expressed at the surface of EVs as well as at 

the recipient cell. Several studies showed evidence for the contribution of different endocytic 

pathways, including clathrin- and caveolin-dependent endocytosis, macropinocytosis, 

phagocytosis, lipid raft mediated uptake and membrane fusion (reviewed by Raposo & 

Stoorvogel, 2013; Mulcahy et al., 2014; Kwok et al., 2021). Although EVs can adopt different 

routes to enter the cell, a recent study showed that it relies on a low yield process, where only 

1% of EVs were internalized per hour and from those only 30% were capable of releasing their 

content within the cytoplasm (Bonsergent et al., 2021). This low yield process can be 

overcome, for instance, by a highly sensitive mechanism for acute spatio-temporal changes 

or signal amplification mechanisms. Nevertheless, studies about the minimum amount of EVs 

and/or cargo molecules needed for triggering cellular phenotypes are still missing. 

The whole EV pathway can be further regulated and activated by specific intracellular signals 

dependent on the cell type, mostly associated with increased cellular stress such as hypoxia, 

inhibition of autophagy, increased intracellular calcium, increased cAMP signaling, inactivation 

of V-ATPase, histamine-mediate GPCR activation and retinoic acid signaling (Savina et al., 

2003; Edgar et al., 2016; Verweij et al., 2016; Lin et al., 2021; Ferreira et al., 2022). 

Additionally, mechanical stress was also shown to increase EV secretion and modulate its 

microRNA content, contributing for muscle and bone homeostatic communication (Miyazaki 

et al., 1996; Takafuji et al., 2021). 

Thus, secretion of morphogen-containing EVs by mechanical shear stress could in principle 

occur within the zebrafish LRO from the anterior side. EVs would then be transported by the 

leftward fluid flow and internalized by the left sided cells. Within these cells, the morphogen 

would be released to the cytosol and trigger dand5 mRNA degradation, necessary for 

symmetry breaking. This model would resolve the link between the strong flow on the anterior 

side, where increased shear stress would promote EV secretion, and the dand5 gene 

expression degradation on the left side of the KV.  

 

1.3.7. Left-right signaling cascade after symmetry breaking in zebrafish 

As development progresses and the KV flow builds up, the expression of the LR related genes 

is set in motion within the KV and in its surroundings.  

Similarly to mouse embryos, zebrafish LR axis patterning relies on one Nodal-related gene, 

southpaw (spaw) and on its potent antagonist, dand5. Their expression starts at 4 – 5 ss, 
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where dand5 presents a horse-shoe pattern in KV, and spaw shows as two separated domains 

symmetrically located around the KV (Figure 1.7 A). These expression domains do not overlap 

and remain until late somitogenesis (Long et al., 2003; Hashimoto et al., 2004; Lopes et al., 

2010). Furthermore, they are both independently regulated by Nodal-related gene sqt and the 

T-box transcription factor ntl, which in turn also activates pkd2 and dnah9 expression in the 

KV, respectively (Hashimoto et al., 2004; Bisgrove et al., 2005; Essner et al., 2005; Gourronc 

et al., 2007). Suggesting that sqt and ntl are master regulators of LR necessary genes.  

Moreover, compelling evidence supports that dand5 expression is also regulated by Notch 

signaling, likewise in mice (Kitajima et al., 2013). Firstly, dand5 sequence harbors three 

CSL/RBP-J (DNA binding partners of Notch) binding sites and secondly, inhibiting Notch 

signaling, either by pharmacological antagonists or using Notch ligand deltaD mutants, 

showed a strong reduction in dand5 mRNA production (Gourronc et al., 2007; Lopes et al., 

2010). 

After dand5 symmetrical expression is well established, the leftward fluid flow reaches its 

threshold to induce symmetry breaking in a Pkd2-mediated sensing mechanism, that 

ultimately leads to the downregulation of dand5 on the left side of the KV around 8 ss. Hence, 

dand5 becomes the first gene asymmetrically expressed along the LR axis (Lopes et al., 

2010). Whereas, in the absence of the pkd2 channel, dand5 remained symmetric, causing a 

randomization of Nodal cascade signaling genes at the LPM and organ situs defects (Bisgrove 

et al., 2005; Schottenfeld et al., 2007; Jacinto et al., 2021). 

However, pkd2 is expressed in DFCs much earlier and persists widely spread across early 

somite stages, suggesting other roles besides mediating flow response (Schottenfeld et al., 

2007; England et al., 2017). In fact, zebrafish pkd2 mutants and morphants (embryos injected 

with morpholinos that block protein translation and consequently lead to its knockdown) show 

architectural defects, increased volume and reduced ciliary length within the KV (Roxo-Rosa 

et al., 2015; Jacinto et al., 2021). Early phenotypes regarding LRO specification, structure and 

cilia were also observed in pkd2 knockdown in Xenopus (Vick et al., 2018). Additionally, 

targeting pkd2 knockdown specifically to the DFCs partially rescue whole-embryo pkd2 

knockdown laterality defects, suggesting that Pkd2 may also contribute to the LR 

establishment through other tissues (Bisgrove et al., 2005; Jacinto et al., 2021). During early 

somitogenesis, pkd2 knockdown was also demonstrated to suppress cytosolic calcium signals 

and block further activation of type II multifunctional calcium/calmodulin-dependent protein 

kinase (CaMK-II) (Francescatto et al., 2010; Yuan et al., 2015). 

Yuan and colleagues have shown that baseline intraciliary calcium oscillations (ICOs) were 

present as soon as the bud stage and peaked at the onset of ciliary motility, between 1 and 4 
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ss, mostly on the anterior-left quadrant of the KV. Subsequently, increased cilia-to-cytosolic 

calcium waves were observed and, between 5 and 9 ss, cytosolic calcium waves were stably 

propagated through to the left mesendodermal tissue surrounding the KV. This temporal 

sequence of calcium events suggests that not only ciliary calcium influx is needed to break 

the symmetry but also that accumulation of ICOs is required to achieve a robust cytosolic 

signal on the KV left side. Similarly to pkd2 knockdown, buffering calcium at the KV cilia by 

overexpressing the calcium-binding protein parvalbumin, impaired ICOs and suppressed 

mesendodermal cytosolic calcium waves, leading to defects in dand5 asymmetric expression 

and heart position (Yuan et al., 2015). 

Furthermore, a few years before Yuan’s publication, CaMK-II was found to be a crucial effector 

of Pkd2 (Francescatto et al., 2010; Rothschild et al., 2011). Time course experiments 

suggested that prolonged calcium stimulation activates transiently CaMK-II activity, by 

showing a weak expression of phosphorylated CaMK-II around the KV in a bilaterally fashion, 

between 3 ss and 6 ss, that later became increasingly restricted to the left KV cells and 

occasionally seen at the anterior KV cells. Concomitantly, pkd2 knockdown reduced the levels 

of active CaMK-II, and CaMK-II gene knockdown resulted in randomization of spaw 

expression pattern at the LPM and consequently laterality defects (Francescatto et al., 2010). 

Thus, impaired KV calcium signals, reduced the number of KV cells expressing active CaMK-

II and randomized organ position.  

Moreover, upon knockdown of ryanodine receptor 3, ryr3, which in normal conditions is 

responsible for calcium outflow from the endoplasmic reticulum (ER), also randomized organ 

situs (Jurynec et al., 2008; Francescatto et al., 2010). Interestingly, overexpression of a human 

PKD2 variant unable to go the cilium and mostly confined in the ER was found to rescue more 

efficiently the laterality defects of zebrafish pkd2 morphants, than when overexpressing a 

wildtype PKD2 or a variant unable to travel to the ER (Fu et al., 2008). 

These data suggest that, upon fluid flow stimulation, ciliary membrane Pkd2 plays a major role 

initiating ICOs, whereas Pkd2 and Ryr3 channels, located at the ER membrane, are involved 

in signal amplification transforming a small ciliary calcium signal into a large cytoplasmatic 

calcium signal. This mechanism is retained in renal cells (Jin et al., 2014). 

Calcium sensing mechanism through ciliary membrane Pkd2 is particularly mediated by its 

partner Pkd1l1 in mouse and medaka LROs (Field et al., 2011; Kamura et al., 2011; Grimes 

et al., 2016). Likewise, zebrafish pkd1l1 is expressed in the KV from early bud stage 

throughout somitogenesis (England et al., 2017) and located at the cilium (Roxo-Rosa & 

Lopes, 2019). However, functional studies about Pkd1l1 contribution to the LR axis 

establishment in zebrafish embryos are still missing. 
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Thus, calcium signaling mediated by Pkd2 and its associates convey the fluid information from 

the KV lumen through the KV lining cells until the surrounding mesendodermal tissue. Within 

the KV cells, calcium is postulated to downregulate dand5 in a microRNA dependent 

mechanism, as dand5 mRNA remains symmetric and stably expressed by an increased period 

of time in zebrafish mutants for dicer1, the enzyme catalyzing the final step of microRNA 

biosynthesis (Maerker et al., 2021). Whereas within the mesendodermal tissue, the role of 

calcium is largely unknown. 

Downregulation of dand5 expression at the KV left sided cells, at 8 ss, is thought to derepress 

Spaw protein on the left side of the LPM, as it can be observed that spaw expression domains 

remain symmetrically at the KV vicinity while spaw signal is activated on the left side of the 

LPM. On the right side, Dand5 is continuously expressed and thereby is thought to bind to 

Spaw by physical interaction, most likely in the extracellular space, inhibiting it from travelling 

to the right sided LPM (Figure 1.7 B) (Long et al., 2003; Hashimoto et al., 2004; Montague et 

al., 2018). In fact, dand5 mutants and morphants show a precocious initiation of spaw 

expression at both sides of the LPM, revealing that spaw wave is initiated stochastically and 

dand5 is not only responsible for a laterality instructive signal, but also controls the appropriate 

timing for spaw propagation to the LPM (Hashimoto et al., 2004; Wang & Yost, 2008; 

Montague et al., 2018). Additionally, another secreted Nodal inhibitor, lefty1, is firstly induced 

at the posterior midline by BMP signaling to regulate Spaw spatially and temporally around 

the KV region, contributing for the molecular clock that dictates spaw initiation (Figure 1.7 C) 

(Wang & Yost, 2008; Smith et al., 2011; Montague et al., 2018). 

On the other hand, spaw mutants and morphants fail to express spaw at the left sided LPM, 

while spaw expression around the KV is maintained, confirming that Spaw protein originated 

from the KV vicinity is required for inducing spaw mRNA expression at the LPM and that 

posterior-to-anterior wave is enhanced by a positive feedback loop (Long et al., 2003; Noel et 

al., 2013; Montague et al., 2018). 

Spaw transference to the LPM is further enhanced by binding to its co-factor growth 

differentiation factor 3, gdf-3, expressed at the dorsal tailbud region and both sides of LPM 

(Peterson et al., 2013; Pelliccia et al., 2017; Montague et al., 2018), and by activating its EGF-

CFC co-receptor one-eyed pinhead, oep, expressed at the midline and bilaterally at the LPM 

(Zhang et al., 1998; Yan et al., 1999). Thus, the long-range Spaw signal can be converted to 

a local range activator, as it can only induce its own expression in Gdf-3 and Oep-positive 

LPM cells. Similarly to the mouse, Nodal activates Oep receptors which result in 

phosphorylation of Smad2 transcription factor. Activated Smad2 forms a complex with Smad4 

and the oligomer is translocated to the nucleus, where it additionally associates with other 
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transcription factors such as FoxH1. In fact, zebrafish foxH1 expression is very similar to other 

Nodal components, as at the onset of somitogenesis, it is detected in the midline, LPM and in 

the anterior dorsal neuroectoderm (Pogoda et al., 2000). Nuclear translocation of these 

transcriptional factors positively activates the expression of spaw, its antagonists lefty1 and 

lefty2 and the transcription factor pitx2 through the posterior-anterior axis (Figure 1.7 D) (Long 

et al., 2003; Noel et al., 2013; Montague et al., 2018).  

Lefty1 is expressed at the midline and shows a higher effective diffusion coefficient when 

compared to Nodal genes, supporting a reaction-diffusion model to the regulation of Nodal 

signaling in the LPM, where lefty1 plays a critical role in regulating spaw propagation speed 

and shutting down the pathway at the appropriate time (Wang & Yost, 2008; Müller et al., 

2012; Montague et al., 2018).  

Lefty2 is expressed on the left side of the primordium heart field and accounts for the “anterior 

barrier”, preventing Spaw from signaling across the anterior limit of the midline and propagate 

towards the posterior side on the right sided LPM (Lenhart et al., 2011). Additionally, a BMP 

signaling dependent “posterior barrier” plays a role in zebrafish, preventing Spaw from 

spreading through the posterior left LPM towards the right side (Lenhart et al., 2011). 

Thus, these different molecular barriers allow dynamic buffering of slight fluctuations in Nodal 

signaling, in order to achieve reliable organ laterality patterns in the presence of endogenous 

genetic challenges (Rogers et al., 2017). 

 

Figure 1.7: Left-right patterning in the zebrafish embryo. 
(A) Around 4 ss, dand5 is firstly expressed bilaterally in a subset of KV cells and perinodal spaw transcripts 
normally appear on two domains dorsally localized to the KV, which is robustly maintained until 10-12 ss. (B) By 
8 ss, fluid flow has triggered a calcium wave on the left side of KV, ultimately leading to the degradation of dand5 
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transcripts. (C) In the absence of its inhibitor, dand5, Spaw activates its own transcription on the left side of the 
lateral plate mesoderm and its antagonist lefty1 in the notochord. Such midline barrier prevents Spaw from 
travelling to the right side of the embryo and inducing its own expression in the right lateral plate mesoderm. 
(D) By 23 ss, Spaw propagated through lateral plate mesoderm towards the anterior pole of the embryo, where 
it activated lefty2 expression in the heart field. KV: Kupffer’s Vesicle. Ss: somite stage. A: anterior. P: posterior. 
L: left. R: right. 

 

Nodal-induced pitx2 expression was found on the left sided dorsal diencephalon, where it 

regulates brain asymmetry (Liang et al., 2000; Garric et al., 2014) and on the left sided LPM, 

where it persists way longer than spaw and it was thought to be responsible for mediating 

asymmetric organ morphogenesis (Essner et al., 2000). However, pitx2 mutants and 

morphants lack LR asymmetry abnormalities in the heart and gut and show several defects in 

eye, craniofacial and tooth development, resembling Axenfeld-Rieger syndrome (ARS) 

observed in humans harboring PITX2 mutations, that derive from pitx2 expression on early 

stages at the prechordal plate (Essner et al., 2000; Liu & Semina, 2012; Ji et al., 2016). 

Although ARS has never been reported in association with laterality abnormalities, congenital 

heart defects (CHDs) were particularly linked with another ARS-related FOXC1 mutations 

(Gripp et al., 2013). Interestingly, a recent study showed that foxc1a and foxc1b double 

zebrafish mutants have cardiac and gut situs problems, associated with a Nodal-independent 

absence of lefty2 expression at the heart field, besides the ARS associated phenotypes 

(Chrystal et al., 2021). ARS is caused by heterozygous mutations in PITX2 and, therefore it is 

plausible that homozygous mutations may not be compatible with life as well as pitx2 zebrafish 

mutants may not have a complex enough cardiac system to correctly evaluate all phenotypes 

of CHDs. Additional studies are necessary to unravel this PITX2 conundrum and confirm the 

putative role of FOXC1 in the LR axis patterning. 

Moreover, ELOVL fatty acid elongase 6 (elovl6) gene, that lies next to pitx2 on chromosome 

14, was found to be asymmetrically expressed on the left side LPM, similarly to pitx2 

expression domain, in a Nodal-dependent manner (Ji et al., 2016). This opens the possibility 

of new pathways involved in the LR patterning to be discovered. 

By the time of spaw expression on the left side LPM, the cardiac progenitor cell clusters are 

located on each side at the posterior half of the anterior LPM. Subsequently, the two cardiac 

fields migrate to the midline and fuse into a morphological symmetric cardiac cone, already 

expressing lefty2 on the left side (Baker et al., 2008). Nodal signals induce higher migration 

velocity and directionality of the left sided cardiomyocytes towards the anterior and left axes 

when comparing with the right sided progenitors, generating a heart tube displaced on the left 

side of the embryo, named heart jogging (Campos-baptista et al., 2008). Asymmetrical cellular 

migration is further sustained by a crosstalk with BMP signaling from the right side of the 
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embryo (Lenhart et al., 2013). Jogging is followed by heart looping, where the two poles of the 

tube rotate in opposing directions, regarding the longitudinal axis, resulting in a dextral S-

shaped heart. Twisting of the heart was found to be dependent on intrinsic mechanisms driven 

by the transcription factor tbx5a as well as extrinsic mechanisms as non-autonomous BMP 

dependent activation of paired related homeobox 1a (prrx1a) gene, that encodes an epithelial 

to mesenchymal transition inducer at the LPM, slightly increased on the right side (Ocaña et 

al., 2017; Tessadori et al., 2021). Concomitantly, the heart aligns the inflow and outflow tracts, 

cardiac chambers and the atrioventricular canal, in order to establish a functional heart. 

Therefore, heart jogging is highly sensitive to Nodal signaling, whereas the heart looping is 

mediated by heart-intrinsic chirality. In fact, spaw null mutants with hearts that jog to the right 

side, only developed into sinistral looping in half of the cases, while hearts that jogged to the 

left side always preceded a dextral looping. Moreover, explanted hearts cultured in the 

absence of Nodal signaling mostly preserved their own chiral looping (Noel et al., 2013). This 

further supports that heart jogging acts as a looping mediator, independently of Nodal 

signaling, increasing its robustness (Grimes et al., 2020). 

On the other hand, gut, liver and pancreas positions arise from the endodermal gut looping at 

the midline in a particular region of the AP axis. LPM from both sides starts to migrate 

autonomously towards the midline, where Nodal signal on the left side triggers a LPM 

movement from the dorsal side of the endoderm, in contrast to the right sided LPM that moves 

from the ventrolateral side of the endoderm (Horne-Badovinac et al., 2003). This asymmetric 

migration results in the displacement of the endodermal gut to the left side. Furthermore, 

extracellular matrix (ECM) remodeling, dependent on the transcription factor heart and neural 

crest derivatives expressed transcript 2, hand2, and its downstream targets laminin and matrix 

metalloproteinases, are also required for the asymmetric LPM cell movement to occur (Yin et 

al., 2010). However, the mechanism by which Nodal signaling regulates ECM during gut 

lopping is poorly understood. 

By the time that Nodal cascade signaling is well established in the LPM and ready to induce 

asymmetric morphogenesis, KV collapses and cells are incorporated into mesodermal tissues 

such as the notochord, the somites and the tail mesenchyme and subsequently are 

transdifferentiated into mature cell types according to their location (Cooper & D’Amico, 1996; 

Melby et al., 1996; Keda et al., 2022). 

Taking all together, LR axis establishment and progressive patterning throughout embryonic 

development have been extensively studied in the last years with many prestigious 

laboratories contributing to advances in the field. Still, several gaps remain to be covered to 

fulfill this puzzle.  
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1.4.  AIMS 

In this first Chapter I tried to cover the bibliography from the oldest to the more recent 

information regarding the LR axis. From the early stages of the LRO formation and the pivotal 

role of cilia, passing by the controversial fluid flow triggered mechanism and the conserved 

Nodal genetic cassette, to the impact of all these mechanisms to PCD patients. In summary, 

I hope to have alerted to the difficulties but also the importance of studying the LR field in 

detail. 

Cilia-driven fluid flow within the LRO is necessary and sufficient to induce a Pkd2-dependent 

calcium influx on the left side, that consequently triggers several sequential changes in gene 

expression throughout the entire embryo with high impact on the asymmetric morphogenesis 

of the future adult organs. Having such a critical function, fluid flow dynamics has been 

scrutinized by biologists, mathematicians and physics, however a consensus for the flow-

sensing mechanism has not been reached yet. Therefore, with this study I intended to provide 

new clues of the biophysical mechanism driven by the flow using the zebrafish LRO as the 

animal model of choice. In the first part of Chapter 2, I engaged in inspecting the molecular 

characteristics of LRO cells and LRO fluid content to infer possible implications on fluid flow 

dynamics and Pkd2-sensing mechanism. I generated a transgenic line to quantify and allow 

the tracking of extracellular vesicles within the LRO’s lumen and I used a novel 

micromanipulation setup to manipulate the content of the LRO’s fluid. In collaboration with 

Pedro Sampaio (a former PhD student in the lab), we could identify that LR symmetry breaking 

relies on fluid flow dynamics and its physical properties. Namely, we found that viscosity has 

a huge impact on dand5 expression pattern and later on heart situs. 

Historically, motile cilia functions were restricted to the generation of fluid movement, whereas 

immotile cilia were thought to play important roles in sensing the environment and 

orchestrating cellular responses accordingly. Being associated with a characteristic 

ultrastructure, these two types of cilia were considered completely different from each other 

with non-interchangeable functions. Within the zebrafish KV, all cilia have an axonemal “9 + 

2” conformation and harbor motility appendages, however by live imaging we determined that 

several cilia remain immotile throughout the development of the LRO and the establishment 

of the symmetry breaking event. We have previously found that Notch signaling manipulations 

alter the immotile cilia number, at the expenses of the motile cilia. Therefore, with this study I 

intended to assess the contribution of Notch signaling as a molecular switch for ciliary motility. 

In the second part of Chapter 2, I used knockdown and rescue studies of syntenin-a, an 

adaptor protein which was characterized to modulate membrane traffic of Notch ligand DeltaD, 

and consequently evaluated the impact of Notch signaling on ciliary motility by live imaging 
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microscopy. I identified upstream modulators and downstream effectors of Notch signaling 

that contribute for the fate decision between motile and immotile status of the KV cilia. 

Ultimately, any defect in motile cilia will have an impact on the organism, leading to Primary 

Ciliary Dyskinesia in humans. As many genes are involved in PCD etiology and clinical 

symptoms are most of the times not specific, PCD diagnosis is complex and requires the 

complementary use of multidisciplinary techniques, such as nasal nitric oxide (nNO) 

measurements, high-speed video microscopy analysis (HSVMA), transmission electron 

microscopy (TEM) analysis, ciliary protein immunofluorescence (IF) labelling and genetic 

screening. In Portugal, PCD data is scarce and diagnosis was mostly achieved by TEM. Our 

laboratory recently published for the first time the normal ranges of ciliary beat frequency using 

HVMA within the Portuguese community, by analyzing a healthy Portuguese control group. 

Furthermore, we identified the genetic variants prevalent in Portugal for a PCD patient group 

and performed genotype – phenotype correlations using HVMA results. With my study, I 

intended to further implement IF diagnostic studies in the laboratory for better PCD diagnosis 

on a daily basis, since it represents a less costly alternative for resource-limited countries, 

where TEM is not readily available. In Chapter 3, I extensively characterized two siblings 

previously diagnosed with PCD, confirmed by genetic screen, using the IF method. We could 

infer that IF results are accurate and sensitive to intrinsic patient variability. Moreover, IF has 

the potential to be used not only as a diagnosis method but also in PCD clinical research. 

In the last Chapter 4, the main findings described in the previous chapters are discussed in 

light of the current literature, pinpointing the most relevant contributions for the long-standing 

questions of the LR research field and PCD clinical investigation in Portugal.  
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2. INTRODUCTION 

To our eyes, symmetry represents a certain sense of equilibrium, however nature often 

evolves to break it, showing across the different kingdoms of life several examples of 

asymmetry, which most probably accounted for an increase in evolutionary fitness throughout 

time (Blum & Ott, 2018).  

In fact, asymmetric distribution of the visceral organs, such as the lungs, heart, brain, liver and 

spleen, along the left-right (LR) axis is well conserved in vertebrates. Developmental biology 

studies using mouse, zebrafish and Xenopus embryos show three common steps in the 

establishment of such LR pattern: firstly, the symmetry breaking occurs within a transient 

structure generally referred to as the left-right organizer (LRO) in a cilia-driven flow dependent 

manner; secondly, the asymmetric signal is transferred to the lateral plate mesoderm (LPM) 

from the posterior to the anterior side and thirdly, induction of situs-specific organogenesis 

(Hamada & Tam, 2014). 

In zebrafish, the LR axis establishment starts in a fluid-filled transient structure present at the 

tailbud from 3 somite stage (ss) to 20 ss, called Kupffer’s Vesicle (KV) (Essner et al., 2005; 

Kramer-Zucker et al., 2005). During gastrulation, a small population of KV precursor cells, 

named the dorsal forerunner cells (DFCs), escape from involution and migrate in the forefront 

of the dorsal margin towards the vegetal pole (Cooper & D’Amico, 1996; Oteiza et al., 2008). 

By the end of gastrulation, DFCs form a cell cluster and become epithelial. Subsequently, the 

cells form a rosette and secrete an extracellular fluid via cystic fibrosis transmembrane 

conductance regulator (cftr) chloride channel, present on the apical side of the cells, giving 

rise to the lumen of the differentiated KV (Navis et al., 2013; Roxo-Rosa et al., 2015). While 

KV lumen expands, each cell extends one single immotile cilium facing the lumen that 

gradually starts to acquire motility, generating a leftward fluid flow within the lumen (Yuan et 

al., 2015; Ferreira et al., 2017; Tavares et al., 2017). 

Our previous work showed by transmitted electron microscopy and by live imaging with a 

fluorescent tagged dnal1, a light chain outer dynein arm axonemal dynein motor, expressed 

in zebrafish embryos, that all KV cilia when imaged had an ultrastructure characteristic of 

motile cilia with clearly visible dynein arms, both in motile and immotile cilia (Tavares et al., 

2017). Moreover, all KV cells expressed foxj1a, the master transcription factor involved in 

building motile cilia. This finding suggested that all KV cilia are capable of moving while the 

ratio between motile and immotile cilia is actively regulated. In fact, downregulation of Notch 

signaling increased motile cilia number, while overexpression of Notch signaling had the 

opposite effect, without changing the total number of KV cilia and independently of foxj1a 
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(Sampaio et al., 2014; Tavares et al., 2017). Furthermore, we found that hairy-related 12 gene, 

her12, a homologue of the mammalian HES5 that belongs to a family of transcription 

repressors, proved to be a faithful Notch signaling readout and regulated ciliary motility, most 

likely by inhibiting the transcription of a yet unknown crucial motility switch (Tavares et al., 

2017). Similarly, Notch signaling had been found to regulate motile – immotile cilia fate in the 

LRO of Xenopus (Boskovski et al., 2013). 

Concomitantly, KV cells undergo region-specific morphological rearrangements, between 4 ss 

and 6 ss, driven by changes in actomyosin cytoskeleton contractility, cell-cell adhesions and 

extracellular matrix composition, which result in an asymmetrically distribution of ciliated cells, 

concentrated at the anterior side (Wang et al., 2011, 2012; Compagnon et al., 2014). 

Thus, KV lumen expansion, ciliary length and motility and cell rearrangements are key to 

produce a fluid flow within the KV capable of breaking the asymmetry. Our lab has previously 

characterized the directionality and speed of the fluid flow, by following native particles inside 

the KV lumen using bright field microscopy. Around 3 ss, we observed a heterogeneous and 

slow fluid flow, in agreement with the low number of motile cilia found at that stage. As 

development progresses and the number of motile cilia increases, the fluid flow acquires a 

counterclockwise directionality and its velocity escalates (Yuan et al., 2015; Ferreira et al., 

2017; Tavares et al., 2017). By the 8 ss, local hotspots of strong flow speed on the anterior 

and left sides were observed and correlated with dand5 downregulation (Sampaio et al., 

2014). Therefore, fluid flow maps were predictive of gene expression alterations and later of 

heart and liver positions. Although KV persists within the tailbud until 20 ss, its role in LR 

establishment is completed by 10 ss, as demonstrated by the normal asymmetric expression 

pattern of lefty2 and pitx2 and normal heart situs, upon KV lumen disruptions performed at 10 

– 15 ss (Essner et al., 2005). 

As in mouse (Marques et al., 2004) and Xenopus (Schweickert et al., 2010), dand5 starts to 

be expressed symmetrically around the KV and, upon fluid flow stimulation, its expression 

decreases on the left side while remains strongly expressed on the right side, becoming the 

first LR asymmetric molecular marker (Lopes et al., 2010; Sampaio et al., 2014). Dand5 is a 

physical inhibitor of Nodal proteins and, consequently to its left sided degradation, Nodal 

repression is alleviated triggering a conserved left-sided asymmetric genetic cascade 

signaling, comprising nodal, lefty2, pitx2 and elovl6 genes, in the lateral plate mesoderm 

(LPM) (Long et al., 2003; Hashimoto et al., 2004; Ji et al., 2016; Montague et al., 2018). Nodal 

cassette signaling spreads throughout the entire left sided LPM towards the anterior side, 

where at different locations and developmental time points it regulates several organ-specific 
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target genes to induce the asymmetric development of the gut and its derivatives, heart and 

vasculature and brain, among others (Grimes & Burdine, 2017). 

However, it remains unclear how the flow is sensed by the LRO cells and the subsequent 

molecular mechanism that elicits gene expression changes. Historically, the LR field has been 

divided around two main hypotheses for the flow-sensing mechanism – the chemosensory 

model and the mechanosensory model – but in the absence of satisfactory data towards one 

or the other, new assumptions have emerged. 

The chemosensory model was first based on morphogens and then updated to morphogen 

carrying extracellular vesicles that would be release symmetrically across the mouse LRO to 

the lumen, transported by the directional fluid flow and accumulated on the left side, where its 

content would be released near the cell membranes, triggering an asymmetric intracellular 

calcium signal increase (Nonaka et al., 1998; Tanaka et al., 2005). Conversely, the 

mechanosensory model is based on the clear separation of motile and immotile cilia functions. 

Where motile cilia in the center of the mouse LRO are responsible for generating fluid flow 

and peripheral immotile cilia, by bending accordingly to the flow, are able to sense it and trigger 

an asymmetric influx of calcium on the left side through the Pkd1l1-Pkd2 complex (McGrath 

et al., 2003). Pkd1l1 is a paralogue of the mechanosensor polycystic kidney disease 1 gene, 

Pkd1, expressed in mouse and fish LROs (Field et al., 2011; Kamura et al., 2011; England et 

al., 2017; Roxo-Rosa & Lopes, 2019), and its activation is thought to open the transient 

receptor potential (TRP) cation channel, Pkd2, leading to the entrance of extracellular ions, 

mainly calcium ions, into the cell and subsequently to induce intracellular calcium waves 

(McGrath et al., 2003; Yuan et al., 2015). Restorage of Pkd2 specifically on the immotile cilia 

of peripheral crown cells rescued the Nodal cascade signaling defects of the Pkd2 mouse 

mutant, supporting the mechanosensory model in the mouse LRO (Yoshiba et al., 2012).  

Nevertheless, Pkd1l1 and Pkd2 are localized within all LRO cells raising the question of if and 

how motile cilia can sense the fluid flow movement and how peripheral cells can distinguish 

the directionality of the flow. 

On the other hand, zebrafish LRO is architecturally more complex and motile and immotile 

cilia are not spatially distributed in different domains as in the mouse LRO. In fact, immotile 

cilia are randomly distributed around the KV (Tavares et al., 2017). Moreover, the average 

distance between two cilia is under 8 µm, which implies strong local flow perturbations 

generated by motile cilia around the immotile ones, making mechanosensing driven by the 

directionality of flow deflection unlikely (Supatto et al., 2008; Ferreira et al., 2017). We have 

previously suggested that different flow magnitudes could be distinguished, however 

numerical calculated flow profiles of single KVs showed a significant variability between 
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embryos, incompatible with the observed reliable LR axis establishment event (Sampaio et 

al., 2014; Smith et al., 2014; Ferreira et al., 2017). Additionally, Ferreira and colleagues 

reported that the number of immotile cilia is insufficient to perceive the flow. They showed that 

the calculated forces acting on one cilium are below the detection threshold of other 

mechanosensitive cilia and a robust symmetry breaking would occur with the accumulative 

forces sensed by at least 3 immotile cilia on each side, which were not observed in most of 

the KVs analyzed from 8 ss onwards (Ferreira et al., 2017). Nevertheless, immotile cilia 

number varies accordingly with the KV developmental stage, ranging between 73 – 67% at 4 

ss and 16 – 10% at 8 ss (Yuan et al., 2015; Tavares et al., 2017). Hence, the mechanosensory 

model may still be considered in the zebrafish, depending on the precise timing at which the 

flow is perceived and the remaining immotile cilia number. 

Controversially, Delling and colleagues argued that immotile cilia are not calcium-responsive 

mechanosensors by showing an absence of intracellular calcium increase in mouse LRO cells, 

upon 10 seconds of stimulation using either a physiological or a supraphysiological velocity 

fluid flow (Delling et al., 2016). However, this work was found to be performed under unsuitable 

medium conditions after Hamada’s and Sun’s groups showed left sided intraciliary calcium 

transients dependent on fluid flow and Pkd2, followed by cytoplasmatic calcium waves in both 

mouse and zebrafish LROs (Yuan et al., 2015; Mizuno et al., 2020). 

Alternatively, motile cilia could sense their own movement, as resultant forces of ciliary beating 

acting on themselves are about 20 times higher than the forces produced by the directional 

fluid flow (Ferreira et al., 2017). Asymmetric cilia tilt and intrinsic orientation between the left 

and right side of the KV, towards the already established axes, could provide enough 

subcellular information for motile cilia to distinguish the yet to break LR axis (Ferreira et al., 

2018, 2019). In fact, we showed that motile cilia increase beat frequency throughout the 

development of the KV, from 33 Hz at 3 – 4 ss to 37 Hz at 5 – 6 ss and 40 Hz at 7 – 8 ss, 

which can be suggestive of a ciliary beat frequency minimum threshold for a sensory system 

activation (Tavares et al., 2017). 

More recently, the chemosensory model was revisited under zebrafish LRO scrutiny. Both 

signaling molecules and extracellular vesicles (EVs) containing such molecules were modeled 

to be secreted by the anterior sided cells, transported by the directional flow and accumulated 

on the left side (Ferreira et al., 2017; Solowiej-Wedderburn et al., 2019). Solowiej-Wedderburn 

estimated the wall shear stress caused by motile cilia motion at the membrane of KV cells and 

found it comparable to other systems such as the human vascular endothelial cells (Solowiej-

Wedderburn et al., 2019). These cells play critical roles in maintenance of cardiovascular 

homeostasis by responding to the blood fluid flow with an exocytosis increased rate and a 
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TRP ion channel, TRPV4-dependent calcium influx (Baratchi et al., 2014, 2016). Based on 

this, Solowiej-Wedderburn hypothesized that the shear stress calculated for KV cells could be 

sufficient to enhance the release of extracellular vesicles and, concomitantly, strong anterior 

flow due to the cluster of motile cilia would induce higher rates of exocytosis in the anterior 

region (Solowiej-Wedderburn et al., 2019). Interestingly, observations from transmission 

electron microscopy suggested a site of active vesicular fusion within the cellular region in 

close proximity to the cilium (Kramer-Zucker et al., 2005). Moreover, Ferreira and colleagues 

also proposed a secretion region at the anterior side, as particles would firstly be transported 

towards the left, promoting a stronger signal on that side. Further mathematical simulations, 

using 9 - 14 ss fluid flow maps, also revealed that molecules above 2 nm are able to reach a 

reliable asymmetric distribution in a few seconds (Ferreira et al., 2017). 

In summary, the complexity of the LROs, the hydrodynamics of the flow and the fast 

development of the events make the design of experiments to distinguish between the 

chemosensory and mechanosensory hypotheses very difficult to accomplish. As a result, 

there are compiling data, from the evolutionary – developmental biology and the mathematical 

modeling fields, that are compatible with either one of the models. On the other side, they both 

have limitations, the chemosensory of a morphogen or an extracellular vesicle-contained 

morphogen lack experimental evidence and replication, whereas the mechanosensory model 

implies a system with a sensitivity threshold of magnitude much lower than any other known 

equivalent system. 

With the extracellular vesicle field emerging, due to the latest technological advances, it 

became clear that EVs play crucial functions in intercellular communication, instead of a 

simple cellular disposal mechanism. EVs role within the KV would explain the importance of 

the motile cilia cluster at the anterior side and, consequently, the strong local flow, and it would 

provide a mechanism to link the anterior region and the left side, where the downregulation of 

dand5 occurs. Thus, making the chemosensory hypothesis very attractive in the zebrafish 

model.  

The purpose of this work was to analyze the biophysical properties of the LRO cells and flow 

that would be needed to cope with the EV-based model. We generated a stable transgenic 

fish line expressing a fluorescent tagged CD63, a widely used EV marker, in order to quantify 

and track its dynamics within the KV lumen. Using live imaging assays, we observed that KV 

cells had very dynamic intracellular CD63 positive vesicles and that CD63 positive vesicles 

were observed within the KV lumen, being carried by the fluid flow current. Single EV 

quantification analysis revealed a significant variability in the number of EVs between 

embryos. 
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KV cells are known to have high secretory rates, as observed for the dynamic trafficking 

towards the apical side of fluid-filled vacuoles by the motor protein myosin 1d and Rab11 

positive vesicles carrying CFTR molecules to the plasma membrane to drive KV inflation (Tay 

et al., 2013; Saydmohammed et al., 2018; Rathbun et al., 2020). In order to infer if symmetry 

breaking relies on EV secretion, we aimed to interfere with their generation, more specifically 

with the exosomes sub-type, and further investigate their potential function in vivo. Exosomes 

are formed through the endocytic pathway as intraluminal vesicles inside multivesicular 

bodies, that are then released to the extracellular space upon fusion of the multivesicular body 

with the plasma membrane (Niel et al., 2018). The Syndecan – Syntenin – Alix complex is 

involved in cargo binding and membrane inward invagination during intraluminal vesicles 

biogenesis and it was recently shown to be conserved in zebrafish (Verweij et al., 2019). We 

reasoned that if we inhibit the formation of intraluminal vesicles, less exosomes would be 

released to the KV lumen. Therefore, we performed KV specific syntenin-a knockdown and 

observed an impact on the LR related gene expression patterns and a randomization of the 

heart placement. We also found that downregulation of syntenin-a led to motile – immotile cilia 

ratio alterations in a Notch signaling dependent manner, which resulted in abnormal flow 

dynamics. Given the fact that we detected an extremely variable exosome number and the 

indirect effect of syntenin-a knockdown on flow dynamics, we conclude that the LR defects 

caused by syntenin-a reduction cannot be assigned exclusively to its putative role in promoting 

extracellular vesicle chemosensing. 

Moreover, KV precursor cells have unique endocytic properties during gastrulation stages, 

shown by the high rate of membrane impermeant fluorescent dyes uptake when compared to 

the rest of the embryo (Cooper & D’Amico, 1996). To address if KV cells were also capable of 

endocytic function we took advantage of a new micromanipulation setup developed in the 

laboratory that allows for highly controlled KV fluid extraction and re-fill in live zebrafish 

embryos, to evaluate the role of fluid content in a spatiotemporally resolved manner. By 

diluting the KV fluid content with different fluorescent dyes and endocytic pharmacological 

inhibitors, we showed that KV cells continue to show some endocytic activity, but its inhibition 

does not seem to impact on the LR asymmetric organ morphogenesis.  

Our results show that the number of extracellular vesicles within the KV fluid is too variable to 

induce a robust flow-sensing mechanism and that the endocytic events seem to occur 

symmetrically in KV cells, without a persistent bias between the left and right sides, therefore 

this process by itself cannot be a good indicator of the embryonic side. Although not fully 

disproven, the chemosensory model may not be a reliable approach for KV cells to detect the 

asymmetric cues of the fluid flow. 
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2.1. EXPERIMENTAL PROCEDURES 

Fish husbandry and genetics 

Zebrafish maintenance and breeding protocols were conducted according to standard 

procedures described in the zebrafish book by Westerfield (1995). Experimental protocols 

were approved and implemented in line with the Portuguese DGAV (Direção Geral de 

Alimentação e Veterinária) guidelines. Zebrafish embryos were raised at 25ºC or 28ºC in E3 

embryo media (NaCl 5mM, KCl 0.17 mM, CaCl2 0.33 mM, MgSO4 0.33 mM) and staged 

according to age (hours post-fertilization, hpf), the number of somites and morphological 

features, as described elsewhere (Kimmel et al., 1995). Wild-type AB line, Tg(sox17:GFP)s870 

(Chung & Stainier, 2008), Tg(actb2:Lifeact-GFP) (Behrndt et al., 2012) and deltaD tr233 (Eeden 

et al., 1996) were used for this work. pUbi-CD63-pHluorin construct (a gift from Guillaume van 

Niel) was co-injected with Tol2 transposase mRNA at the one-cell stage zebrafish embryos 

(Kwan et al., 2007). Once the embryos reached adulthood, they were outcrossed with a wild-

type line and the GFP positive progeny was selected to generate a stable ubi:CD63-pHluorin 

transgenic line. 

 

Injections of Morpholino oligonucleotides and/or mRNA 

synta, syntabis and mismatch morpholinos (Lambaerts et al., 2012) were obtained from Gene 

Tools LLC (Philomath, USA) and diluted in 10,000 MW rhodamine-dextran solution (1:2; 

Sigma-Aldrich). To infer about syntenin-a knockdown specifically at the KV cells, the 

morpholinos were injected between 512 and 1,000 cell stages into the yolk, as previously 

described (Amack & Yost, 2004), at a dose of 6 ng per embryo. 

The rhodamine lineage tracer allowed us to meticulously control the injection efficiency, by 

selecting the embryos positive for diffusion through the yolk cell and into DFCs (Amack and 

Yost, 2004) (Figure 2.8 B). 50 pg of zebrafish syntenin-a mRNA was injected in combination 

with synta MO for rescue experiments. To assess ciliary motility, 50 pg of arl13b-GFP mRNA 

was injected into one-cell staged embryos. Overexpression of her12 was accomplished by 

injecting 50 pg of her12 mRNA into 1 cell stage embryos. Injected embryos were allowed to 

develop to the proper stages to study KV cilia, expression patterns of different genes and 

organ situs. 

 

Overexpression and in situ hybridization assays 
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Full length syntenin-a (ENSDARG00000012513), resistant for synta MO, construct was a gift 

from Pascale Zimmermann and it was cloned into a pCS2+ plasmid. Primer sequences used: 

synta forward 5’- TAAGCACTCGAGATGAGTCTATATCCATCGCTAG -3’ and reverse 5’- 

TGCTTATACGTATCAGACCTCAGGCACAG -3’. PCR was performed using iProofTM High-

Fidelity DNA Polymerase (Bio-rad). The amplified gene and plasmid were double digested 

and incubated overnight at 16ºC with DNA ligase T4 (NEB). DH5α competent E. coli were 

transformed with the ligation product and plated in LB Agar (Carl Roth) supplemented with 

100 mg/mL of Ampicillin. Resistant colonies were screened by PCR using pCS2+ specific 

primers and positive colonies were sequenced to evaluate the quality of PCR amplification. A 

colony with correct sequence was grown on secondary culture and a high quality and 

concentrated plasmid was obtained using, according to the instructions of manufacture, a 

ZymoPURETM plasmid Midiprep kit (Zymo Research). For in vitro capped mRNA production, 

both syntenin-a and alr13b-GFP (a gift from Helena Soares) plasmids were linearized and 

processed with mMESSAGE mMACHINETM SP6 Transcription Kit (InvitrogenTM AmbionTM). 

mRNAs were purified, quantified, aliquoted and stored at -80ºC. For in situ hybridization 

probes, syntenin-a plasmid was processed with T7 and SP6 RNA Polymerase (Promega), to 

produce antisense and sense probes respectively, and labelled with DIG (Roche). RNA probes 

were purified, quantified, diluted in 200uL of Hybridization Mix and stored at -20ºC. 

In situ hybridization probes of syndecan-2 (ENSDARG00000002731), syndecan-3 (Gene ID: 

337077), syndecan-4 (ENSDARG00000059906) and pdcd6ip (ENSDARG00000025269) 

were amplified from wild-type zebrafish cDNA into pGem-Teasy vector (Promega) using the 

following primers: syndecan-2 forward 5’-ATGAGGAACCTTTGGATGATTTTAACCCTC-3’ 

and reverse 5’-TTATGCGTAAAACTCCTTGGTGGGAGC-3’; syndecan-3 forward 5’-

GCCTTACGATGATGAAGACTTCTACTCTGG-3’ and reverse 5’-

CCTTCGTCTTTCTTTTTCATCCGGTAGAC-3’; syndecan-4 forward 5’-

GATGTTGAAAGTTTACCTCATGTTGG-3’ and reverse 5’-

TCATGCGTAGATTTCTGTGGTTG-3’ and pdcd6ip forward 5’-

CAAAGAGAATCTGCCTAAGGACGTG-3’ and reverse 5’-

CTGAGACCTCAACACATTTACCACC-3’. PCRs were performed using NZYTaq II DNA 

Polymerase (NZYTech). The resulting amplicons and the vector were digested and incubated 

overnight at 16ºC with DNAligase T4 (NEB). DH5α competent E. coli were transformed with 

the ligation products and plated in LB Agar (Carl Roth) with 100 mg/mL of Ampicillin. Colonies 

were assessed by PCR using pGem-Teasy specific primers and positive colonies were 

sequenced to evaluate not only the integrity of PCR amplification but also the construct 

orientation within the vector. Colonies were further grown on secondary cultures and plasmids 

were purified using ZymoPURETM plasmid Midiprep kit (Zymo Research). Linearized plasmids 
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were used to produce both sense and antisense in situ hybridization probes either with T7 or 

SP6 RNA Polymerases (Promega) and labelled with DIG (Roche). RNA probes were purified, 

quantified, diluted in 200uL of Hybridization Mix and stored at -20ºC. 

 

RNA in situ hybridization and immunofluorescence 

Whole-mount in situ hybridization for syntenin-a, syndecan-2, syndecan-3, syndecan-4 and 

pdcd6ip were performed at 4 and 10 somite stage in wild-type embryos as described in Thisse 

Lab - In situ Hybridization Protocol 2010 update Zfin (https://goo.gl/XdcfCH). Digoxigenin RNA 

probes were synthesized from DNA templates of dand5 and spaw (Hashimoto et al., 2004) 

and the whole-mount in situ hybridization was performed at 8 and 12 somite stage embryos 

as described elsewhere (Thisse & Thisse, 2008).  

Images of whole-mount embryos were obtained on a Zeiss Z2 Widefield Microscope with Zeiss 

air EC Plan-Neofluar 5x (0.16 NA) and 10x (0.3 NA) lenses. Expression patterns of dand5 and 

spaw were evaluated relatively to the KV position – left, right, bilateral, or absent.  

dand5 in situ hybridizations were performed in 73 wild-type embryos, 35 mismatch MODFCs, 

65 synta MODFCs, 15 synta MODFCs + 50 pg synta RNADFCs and 16 syntabis MODFCs to 

characterize syntenin-a knockdown phenotype and in 24 wild-type embryos, 6 ‘Danieau’s 

buffer dilution’ embryos and 12 ‘methylcellulose dilution’ embryos to evaluate the effect of KV 

fluid manipulation. spaw in situ hybridizations were performed in 8 wild-type embryos, 15 

mismatch MODFCs and 19 synta MODFCs. Fisher’s exact test was used to compare the 

frequency of left-right defects between controls and manipulated embryos. 

Whole-mount immunostaining was performed as described previously (Lopes et al., 2010). 

Antibodies used for immunostaining were anti-acetylated alpha-tubulin (1:400; ref.:T7451, 

Sigma or ref.:5335, Cell Signaling), anti-DeltaD (1:50; ref.: ab73331, Abcam), anti-V-ATPase 

V1 subunit A (1:200, ref.: A00938, GenScript), anti-TJP1 (1:200, ref.: HPA001636, Sigma), 

Alexa Fluor 488 (1:500; Invitrogen), Alexa Fluor 647 (1:500; Invitrogen) and Alexa Fluor 546 

phalloidin (1:200, Invitrogen/molecular probes). Nuclei were stained with DAPI (1:500). Stacks 

of flat-mount embryos were acquired either on a laser scanning confocal microscope Zeiss 

LSM710 with an Olympus 40x water immersion lens (0.8 NA) or on an Airyscan laser scanning 

confocal microscope Zeiss LSM 980 with a 40x water immersion lens (1.2 NA). 

 

 

 

https://goo.gl/XdcfCH
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Fluorescence activated cell sorting (FACS) 

Tg(sox17:GFP) control embryos and injected with mismatch MO and synta MO embryos were 

allowed to develop overnight at 25ºC until 8 somite stage. The embryos were dechorionated 

with pronase E (2 mg/mL, Merck), washed extensively with E3 media and transferred into 2 

mL eppendorfs. Cells were dissociated in 1 mL of CO2 independent medium (GibcoTM) 

complemented with 0.5 mM EDTA by manual up and down pipetting with filter tips. Cells were 

centrifuged at room temperature for 3 minutes at 700 g. The supernatant was discarded and 

cells were resuspended in a new 1 mL of CO2 independent medium (GibcoTM) complemented 

with 0.5 mM EDTA. The dissociation and centrifugation steps were performed 3 times, until 

the removed supernatant became translucent pink. Cells were then re-suspended in 300 µL 

of FACS buffer (5mM EDTA; 25mM HEPES pH 7.0; 1% inactivated fetal bovine serum; 1x 

PBS; filtered using a 0.2 µm acrodisc® syringe filter (Pall, Life Sciences)) and filtered with a 

30 µm mesh. FACS was performed in a BD FACSAria™ III Cell Sorter (Becton Dickinson) 

with a sheath fluid pressure at 70 psi, by the facility technician. GFP high positive cells were 

selected, collected directly into 300 µL of QIAzol Lysis Reagent (Qiagen) and RNA extraction 

protocol was immediately performed. We collected three independent samples for control 

embryo, mismatch MO and synta MO injected embryos, each with around 15 000 cells per 

sample. 

 

RNA isolation, cDNA synthesis and quantitative PCR 

Total RNA was extracted with the RNeasy® micro kit (ref.: 74104, Qiagen) and cDNA was 

synthesized by reverse transcription using both oligo(dT)18 and random hexamer primers with 

the RevertAid First Strand cDNA Synthesis kit (ref.: K1622, Thermo ScientificTM), both 

protocols were followed by the manufacturer’s instructions. Real-time qPCR reactions using 

Roche SYBR Green I Master (ref.: 04887352001, Roche) were performed in a Roche 

LightCycler® 96 Real-Time PCR System. Three biological replicates were analysed for each 

gene and all the experiments were performed in triplicate. Results were analysed and RNA 

transcripts levels were normalized to the expression of the housekeeping ribosomal protein 

L13a (rpl13a) gene. The following primers were used: rpl13a forward 5’-

TGACAAGAGAAAGCGCATGGTT-3’ and reverse 5’-GCCTGGTACTTCCAGCCAACTT-3’; 

dand5 forward 5′-CCGCAATCCTGACCCATAGCAA-3′ and reverse 5′-

CTCCTCCGTTATGCGCTGTGTA-3′; dnah7 forward 5’-

CGTTGCCTCAGCTCAGAAGTGAAA-3’ and reverse 5’-GTTTGGATCGGGCTCGCTGTAT-

3’; rbc3a forward 5’-CAAGTGTGGCGTTGCAGATGGTGA-3’ and reverse 5’-
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TGGACTGTCCCGCTGTGGCG-3’; deltaD forward 5’-ACCGCAGCCGCGCGCCGGACT-3’ 

and reverse 5’-TGTGGCTTCGCTCCTCTCAGAA-3’. 

 

Live imaging of CD63 positive vesicles and actin dynamics in the zebrafish KV and 

Bafilomycin A1 treatment 

Tg(CD63-pHluorin) and Tg(actb2:Lifeact-GFP) embryos were developed at 28ºC until 5 

somite stage, then mounted in a 2% (w/v) agarose mold in glass-bottom Petri dish and covered 

with E3 medium. Tg(CD63-pHluorin) siblings were also treated at 3 somite stage with 100 nM 

Bafilomycin A1 for 1 hour before being immobilized in the 2% (w/v) agarose mold. Live imaging 

was performed in an airyscan laser scanning confocal microscope (Zeiss LSM 980) with a 40x 

water objective lens (1.2 NA) at room temperature or in a spinning disk laser confocal 

microscope (Andor Resolution XD) with a 60x water immersion objective (1.2 NA) at 28ºC. 

Time-lapses of the KV midplane of the embryos were acquired for one minute. 

 

KV liquid manipulation 

Wild-type embryos were developed until 5 somite stage and KV fluid manipulations were set 

under a 10x Plan DL air objective lens on a Nikon Eclipse Ti-U inverted microscope at 28ºC. 

Embryos were held individually from the anterior dorsal side of the body using a holding pipette 

while a second pipette was used to penetrate the KV from the posterior dorsal side. The 

pipettes were attached to CellTram’s (CellTram Vario, FemtoJet, Eppendorf) and were 

controlled by a set of two motorized axis manipulators (MPC-385-2, Sutter Instruments). To 

dilute the KV fluid, the injection pipette was pre-filled with Danieau’s solution 1x (58mM NaCl, 

0.7mM KCl, 0.4mM MgSO4, 0.6 mM Ca(NO3)2, 5.0 mM HEPES pH 7.6) or Methylcellulose 

1.5% (M0387, Sigma-Aldrich) diluted in 10,000 or 70,000 MW rhodamine-dextran solution 

(1:4; Sigma-Aldrich). Upon insertion of the injection pipette into the KV lumen, the vesicular 

fluid was aspirated, held for a few seconds inside the pipette to allow mixing and then the 

mixed solution was injected again into the KV until reaching the KV volume observed before 

the manipulation. Only embryos with rhodamine-positive KVs were selected for the 

experiment. Embryos were then mounted for fluid flow live imaging as described below. 

Afterwards, embryos were let to develop at 28°C and were later characterized according 

to dand5 expression pattern or to heart laterality. KV fluid experiments were performed in: 10 

embryos (70 kDa Rhodamine), 5 embryos (10 kDa Rhodamine), 28 embryos 

(methylcellulose), 21 embryos (Danieau’s buffer), 20 embryos (DMSO), 12 embryos 

(chloroquine 200 µM), 10 embryos (chloroquine 400 µM), 9 embryos (chlorpromazine 10 µM), 
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3 embryos (chlorpromazine 50 µM), 7 embryos (amiloride 100 µM) and 3 embryos (EIPA 100 

µM). In 6 embryos, the KV was punctured with the injection needle without applying suction. 

We named these embryos “Sham” and they were used as controls for the micromanipulation. 

 

Live imaging of fluid flow and CBF measurements 

Embryos injected with mismatch MODFCs, synta MODFCs, synta MODFCs + 50 pg synta RNADFCs 

and respective control siblings were developed overnight at 25ºC until 8 somite stage. In KV 

fluid dilution experiments, after the micromanipulation, the embryos were followed through 

development and stacks were acquired every 30 minutes between 6 and 8 somite stage.  

Embryos were mounted with the dorsal roof of the KV facing the objective lens and the imaging 

was performed on an inverted transmission light microscope (Nikon Eclipse Ti-U) with a 100× 

oil immersion objective lens (1.30 NA) at room temperature. Bright field images were recorded 

with a FASTCAM MC2 camera (Photron Europe, Limited) controlled with PFV (Photron 

FASTCAM Viewer) software. Time lapses of native KV particles were filmed at 60 fps for 30 

seconds and tracked using the ImageJ plugin MTrackJ as previously described (Sampaio et 

al., 2014). Ciliary movement was recorded at 500 fps for 2 seconds and cilia beat frequency 

was measured using the CiliarMove software (Pinto et al., 2021).  

In section II, cilia beat frequency was analysed in 4 WT embryos (n=38 cilia), 4 mismatch 

MODFCs injected embryos (n=35 cilia) and 4 synta MODFCs injected embryos (n=38 cilia). 

Results were statistically analysed using the Kruskal-Wallis ANOVA test and a post hoc 

analysis with Dunn’s correction for multiple comparisons. 

 

Angular flow velocity measurements 

The flow speed and angular velocities were calculated by customized scripts in the program 

environment R (BioRxiv, Sampaio et al., 2022). In this flow dynamics studies, tracked points 

near the centre (corresponding to the interior half radius circle of the KV) were removed, as 

angular quantities are poorly defined along the axis of rotation, close to the centre of the KV. 

Therefore, KV flow measurements contemplate exclusively the near KV apical membrane 

circle, where the flow is more effective (Montenegro-Johnson et al., 2016). Angular velocity 

represents the effective circular flow magnitude of a particle moving between two consecutive 

time frames. The center of the KV was used as a reference point of a polar coordinate system 

in which angles are expressed in radians. Instantaneous angular velocity (rad/sec) was 
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calculated by dividing particle angle change by the time between consecutive image frames 

(0.2 seconds). 

For the KV fluid dilution experiments, we successfully filmed 6 control embryos, 12 ‘Danieau’s 

buffer dilution’ embryos and 12 ‘Methylcellulose dilution’ embryos. Results were analysed 

according to a linear mixed-effects model. 

For the characterization of syntenin-a role in the LR establishment, a total of 7 wild-type 

embryos, 7 mismatch MODFCs, 8 synta MODFCs and 7 synta MODFCs + 50 pg synta RNADFCs 

injected embryos were imaged. Results were statistically analysed using the Kruskal-Wallis 

ANOVA test and a post hoc analysis with Dunn’s correction for multiple comparisons. 

Ciliary motility assay and Concanamycin A treatment 

Embryos were firstly injected with 50 pg of arl13b-GFP mRNA at one cell stage, incubated at 

28ºC for 2 hours and then injected with mismatch MODFCs, synta MODFCs or synta MODFCs + 50 

pg synta RNADFCs between 512 and 1,000 cell stages. Once at 8 somite stage, RhodamineDFCs 

positive embryos were mounted live in 2% (w/v) agarose mold and covered with E3 medium.  

Embryos injected with 50 pg of arl13b-GFP mRNA at one cell stage were also allowed to 

develop at 28ºC until 3 somite stage and then incubated either with DMSO or Concanamycin 

A (200 nM). After 30 minutes, at 4 somite stage, embryos were mounted quickly in 2% (w/v) 

agarose mold and covered with E3 medium.  

Live imaging of whole KVs was performed in a Zeiss LSM710 with an Olympus 40x water 

immersion lens (0.8 NA) at room temperature, scanned with z sections of 0.5 μm and an 

acquisition rate of 9.6 slices per minute (6.25 sec per slice) (Tavares et al., 2017). Stacks were 

reconstructed using Fiji and motile and immotile cilia identification was performed manually. 

For the characterization of syntenin-a role in the LR establishment, a total of 23 arl13b:GFP 

RNA injected control embryos (n=869 cilia), 17 co-injected with mismatch MODFCs (n=754 

cilia), 13 synta MODFCs (n=482 cilia) and 14 synta MODFCs + 50 pg synta RNADFCs injected 

(n=576 cilia) embryos were imaged. The one-way ANOVA test with Tukey’s multiple 

comparisons post hoc analysis was performed to evaluate the distribution of motile and 

immotile cilia between the anterior and posterior halves of the KV, within treatments. While a 

Fisher test with Bonferroni correction was performed to compare the number of motile and 

immotile cilia between treatments. 

To evaluate the effect of inhibiting V-ATPase activity on ciliary motility ratio, 5 control embryos 

(n=272 cilia), 3 DMSO incubated embryos (n=76 cilia) and 11 Concanamycin A incubated 

embryos (n=355 cilia) were analyzed with a Fisher test with Bonferroni correction. 
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Cilia number, 3D length measurements and anterior-posterior distribution 

Embryos injected with mismatch MODFCs, synta MODFCs and respective control siblings were 

fixed at 8 somite stage in PFA 4% and processed for whole-mount immunostaining of 

acetylated alpha-tubulin as previously described (Lopes et al., 2010). Stacks were 

reconstructed using Fiji, cilia number and anterior-posterior distribution were analysed 

manually, and 3D cilia length was measured using the ImageJ plugin Simple Neurite Tracer 

(Longair et al., 2011). 

The ciliary length was analysed in 8 WT embryos (n=461 cilia), 9 mismatch MODFCs injected 

embryos (n=358 cilia) and 10 synta MODFCs injected embryos (n=447 cilia). Results were 

statistically analysed by using the Welch’s ANOVA test and a post hoc analysis with Dunnett’s 

correction for multiple comparisons. 

 

Fluorescence levels, area and KV volume measurements 

Whole-KV scans at 8 somite stage or tailbud-midplane scan at bud stage for the 

immunolabelled DeltaD and Tjp1a proteins were analyzed and the fluorescent signal was 

measured and normalized using the semiautomated IMARIS software program. DeltaD 

protein profile was analysed in 8 control embryos and 6 synta MODFCs injected embryos at 8 

ss and in 4 control embryos and 7 synta MO injected embryos at bud stage, while Tjp1a protein 

profile was analysed in 5 control embryos and 6 synta MODFCs injected embryos. Student’s t-

test with Welch’s correction was used to compare the results. 

For KV volume measurements, whole-KV scans of live imaged 20 arl13b:GFP RNA injected 

control embryos, 18 co-injected with mismatch MODFCs, 15 with synta MODFCs and 14 with 

synta MODFCs + 50 pg synta RNADFCs embryos were used. The KV lumen was delineated for 

each z-stack image, the luminal area was measured and the KV volume was calculated using 

the semiautomated IMARIS software program. The results were analysed by Kruskal-Wallis 

ANOVA test with Dunn’s correction for multiple comparisons. 

Heart situs evaluation 

Heart jogging was assessed from the ventral side of 30 hpf embryos using a stereoscopic 

zoom microscope (SMZ745, Nikon Corporation). Scoring of the heart situs was evaluated 

relatively to the midline axis – left, right or central.  
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210 wild-type embryos, 27 mismatch MODFCs, 40 synta MODFCs, 20 synta MODFCs + 50 pg synta 

RNADFCs and 54 syntabis MODFCs injected embryos were evaluated for heart situs to 

characterize syntenin-a knockdown phenotype. Whereas 487 wild-type embryos, 21 embryos 

(Danieau’s buffer), 28 embryos (methylcellulose), 20 embryos (DMSO), 12 embryos 

(chloroquine 200 µM), 10 embryos (chloroquine 400 µM), 9 embryos (chlorpromazine 10 µM), 

3 embryos (chlorpromazine 50 µM), 7 embryos (amiloride 100 µM) and 3 embryos (EIPA 100 

µM) were observed to evaluate the effect of KV fluid content manipulation. Fisher’s exact test 

was used to compare the frequency of left-right defects between controls and manipulated 

embryos. 

 

2.2.  RESULTS 

While the Nodal gene is the leftness signal widely conserved in the animal kingdom being 

present from radial symmetric animals to vertebrates, the symmetry breaking event has 

evolved from a simple chiral cellular arrangement during early cleavage divisions to the 

maturation of a complex ciliated structure for the sole reason of inducing Nodal expression 

(Blum et al., 2014; Blum & Ott, 2018). The motile cilia and subsequently the fluid flow are now 

at the heart of the LR axis establishment driving the latest questions within the field. 

Here, we manipulated the KV fluid using a recently developed micromanipulation assay to 

address if its content is determinant for the flow-sensing mechanism carried by the 

surrounding cells (section I). Additionally, we performed knockdown experiments to 

manipulate Notch signaling in order to understand the mechanism behind the choice of motile 

versus immotile cilia, that is crucial for the generation of the optimal fluid flow (section II). 

 

Section I – Testing the role of extracellular vesicles in the 

zebrafish embryo LRO 

 

2.2.1. Kupffer’s Vesicle fluid is composed of different extracellular vesicles 

In order to understand if the chemosensory model could play a role in the zebrafish LR 

determination, we aimed to study the fluid content researching for extracellular vesicles (EVs) 

that could be responsible for the transportation of the sidedness molecule that triggers the 

asymmetric signaling cascade and, thus, driving the flow-sensing mechanism. During our 

previous studies regarding flow dynamics, we found the presence of a few native particles 
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within the KV lumen, by direct visualization through bright field microscopy, that allowed us to 

measure flow speed (Sampaio et al., 2014). Due to the variable and mostly high size of these 

native particles, they were considered as cellular debris. We later detected a lot more EVs, 

with variable size ranges, by performing transmission electron microscopy of wild-type (WT) 

zebrafish embryos at 8 ss (data not shown). This work was performed by Petra Pintado and 

Andreia Pinto from Susana Lopes lab. The difference between the two methods is due to the 

minimum threshold resolution, while we use a 100x lens for detection and tracking of native 

particles for flow dynamics, electron microscopy was performed at a magnification of 25 000x, 

allowing for the detection of small vesicles (Pinto et al., 2021). However, electron microscopy 

along with other techniques that require prior fixation of the samples may not reflect the native 

state of EVs as structural artifacts may occur due to dehydration and fixation. 

Therefore, we decided to study EVs by live imaging using fluorescent tagged reporters, so we 

took advantage of a recently published construct validated in zebrafish (Verweij et al., 2019). 

CD63-pHluorin comprises a tetraspanin protein highly enriched in EV membranes cloned with 

a pH sensitive GFP variant, pHluorin, located in the first extracellular loop of CD63 (Verweij et 

al., 2016). Although the function of CD63 is largely unknown, as a tetraspanin, it is thought to 

interact with several molecules to regulate intracellular trafficking, signaling pathways and 

adhesion of exosomes to target cells (Pols & Klumperman, 2009). When injected into zebrafish 

embryos, CD63-pHluorin labelled single vesicles in the range of exosomes between 100 and 

150 nm confirmed by immunogold labelling and nanoparticle tracking analysis (Verweij et al., 

2019) suggesting that CD63-pHlourin is a suitable marker to visualize in vivo EVs in zebrafish. 

We engineered a transgenic line to stably express CD63-pHluorin ubiquitously and by 

performing live imaging of 5 ss embryos we found an enrichment of fluorescence in the plasma 

membrane of KV cells (Figure 2.1 A). We focused on the KV midplane as it displays a 

maximum lumen area, comprises the preferential location to observe native particles and 

intercepts the flow vortex, being ideal for 2D studies (Sampaio et al., 2014). With this strategy, 

we detected for the first time in live CD63-pHluorin positive EVs inside the KV lumen being 

carried by the fluid flow (Figure 2.1 A’, Supplementary Movie 2.1). We further attempted to 

increase the number of EVs inside the lumen by inhibiting the vacuolar H+-ATPase, with 

Bafilomycin A1 (BafA), which elevates endosomal pH, decreasing the lysosomal degradation 

of multivesicular bodies and other endosomal components and consequently promoting 

exosomal secretion (Ferreira et al., 2022; Ortega et al., 2019). Incubation of Tg(CD63-

pHluorin) embryos with 100 nM of BafA, for 1 hour prior to live imaging, showed an increased 

fluorescent signal within the KV cells, confirming the impairment of the lysosomal degradation 

(Figure 2.1 B), however no significant differences were observed regarding the number of EVs 

in the KV lumen (Figure 2.1 B’). 
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Although zebrafish KV shows a variable number of cells and, as a result, different lumen sizes, 

the final outcome of LR, which is the correct organ position, is still accomplished in 90% of 

zebrafish larvae (Gokey et al., 2016; Moreno-Ayala et al., 2021). Therefore, we reasoned that 

the flow-sensing mechanism, here assessed by the EVs, should constitute a robust physical 

event. We then proposed to develop a reliable method to quantify and track EVs, but analysis 

of Tg(CD63-pHluorin) single vesicles, for stages ranging from 5 ss to 8 ss, revealed high levels 

of variability between embryos. While some embryos undoubtedly showed CD63-pHluorin 

positive EVs inside the KV lumen (n= 10 embryos), most embryos showed empty lumens or 

very low signal that could have been easily misinterpreted as background noise (n= 69 

embryos) (Figure 2.1 C).  

Figure 2.1: CD63-pHluorin positive vesicles were observed within the Kupffer’s Vesicle lumen. 
(A) Z-projection of a time lapse movie of a Tg(CD63-pHluorin) embryo with 5 ss (n= 10 embryos). (A’) Higher 
magnification of CD63 positive vesicles found within the KV lumen of the embryo in A. (B) Z-projection of a time 
lapse movie of a Tg(CD63-pHluorin) embryo with 5 ss prior incubated with 100 µm Bafilomycin A1 (BafA) for 1 
hour (n= 6 embryos). (B’) Higher magnification of CD63 positive vesicles found within the KV lumen of the 
embryo in B.(C) Percentages of Tg(CD63-pHluorin) embryos observed with or without CD63-pHluorin positive 
vesicles in the KV lumen (n= 79 embryos). Embryos were imaged either using the spinning disk laser confocal 
microscopy (Andor Resolution XD) or the airyscan confocal microscopy Zeiss LSM 980. KV, Kupffer’s Vesicle.; ss, 
somite stage. White and green scales represent 20 µm and 1 µm, respectively. 

 

 

This could be due to technical issues, as most EVs may be under the limit of resolution. 

Detection limit for EVs can depend on the number of fluorescent molecules incorporated in 

the vesicles, the background fluorescence level within the KV lumen and/or the increased 

signal from surrounding tissues, such as the KV cells. Additionally, throughout development 

the KV fluid increases from 17 to 82 picoL in volume (Ferreira et al., 2017) and, concomitantly, 

migrates from 70 to 120 µm below the tail mesodermal cell layer. Meaning that the KV 

develops deep into the ventral side of the embryo, away from the microscope lens, which 

compromises the optimal distance for fluorescent signal detection. Lastly, we observed that 

CD63-pHluorin positive EVs adopted the speed of the flow, fluctuating between different focal 

planes of the KV lumen, increasing the difficulty of tracking them along the time-lapses. 
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Therefore, to validate the existence of EVs in all embryos a better method of detection is 

needed. Scanning the whole KV through high pressure freezing electron microscopy would 

avoid the classical structural anomalies observed in normal fixation for electron microscopy. 

A following step by immunogold labelling of CD63-pHluorin positive vesicles would fully 

confirm and characterize this sub-population of EVs. Moreover, other fluorescent tagged EV 

proteins could be tested, to find more markers, as EVs with different compositions can co-

exist. Alternatively, performing mass-spectrometry of KV liquid would allow us to discriminate 

the biochemical signature. Unfortunately, obtaining enough KV liquid for such an experiment 

was not feasible, as KV fluid from thousands of embryos would be needed, and we did not 

pursue this task. 

 

2.2.2. Cells from Kupffer’s Vesicle maintain endocytic properties 

Taking the low level of EV detection by fluorescent microscopy, we decided to tackle this issue 

by analyzing the biophysical properties of the KV cells necessary to cope with the uptake of 

EVs. Before developing into a mature KV, DFCs, the KV cell precursors, were described to be 

highly endocytic cells (Cooper & D’Amico, 1996). However, the endocytic profile of KV cells 

remains uncharacterized. For this purpose, we used a new setup established in the laboratory, 

initially developed to extract transiently the KV fluid without affecting its structure and 

preserving its function (Figure 2.2 A). With this setup, we reasoned that we could refill the KV 

after fluid extraction, replacing at least a part of its content. Hence, the KV liquid was extracted 

and diluted in approximately 1 µl of fluorescent tracers priorly loaded into the needle. After a 

few seconds, the resulting mixed liquid was re-injected into the KV until it reached the initial 

volume (Figure 2.2 B, Supplementary Movie 2.2). Fluorescent signal was contained inside the 

KV lumen with very low to no leakage into the surrounding tissues, confirming the 

successfulness of the procedure (Figure 2.2 C). 
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Figure 2.2: Kupffer’s Vesicle fluid dilution procedure. 

(A) Schematic representation of the micromanipulation setup that allows the partial replacement of the KV fluid 
throughout the zebrafish embryo development, showing the positioning of the holding pipette (on the left side) 
and the microinjection needle (on the right side) relatively to the embryo for KV lumen assessment. (B) Time-
lapse of KV fluid dilution by microsurgery in a total of 35 seconds. Red dashed line delineates the final volume 
of the KV. (C) Rhodamine positive signal assessment from KV lumen to confirm the dilution procedure 
successfulness. KV, Kupffer’s Vesicle; A, anterior; P, posterior; D, dorsal; V, ventral. 

 

 

To analyze the capacity of KV cells to uptake the liquid and/or particles from the liquid, we 

replaced the KV fluid with two different molecular weight rhodamine-dextran tracers. 

Generally, cells have different strategies to incorporate extracellular fluid and molecules. 

Macropinocytosis is involved in bulk fluid internalization, independently of its content, through 

plasma membrane protrusions; whereas micropinocytosis is involved in small extracellular 

particles and molecules uptake, which is mediated by membrane-bound receptors and 

adaptors, as clathrin, dynamin and others (Doherty & McMahon, 2009). Therefore, 

internalization of extracellular molecules firstly depends on their size. Large molecules such 

as 70 kDa (kilo Dalton) fluorescent dextrans are predominantly engulfed by the non-selective 

fluid-phase macropinocytosis, while smaller molecules, such as 10 kDa fluorescent dextrans 

are generally internalized via clathrin- and dynamin-dependent endocytosis and 

macropinocytosis (Li et al., 2015). 

Moreover, we have previously observed membrane protrusions at the apical side of the KV 

cells, by electron microscopy, resembling the actin driven ruffles that mediate 

macropinocytosis (data not shown). To confirm this phenomenon, we used a transgenic line 

that labels F-actin, Tg(actb2:Lifeact-GFP) and followed the KV cells between 5 ss and 8 ss 

(Figure 2.3 A). By live imaging, we detected actively dynamic F-actin protrusions at the plasma 

membrane of KV cells facing the lumen (Figure 2.3 A’), that formed sporadically and without 

V 

P A 

D 
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any specific bias towards a KV side. We then diluted the KV liquid of Tg(actb2:Lifeact-GFP) 

embryos with the 70 kDa rhodamine dextran containing solution to evaluate the ability of these 

actin protrusions to form macropinosomes that internalize liquid. We performed the tracer 

experiment at 5 ss and searched for rhodamine tracer internalization from 8 – 10 ss, when the 

first readout of flow, dand5 mRNA, becomes visibly asymmetrically expressed on the right 

side (Lopes et al., 2010) and, presumably when the internalization of more EVs is no longer 

necessary. Results showed that manipulated embryos (n = 10) showed a strong fluorescent 

signal from the 70 kDa tracer contained within the KV lumen and almost no signal inside the 

KV cells (Figure 2.3 B) suggesting that macropinocytosis did not occur during this time window 

and most likely is not involved in the LR axis establishment. 

Between 4 and 6 ss, KV cells suffer architectural changes, leading to the compaction of cells 

on the anterior-dorsal side, via Rock2b induced phosphorylation of Myosin II activity, that 

subsequently regulates cell contractility and cell adhesion (Wang et al., 2011, 2012). 

Therefore, it is plausible that our results showing F-actin protrusions may reflect the dynamic 

actin-myosin tensions occurring at the time. 

Next, we replaced the KV fluid by the smaller molecular weight 10 kDa rhodamine dextran 

solution using the same setup as previously. Immediately after the dilution procedure, the 

fluorescent signal was confined to the lumen, as reported before (Figure 2.2 C), however, at 

8 ss the rhodamine dextran was predominantly inside the KV cells distributed along the 

cytoplasm and clustered in small dots, resembling a vesicular labeling pattern (Figure 2.3 C).  
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Figure 2.3: Kupffer’s Vesicle cells are active endocytic cells. 
(A) KV midplane of Tg(actb2:Lifeact-GFP) embryo at 5 ss showing actin protrusions at the anterior side (n= 13 
embryos). Time-lapses of KVs were imaged using the spinning disk laser confocal microscopy (Andor Resolution 
XD). (A’) Higher magnification of actin protrusions at the apical membrane of embryo A. (B) KV midplane of 
Tg(actb2:Lifeact-GFP) embryo injected with 70 kD Rhodamine at 5 ss and imaged at 8 – 10 ss (n= 10 embryos). 
Z-stack of whole KVs were imaged either using the laser scanning confocal microscopy Zeiss LSM 710 or airyscan 
Zeiss LSM 980. (C) KV midplane of Tg(sox17:GFP) embryo injected with 10 kDa Rhodamine at 5 ss and imaged at 
8 – 10 ss (n= 5 embryos). White scale and green scale represent 20 µm and 5 µm, respectively. KV, Kupffer’s 
Vesicle; ss, somite stage; A, anterior; P, posterior; L, left; R, right; kDa, kilo Dalton. 

 

Our results showed that all KV cells are capable of endocytic function, as reported for their 

precursor cells. So, micropinocytosis, such as clathrin- and dynamin-dependent endocytosis, 

rather than macropinocytosis, may be active in the KV cells. 

 

2.2.3. Inhibition of Kupffer’s Vesicle fluid content internalization has no impact on LR 

axis establishment 

Considering the chemosensory hypothesis predictions, EV release and uptake cycles would 

have to happen quickly in order to avoid mixing and diffusion and intermittent repetitively 

throughout the development of the KV to allow for a large and stable accumulation of EVs on 
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the left sided cells (Ferreira et al., 2017; Okada et al., 2005; Solowiej-Wedderburn et al., 2019). 

Moreover, particles transported by the KV fluid flow at its maximum speed perform a complete 

turn to the vesicle in about 15 seconds (Supatto et al., 2008). Therefore, we predicted that any 

interference with the internalization of the biochemical signal would have severe impacts on 

laterality.  

Given the high precision and time resolution of our micromanipulation method to alter the KV 

fluid content locally, we proceeded with the injection of pharmacological antagonists to inhibit 

specifically KV cell endocytosis, avoiding any secondary effects that could occur by performing 

whole embryo bathing incubations. As a final redout of this assay, we let the embryos grow 

and looked at heart position after 30 hours post fertilization (hpf).  

Amiloride and EIPA are both inhibitors of Na+/H+ exchanger pump, which impair the activation 

of GTPases at the vicinity of the plasma membrane that promote actin remodeling for dorsal 

ruffles development (Koivusalo et al., 2010). Therefore, they were used to test 

macropinocytosis and to control for toxicity effects upon pharmacological interference with KV 

cells. Chlorpromazine accumulates in the intracellular organelles and arrests clathrin and the 

key adaptor protein 2 within the endosomes, preventing their recycling to the plasma 

membrane and, consequently inhibiting the clathrin-mediated endocytosis pit formation (Wang 

et al., 1993). Thus, chlorpromazine was used for testing specifically clathrin-dependent 

endocytosis. Lastly, Chloroquine is a weak base that accumulates in the acidic compartments 

such as lysosomes and promotes pH increase, impairing endosomal function and indirectly 

inhibiting endocytosis (Ducharme & Farinotti, 1996). Hence, it was used as a general inhibitor 

of internalization processes.  

Control groups contemplating either non manipulated embryos, innocuous Danieau’s buffer 

(DB) injected embryos and EIPA vehicle control dimethylsulfoxide (DMSO) injected embryos, 

typically displayed the heart on the left side of the body (95.6%, 93.3% and 90% of the cases, 

respectively). Considering the embryos manipulated with endocytic inhibitors, none of 

treatments showed consistent defects in laterality of heart position (Fisher test with Bonferroni 

correction, p-value > 0.05) (Figure 2.4). KV fluid dilution with amiloride or EIPA showed a 

correct heart situs in all manipulated embryos, confirming that macropinocytosis does not 

occur in KV cells. Regarding dilution with Chlorpromazine, most of the embryos showed the 

heart on the left side even with higher concentrations (88% and 100% of the cases, 

respectively), suggesting that clathrin-dependent endocytosis is not involved in LR symmetry 

breaking. Lastly, dilution with a broader inhibitor of endocytosis, Chloroquine, showed 25% of 

embryos with laterality defects, but these results were no longer observed when used in higher 
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concentrations (0% of defective cases). Of note, with the selected panel, we could not fully 

infer on the role of ceramide and dynamin-dependent endocytosis. 

Figure 2.4: Inhibition of extracellular vesicles internalization does not affect left-right axis establishment. 

Heart position assessment at 30 hpf and scored for each control non manipulated embryos (n= 986 embryos) 
and manipulated embryos with control Danieau’s buffer (n= 15 embryos), control DMSO (n= 20 embryos), 
chloroquine 200 µM (n= 12 embryos), chloroquine 400 µM (n= 10 embryos), chlorpromazine 10 µM (n= 9 
embryos), chlorpromazine 50 µM (n= 3 embryos), amiloride 100 µM (n= 7 embryos) and EIPA 100 µM (n= 3 
embryos). Hpf, hours post fertilization; L, left; R, right. 

 

In summary, KV cells seem to actively internalize fluid content given the intracellular 

accumulation of 10 kDa rhodamine dextran tracer injected directly into the KV lumen. Our 

results showed that manipulated embryos did not develop robust LR defects by inhibiting 

multiple endocytic mechanisms with different concentrations, suggesting that symmetry 

breaking is independent of endocytic events and consequently, the observed internalization 

of 10 kDa rhodamine-dextran may reflect other cellular regulatory processes. 

 

2.2.4. Increasing the Kupffer’s Vesicle fluid viscosity severely affects the LR axis 

establishment 

As inhibiting EV secretion did not affect LR development, we wanted to confirm that our 

experimental set up was sensitive enough to challenge the flow-sensing mechanism. 

Therefore, we diluted the KV fluid content in a methylcellulose solution (MC, viscosity ∼1500 

cP; water, viscosity 1 cP), as previously used in Xenopus and mouse (Schweickert et al., 

2007; Shinohara et al., 2012). We reasoned that the overall contribution of fluid dynamics 

would be compromised by increasing fluid viscosity with methylcellulose.  
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The cilia-driven fluid flow is characterized by a laminar flow according to the Reynolds number 

(Re), which by taking into account the diameter and flow speed scales, viscosity and density 

of the fluid, quantifies the ratio of inertial force to viscous force. The microscopic length scale 

of the cilia and the low velocity of the flow result in a low Re of approximately < 10-2 and 

consequently the inertia effects can be neglected and viscous forces dominate, creating a 

laminar flow rather than turbulent (Supatto & Vermot, 2011; Montenegro-Johnson et al., 2016). 

Moreover, absence of inertia results in flow velocities proportional to the ciliary movement, 

which means that if a cilium stops beating, the flow speed decreases immediately (Supatto & 

Vermot, 2011). 

In these studies, Re was calculated based on water kinetic viscosity (Supatto & Vermot, 2011). 

We expected that within more viscous liquids, the same ciliary beating would be insufficient to 

apply enough force to achieve the same fluid flow velocity as in water-like fluids. 

Consequently, methylcellulose-driven slower fluid flow would result in a smaller defection of 

immotile cilia, affecting the mechanosensory mechanism. 

On the other hand, at low Re, flow mixing is mostly dependent on particle diffusion and chaotic 

advection produced by the ciliary movement, which is quantified by the Peclet number (Pe), 

using the characteristic diameter and velocity scales, as applied in Re, and particle diffusion 

coefficient (Smith et al., 2007). Within the KV, chaotic advection results in vortical flows around 

the cilia (Supatto et al., 2008), however, its contribution for flow-sensing mechanism is 

unknown.  

We reasoned that by increasing the fluid viscosity with methylcellulose and consequently 

lowering the flow velocity, particles would have more contact time within the fluid increasing 

the effect of diffusion (Bordbar et al., 2018). Thus, augmented particle diffusion would also 

impair the chemosensory mechanism. 

To address how MC dilution and respective control DB dilution experiments affect fluid flow 

dynamics, we monitored flow physical properties after the procedure at 6 ss, 7 ss and 8 ss 

and proceeded to its analysis. Flow can be determined by tracking particles serving as 

fiduciary markers. We have previously established that the fluid flow speed is predictive of the 

LR patterning as well as specific local flow patterns are critical to break symmetry (Sampaio 

et al., 2014), such as the anterior hotspot of flow generated by the clustering of motile ciliated 

cells on the anterior-dorsal side of the KV (Compagnon et al., 2014; Tavares et al., 2017; 

Wang et al., 2011). Although local flow speed (velocity magnitude) is a useful measure for 

identifying regional flow patterns, it does not fully describe the directional material transport of 

the KV fluid (Ferreira et al., 2017; Juan et al., 2018). Thus, we determined the angular velocity 

at discrete locations as a proxy for the effective circular flow strength.  
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Angular velocity data from the many tracks obtained from the control group Sham and each 

dilution experiment were analyzed first dividing the KV in 8 radial sections and plotting the 

median angular velocity per section (Figure 2.5 A, B and C, Supplementary Movie 2.3 and 

2.4). 

To account for the hierarchical structure of the data with both within- and between-embryo 

variability in angular velocity tracks, linear mixed effects models were fitted to characterize 

how angular velocity varied across the KV and over time (Figure 2.5 E, F and G), incorporating 

somite stage, normalized LR and AP axis position and groups (Sham/ DB dilution/ MC dilution) 

as independent variables. Coefficient values can be interpreted as showing relative effect 

sizes and direction (Supplementary Table 2.1 for all p-values). 

The linear mixed model for ‘Sham’ intervention and dilution experiments at 5 ss identified the 

following significant fixed (embryo-independent) effects:  

(i) greater velocity in the anterior compared to the posterior region of the KV (p-value = 

4.4e-142, coefficient 0.16 rad/s),  

(ii) greater difference in flow between anterior and posterior following DB dilution (p-value 

= 0.0072, coefficient -0.021 rad/s) (Figure 2.5 E),  

(iii) (at the significance level of 0.01) there is some evidence for any positive effect of DB 

dilution (e.g. in the anterior) receding over time (p-value = 0.010, coefficient - 0.013 

rad/s/stage), 

(iv) reduced difference in flow between anterior and posterior following MC dilution (p-

value = 5.5e-14, coefficient -0.073 rad/s) (Figure 2.5 E), 

(v) faster flow on the right compared with the left following MC dilution (but not DB dilution 

alone) (p-value = 0.0039, coefficient 0.026 rad/s) (Figure 2.5 F),  

(vi) increased flow velocity over time (p-value = 5.6e-8, coefficient 0.021 rad/s/stage) and 

(vii)  a significant reduction of angular velocity following MC dilution (but not DB dilution 

alone) (p-value = 4.7e-4, coefficient -0.12 rad/s) (Figure 2.5 G). 
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Figure 2.5: Kupffer’s Vesicle flow dynamics is only affected when fluid dilution alters fluid viscosity. 
(A-C) Angular velocity polar plots at 6ss, 7ss and 8ss for the three different groups (A) “Sham” control (n= 6 
embryos), (B) “DB dilution” group (n= 12 embryos) and (C) “MC dilution” group (n= 12 embryos), after fluid 
extraction was performed at 5 ss; number of tracks refers to the number of particle trajectories identified for 
the quantifications and respective angular velocity plots. Colour code on polar plots refers to the median angular 
velocity for all pooled embryos. (E-G) Quantifications of angular velocities found for all tracks analyzed over time 
in (E) anterior and posterior quadrants, (F) left and right quadrants and (G) all KV. Dots contained in the bar plots 
correspond to median values per embryo. A statistical linear mixed model was applied (Supplementary Table 
2.1 for all p-values). DB, Danieau’s buffer; MC, methylcellulose; ss, somite stage. 
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In summary, KV fluid dilution with Danieau’s buffer showed similar trends to the “Sham” control 

group, without significant differences, suggesting that this dilution experiment affected fluid 

content without perturbing flow dynamics for more than a few seconds. Interestingly, we 

observed major alterations on flow dynamics upon methylcellulose dilution into the KV lumen, 

disturbing local patterns of flow and decreasing the overall effectiveness of the flow throughout 

the recovery period.  

In addition, we observed that dilution of KV fluid with MC significantly reduced cilia beat 

frequency (31.17 Hz ± 1.4; n = 50 cilia, 5 embryos) as compared to ‘Sham’ controls (39.29 Hz 

± 1.2; n = 55 cilia; 5 embryos; Student’s t-test with Welch’s correction, p-value < 0.01) (Figure 

2.5 D). 

To further elucidate on how these two manipulations affect the LR axis patterning we assessed 

the expression pattern of dand5. This nodal antagonist is firstly expressed symmetrically 

around the KV and then, by the 8 ss, dand5 is downregulated on the left side in response to 

optimal flow conditions (Lopes et al., 2010), turning into a predictive outcome for the internal 

organ lateralization. In WT embryos, the mainly right sided expression pattern of dand5 was 

observed from 13 hpf onwards (corresponding to the 8 ss) (22/24 embryos, 91.7% of the 

cases). As expected, DB dilution alone showed dand5 expression patterns on the right side 

comparable with WT results (5/6 embryos, 83.3% of the cases; Fisher test with Bonferroni 

correction, p-value > 0.05) (Figure 2.6 A). This indicates that a transient manipulation of the 

fluid content, without affecting its viscosity, does not impair the symmetry breaking mechanism 

of KV cells. Whereas the abnormal flow caused by MC dilution experiment resulted in more 

embryos displaying bilateral expression (7/12 embryos, 58% of the cases; Fisher test with 

Bonferroni correction, p-value < 0.001), reflecting either the lack of fluid flow dynamics or the 

lack of specific fluid content on induction of dand5 degradation. 

Moreover, consistent results for the same conditions were obtained later in development of 

heart placement, assessed at 30 hpf (Figure 2.6 B). WT embryos displayed normal left sided 

heart position (452/487 embryos, 92.8% of the cases), where manipulated embryos with DB 

dilution showed no significant differences when compared with control embryos (14/15 

embryos, 93.3%; Fisher test with Bonferroni correction, p-value > 0.05) and manipulated 

embryos with MC dilution showed a significant reduction in the correct placement of the heart 

when compared to control embryos (7/16 embryos, 43.8% of the cases; Fisher test with 

Bonferroni correction, p-value < 0.0001).  
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Figure 2.6: KV fluid dilution with Danieau’s buffer does not affect left-right development. 
(A) dand5 expression pattern assessment at 13 hpf by in situ hybridization of control non manipulated embryos (n=24 
embryos), danieau’s buffer-diluted embryos (n=6 embryos) and methylcellulose-diluted embryos (n=12 embryos). ns, not 
significant; *** p<0,001; Fisher’s Exact Test. (B) Heart position assessment at 30 hpf and scored for each control non injected 
embryos (n=487 embryos), Danieau’s buffer-diluted embryos (n=15 embryos) and methylcellulose-diluted embryos (n=16 
embryos). ns, not significant; **** p<0,0001; Fisher’s Exact Test. L, left; R, right; DB, Danieau’s buffer; MC, methylcellulose; 
hpf, hours post fertilization. 

 

 

Thus, these results confirmed that changing KV fluid content transiently with a non-viscous 

buffer does not impact on flow physical properties and subsequently resulted in normal dand5 

expression pattern and later in correct heart position. Additionally, it revealed that our 

micromanipulation setup is a robust method to study KV fluid content in a stage specific time 

window. 

Moreover, while MC dilution experiment does not discern between mechanosensory and 

chemosensory mechanisms, our results showed that by affecting both properties of the flow, 

through an increase of the fluid viscosity from 5 ss onwards, has a severe impact on LR 

development. 

It is worth noticing that MC solutions are non-Newtonian fluids, meaning that its viscosity 

changes with shear rate, in contrast to Newtonian fluids, which viscosity remains constant no 

matter how fast they are forced to flow (Morozova et al., 2018). Furthermore, MC solutions 

follow a shear-thinning flow behavior as their viscosity decreases when the shear rate 

increases. Therefore, the specific fluid flow velocity patterns across the KV could affect 

differently the viscosity of the KV fluid diluted MC, which in theory could lead to inconsistent 

particle diffusion coefficients through the fluid and consequently EV accumulation at specific 

regions. Although, we did not observe any bias regarding the accumulation of particles during 

particle tracking for flow dynamic studies, to achieve a homogeneous viscous mixture, KV fluid 
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dilution experiments should be repeated using a Newtonian buffer, such as Ficoll (Qu & 

Breuer, 2020). 

 

2.2.5. Fluid manipulations uncover mechanosensation for zebrafish left-right 

establishment 

Concomitantly with this work, we found that KV has a unique capacity of recovery after fluid 

extraction. By using our micromanipulation method just to remove the KV fluid, we observed 

that manipulated KVs started to expand soon after fluid extraction (performed by Pedro 

Sampaio; BioRxiv Sampaio et al., 2022), indicating that the fluid secretion machinery mediated 

by CFTR (Navis et al., 2013; Roxo-Rosa et al., 2015) was not collaterally affected by the 

manipulation procedure and was able to recover the normal fluid volume. Furthermore, KV 

lumen recovery allowed us to monitor the flow dynamics as here described after fluid 

extraction.  

Focusing on depleting KV fluid at 5 ss, as it was the developmental stage with highest 

sensitivity to this experiment, we found that embryos that showed a decreased angular velocity 

and persistent regional disoriented particle trajectories at 6 ss developed abnormal dand5 

expression pattern and laterality defects of the placement of internal organs, in the same 

proportion. In “Sham” control embryos and in 65% of the KV fluid extracted embryos, the 

strong counterclockwise movement was unchanged on all the stages followed fluid extraction 

leading the downregulation of dand5 on the left sided cells and the corrected organ position 

(performed by Pedro Sampaio; BioRxiv Sampaio et al., 2022).  

This further supports that directionality of the fluid flow is the most reliable asymmetric feature 

within the KV (Ferreira et al., 2017) and that embryos that did not recover flow dynamics fast 

enough until the 6 ss failed to break symmetry. Our results exposed unknown properties of 

the KV revealing an unprecedented recovery capacity of the embryo to continuously ensure 

the emergence of the symmetry break by re-inflate and re-circulate the fluid inside the KV, 

even in later stages when KV cells have become insensitive to flow dynamics. 
Next, to expand our fluid dynamics perturbations within the developmental time window for 

flow-sensing mechanism, we challenged the KV recovery system by performing an additional 

fluid extraction one hour after the first intervention. Therefore, KV liquid was extracted at 5 ss 

and then at 7 ss in the same embryos, here referred to as double intervention. We predicted 

that in light of the chemosensory mechanism, even in the presence of a fast turnover of EV 

secretion, the double intervention would have a higher impact on EVs regular accumulation 
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within the KV cells than a single intervention at 5 ss and consequently would lead to more 

embryos with dand5 symmetrically expressed. However, our results showed a similar 

proportion of bilateral dand5 expression between the single intervention and the double 

intervention (data not shown), rejecting our hypothesis. 

This data together with the results presented upon blocking different endocytic mechanisms 

showing no impact on laterality outcomes, rejects a flow-sensing mechanism dependent on 

constant accumulation and internalization of extracellular vesicles to trigger symmetry 

breaking. On the other hand, the directionality of the flow and the viscosity of the fluid have 

emerged as most robust elements for a consistent establishment of the LR asymmetry, 

advocating for the mechanosensory mechanism. 

 

Section II – Another role of syntenin-a 

 

2.2.6. Components involved in exosome biogenesis are expressed in the Kupffer’s 

Vesicle 

In order to have some insight about the vesicles that were being produced inside the KV cells, 

we took advantage of a KV specific microarray previously performed in our laboratory with WT 

embryos at 10 ss (unpublished data) that allowed us to identify the mRNA profile of these 

cells. 

We observed that several exosome-related genes were highly expressed in the KV cells when 

comparing with the expression levels of genes known to have a role in the LR axis 

establishment, such as foxj1a, the master transcription factor involved in building KV cilia, 

pkd2, the monovalent cation-selective channel involved in flow sensing and transducing it into 

a calcium influx and dand5, the first asymmetrically expressed gene (summarized in Figure 

2.7 A). Namely, Syndecans, Syntenin and Alix proteins, which form a complex involved in 

intraluminal vesicles biogenesis. Syndecans are heparan sulphate proteoglycans that bind to 

the endosomal membranes and recruit specific cargoes and Syntenin, the cytosolic adaptor 

protein that via its PDZ domain connects the Syndecans to Alix, which in turn is the auxiliary 

component of the ESCRT machinery that engages endosomal membrane inward budding and 

abscission (Grootjans et al., 2000; Baietti et al., 2012; Friand et al., 2015). Syndecans also 

function as co-receptors of growth factor receptors and integrins modulating cell migration, 

cell-cell interactions and cell-extracellular matrix interactions (Afratis et al., 2017). Likewise, 
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Syntenin is also involved in additional pathways depending on its binding partners, being 

implicated in cell division, neuronal development and tumor invasion (Shimada et al., 2019; 

Addi et al., 2020; Pradhan et al., 2020). 

In zebrafish, three syndecans (2, 3 and 4) (Chen et al., 2004; Whiteford & Couchman, 2006; 

Lambaerts et al., 2012), two syntenins (a and b) (Lambaerts et al., 2012) and one ALIX, named 

programmed cell death 6 interacting protein (pdcd6ip) (Corbett et al., 2018) orthologues have 

been previously described. Moreover, Verweij and colleagues revealed recently that the 

Syndecan – Syntenin – Alix complex has conserved functions in zebrafish by showing that the 

number of CD63-pHluorin positive exosomes was reduced upon syntenin-a knockdown 

(Verweij et al., 2019). Within the KV cells, all syndecans, syntenin-a and pdcd6ip transcripts 

were detected within the range of the dand5 and pkd2 expression levels (Figure 2.7 A).  

Next, we validated the microarray results by assessing the expression patterns of these genes 

through in situ hybridization both in zebrafish embryos of 4 ss and 10 ss, comprising the main 

time window where extracellular vesicles would potentially be secreted to the KV lumen, 

between the fluid flow sensing mechanism and its outcome, dand5 downregulation. The in situ 

hybridization probe against syntenin-a showed a clear expression in the KV cells and 

notochord at 4 ss and 10 ss (Figure 2.7 B). Syndecan 3 was firstly expressed only at the 

tailbud, in close proximity with the KV cells from the posterior side at 4 ss, and then it 

propagated through the pre-somitic mesoderm by the 10 ss (Figure 2.7 C). Interestingly, 

syndecan 4 was expressed in the KV cells and the notochord (Figure 2.7 D), in a 

complementary fashion to the syndecan 3 expression pattern suggesting complementary 

tissue-specific functions. Lastly, in situ hybridization against pdcd6ip showed a widely spread 

expression with an enrichment within the KV region at 4 ss that became more restricted to the 

KV cells at 10 ss (Figure 2.7 E). Unfortunately, we were not able to produce a reliable 

syndecan 2 in situ probe. 
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Figure 2.7: Syndecan – syntenin-a – pdcd6ip complex is expressed in Kupffer’s Vesicle cells. 

(A) Microarray analysis of KV-specific cells of 10 ss wildtype embryos. (B) Dorsal view of whole-mount in situ 
hybridization of sense and antisense probes for syntenin-a expression in embryos with 4 and 10 ss. (C) Dorsal 
view of whole-mount in situ hybridization of sense and antisense probes for syndecan 3 expression in embryos 
with 4 and 10 ss. (D) Dorsal view whole-mount in situ hybridization of sense and antisense probes for syndecan 
4 expression in embryos with 4 and 10 ss. (E) Flat-mount in situ hybridization of sense and antisense probes for 
pdcd6ip expression in embryos with 4 and 10 ss. KV, Kupffer’s Vesicle; L, left; R, right.  
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Being expressed at the right place and time, we speculated that these proteins could be 

involved in the formation of at least some of the CD63-pHluorin positive EVs that we observed 

within the KV lumen (section I). In fact, zebrafish UDP-glucose dehydrogenase, ugdh, mutants 

that are unable to produce proper heparan sulphate chains for the different proteoglycans, 

such as syndecans, developed abnormal symmetric dand5 expression pattern. Ugdh mutants 

showed normal KV structure, ciliary length and fluid flow directionality, suggesting a role of 

heparan sulphate chains in restricting the flow sensing mechanism to the left sided KV cells 

(Superina et al., 2014). 

 

2.2.7. Knockdown of syntenin-a affects dand5 expression pattern and heart situs 

In a last attempt to test if EVs could be at the heart of the flow sensing mechanism, we decided 

to inhibit the formation of intraluminal vesicles and, consequently diminishing the number of 

exosomes secreted. For this purpose, we performed loss-of-function experiments using a 

morpholino targeting the translation start site of syntenin-a (synta MO) transcripts and its 

corresponding control morpholino (mismatch MO), previously validated in other studies to 

block Syntenin protein translation (Lambaerts et al., 2012) and to inhibit exosome formation 

(Verweij et al., 2019) in zebrafish embryos. However, injection of synta MO at one cell stage 

leads to the arrest of epiboly and impairment of convergent and extension movements during 

gastrulation (Figure 2.8 A, top panel), as formerly described (Lambaerts et al., 2012; Zhang et 

al., 2018).  

Taking this result into consideration, we decided to inject the synta MO in a later 

developmental stage and specifically target the precursors of the KV, the dorsal forerunner 

cells (DFCs) to assess the cell-autonomous role of syntenin-a in the KV cells (Essner et al., 

2005). By co-injecting the synta MO with the lineage tracer rhodamine dextran (10 kDa), we 

could later select the embryos that only showed fluorescence in the yolk cell and the KV cells 

(Figure 2.8 B) (Amack & Yost, 2004). Below we shall refer to these embryos as synta MODFCs.  

Analysis of 8 ss embryos injected with synta MODFCs showed comparable embryonic 

development with control non injected embryos and mismatch MODFCs injected siblings (Figure 

2.8 A bottom panel), confirming that we managed to bypass of the defects caused by the 

absence of syntenin-a during gastrulation.  

Following MODFCs injections, embryos were analyzed regarding the dand5 expression pattern, 

spaw expression pattern and heart lateralization outcome. Results revealed that control 

embryos showed the expected stronger expression of dand5 on the right side of the KV at 13 

hours post fertilization (hpf, corresponding to 8 ss) and an asymmetric expression of spaw on 
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the left side of LPM at 15 hpf (corresponding to 12 ss) (Figure 2.8 C and D). On the other 

hand, KV-specific synta knockdown resulted in a significant increase in embryos with defective 

symmetric or left sided expression pattern of dand5 (24/65 embryos, 37% of the cases), when 

compared with WT non injected embryos (6/73 embryos; Fisher test with Bonferroni 

correction, p-value < 0.0001) and with control mismatch MODFCs injected embryos (4/35 

embryos; Fisher test with Bonferroni correction, p-value < 0.01). Moreover, some DFCs synta 

morphants showed an overall decreased signal of dand5 expression (data not shown). 

Consequently, spaw expression pattern became absent or bilateral in most of the cases, in 

contrast to WT embryos (12/19 embryos, 63% of cases; Fisher test with Bonferroni correction, 

p-value < 0.01).  

To verify that defects in LR related gene expression patterns were specifically due to 

interference with syntenin-a expression and function, we co-injected syntenin-a RNA (50 pg 

synta RNA), which encodes an WT Syntenin-a protein insensitive to the synta MO, as 

previously described (Lambaerts et al., 2012). Co-injection of synta RNA with synta MO 

specifically into the DFCs led to a partial rescue in dand5 expression pattern (4/15 embryos, 

27% of the cases) to proportions comparable to the control non injected embryos (Fisher test 

with Bonferroni correction, p-value > 0.05). 

Regarding heart development, control non injected and mismatch MODFCs injected embryos 

exhibited a normal leftward jogging of the heart at 30 hpf (193/210 embryos, 92%; and 26/27 

embryos, 96%, respectively), while synta MODFCs morphants showed a strong and significant 

reduction of heart situs when compared to both controls (17/40 embryos, 43%; Fisher test with 

Bonferroni correction, p-value < 0.0001). Moreover, co-injection of synta MODFCs with 50 pg 

synta RNADFCs partially and significant rescued the heart situs (14/20 embryos, 70%; Fisher 

test with Bonferroni correction, p-value < 0.01 when compared to controls, p-value < 0.05 

when compared to synta MODFCs). Similar results were obtained using a second morpholino 

(syntabis MODFCs) and analyzing dand5 expression pattern and heart location in the zebrafish 

embryo body. 
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Figure 2.8: Kupffer’s Vesicle – specific knockdown of syntenin-a overcomes gastrulation arrest and leads to 

LR defects. 
(A) Schematic representation of morpholinos injections at 1 cell stage and at 512 cell stage, specifically for DFCs, 
and respective phenotypes observed upon injection of control mismatch MO and synta MO at 8 ss. (B) 
Rhodamine labelling at the KV showing the result of a successful injection of synta MO at 512 cell stage into 
DFCs and respective schematic representation. (C) dand5 expression pattern assessment at 13 hpf by in situ 
hybridization of control non injected embryos (n= 73 embryos) and control mismatch MO DFCs (n= 35 embryos), 
synta MO DFCs (n= 65 embryos) synta MO DFCs combined with 50 pg of syntenin-a RNA DFCs (n= 15 embryos) and 
syntabis MO DFCs (n= 16 embryos) injected embryos. ns, not significant; * p<0.05; ** p<0.01; **** p<0,0001; 
Fisher’s Exact Test. (D) spaw expression pattern assessment at 15 hpf by in situ hybridization of control non 
injected embryos (n= 8 embryos) and control mismatch MO DFCs (n= 15 embryos) and synta MO DFCs (n= 19 
embryos) injected embryos. ** p<0.01; Fisher’s Exact Test. (E) Heart position assessment at 30 hpf and scored 
for each control non injected embryos (n= 210 embryos) and injected embryos with control mismatch MO  DFCs 
(n= 27 embryos), synta MO DFCs (n= 40 embryos), synta MO DFCs combined with 50 pg of syntenin-a RNA DFCs (n= 
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20 embryos) and syntabis MO DFCs (n= 54 embryos). DFCs, dorsal forerunner cells; KV, Kupffer’s Vesicle; ss, somite 
stage; hpf, hours post fertilization; L, left; R, right. Scale bar, otherwise stated, represents 20 µm. 

 

Thus, these data demonstrated that syntenin-a is functionally required for the LR axis 

establishment during the early stages of symmetry breaking. 

 

 

2.2.8. Knockdown of syntenin-a alters fluid flow dynamics 

Before analysing syntenin-a loss-of function experiments in the context of LR axis 

establishment, we needed to ensure that fluid flow dynamics were not affected. Otherwise, 

both chemosensory and mechanosensory properties of the flow would be perturbed, without 

being possible to discern on which process syntenin-a knockdown impacts.  

To evaluate flow dynamics upon MODFCs injections, we recorded and tracked the native 

particles inside the KV of multiple embryos at 8 ss using high-speed video microscopy, as we 

previously described (Sampaio et al., 2014). We then quantified the effective flow angular 

velocity, which measures the magnitude of the directed counterclockwise movement of the 

tracked particles through a uniformly rotating sphere, as the circulating fluid in the KV (Ferreira 

et al., 2017; Juan et al., 2018). Angular velocity data were analyzed first dividing the KV in 8 

radial sections and plotting the median angular velocity per section, as described in section I 

(Figure 2.9 A). 

We observed that both controls non injected embryos and mismatch MODFCs injected embryos 

showed similar angular velocity flow maps, with a significant stronger directional flow at the 

anterior region, which was lost in synta MODFCs injected embryos (7, 7 and 8 embryos 

analyzed, respectively; one-way ANOVA Krustal-Wallis’s test followed by Dunn’s multiple 

comparison test, adjusted p-value < 0.01) (Figure 2.9 B). Additionally, synta MODFCs injected 

embryos showed a disorganized flow directionality on the left side of the KV (one-way ANOVA 

Krustal-Wallis’s test followed by Dunn’s multiple comparison test, adjusted p-value < 0.05) 

(Figure 2.9 D). No significant differences were observed within the posterior and right 

quadrants (one-way ANOVA Krustal-Wallis’s test followed by Dunn’s multiple comparison test, 

adjusted p-value > 0.05) (Figure 2.9 C and E). Moreover, co-injection of synta MODFCs with 50 

pg synta RNADFCs significantly rescued the overall angular flow velocity when compared to 

synta MODFCs (one-way ANOVA Krustal-Wallis’s test followed by Dunn’s multiple comparison 

test, adjusted p-value < 0.05), to similar values observed in control groups (one-way ANOVA 

Krustal-Wallis’s test followed by Dunn’s multiple comparison test, adjusted p-value > 0.05) 

(Figure 2.9 F). 
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Figure 2.9: Syntenin-a knockdown impacts on fluid flow dynamics. 
(A) Angular velocity polar plots at 8 ss for control non injected embryos (n= 7 embryos), mismatch MO  DFCs (n= 7 
embryos), synta MO DFCs (n= 8 embryos), and synta MO DFCs combined with 50 pg of syntenin-a RNA DFCs (n= 7 
embryos) injected embryos. N tracks refers to the number of particle trajectories identified for quantification 
and respective angular velocity plots. Color code on polar plots states to the median angular velocity for all 
pooled embryos. (B-F) Quantification of angular velocities found for all tracks analyzed on the (B) anterior, (C) 
posterior, (D) left and (E) right quadrants and (F) total KV. ns, not significant; * p<0.05; ** p<0,01; non-parametric 
ANOVA test (Kruskal-Wallis) and post hoc analysis with Dunn’s multiple comparisons tests. DFCs, dorsal 
forerunner cells; KV, Kupffer’s Vesicle; ss, somite stage; A, anterior; P, posterior; L, left; R, right. 
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Our results demonstrated that syntenin-a downregulation leads to a general decrease in the 

angular velocity, most prominent in the anterior and the left sections of the KV. Given the 

impact on the fluid flow dynamics, we could no longer continue with the hypothesis that LR 

development defects upon the knockdown of syntenin-a might be solely due to a reduction in 

EV production within the KV cells.  

 

2.2.9. Syntenin-a plays an additional role in regulating ciliary motility  

The decreased angular velocity of flow was unexpected in the DFCs synta morphants, but 

since the fluid flow dynamics were recovered upon the rescue experiments, advocating for a 

specific function of syntenin-a rather than an off-target effect of the morpholino, we reasoned 

that syntenin-a could have an additional role in the KV cells. Therefore, we aimed to unravel 

the origin of the flow problems in the DFCs synta morphants. 

The proper counterclockwise fluid flow is accomplished by the cumulative effect of correct 

ciliogenesis and KV remodeling (Kreiling et al., 2007; Oteiza et al., 2010; G. Wang et al., 2011; 

M. Zhang et al., 2012; Liu et al., 2019). As KV cilia length has a major impact in generating 

productive flow, by a power of 3 (Montenegro-Johnson et al., 2016; Pintado et al., 2017), we 

started by examining ciliary length through immunostaining for acetylated alpha tubulin, which 

labels the ciliary microtubules, at 8 ss (Figure 2.10 A). We quantified the ciliary length in 3D 

and found no significant differences between synta MODFCs injected embryos (6.27 ± 0.97 µm) 

and the control non injected (6.57 ± 0.76 µm) and mismatch MODFCs injected (6.58 ± 0.47 µm) 

embryos (Welch’s ANOVA test with Dunnett’s multiple comparisons test, adjusted p-value > 

0.05) (Figure 2.10 B). The total number of cilia was not significantly different either (data not 

shown).  

Subsequently, continuing the search for an explanation for the decreased angular flow velocity 

in synta MODFCs embryos we determined the ciliary beat frequency (CBF) through high-speed 

video microscopy analysis and did not find any difference between the treatments (non-

injected embryos 37.59 Hz, mismatch MODFCs embryos 35.21 Hz and synta MODFCs embryos 

35.71 Hz; ANOVA Krustal-Wallis’s test with Dunn’s multiple comparison test, adjusted p-value 

> 0.05) (Figure 2.10 C).  

Next, we conducted an assay to assess the ciliary motility status by injecting a minimal amount 

of arl13b-GFP RNA (50 pg) into one cell staged embryos and performed live imaging at 8 ss 

(Figure 2.10 D). We have shown that by scanning the whole KV at a low speed in a slow 

scanning mode using a high pixel dwell time, it is possible to accurately distinguish the motile 

cilia from the immotile cilia and quantify them (Tavares et al., 2017).  
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We then track each motile and immotile cilium regarding its spatial distribution along the 

anterior – posterior axis (Figure 2.10 E). Clustering of motile cilia at the anterior region occurs 

during KV remodeling through cell rearrangements and has a direct impact on the fluid flow 

profile (Wang et al., 2012; Sampaio et al., 2014; Smith et al., 2014; Ferreira et al., 2017; 

Tavares et al., 2017). Our results showed that all conditions tested had a similar distribution 

with most cilia located at the anterior region (Figure 2.10 F). Although this means that KV re-

shape is not compromised, it still does not provide an explanation for the decreased angular 

flow velocity in synta morphants.   

By analyzing the number of motile and immotile cilia and plotting them according to its location 

within the KV, we observed that control non injected (n=23 embryos, 869 cilia) (Supplementary 

Movie 2.5) and mismatch MODFCs injected (n=17 embryos, 754 cilia) embryos had more motile 

cilia in general and specifically at the anterior region (ANOVA test with Tukey’s multiple 

comparisons post-test, adjusted p-value < 0.01) and that the immotile cilia were evenly 

distributed between the two KV halves (ANOVA test with Tukey’s multiple comparisons post-

test, adjusted p-value > 0.05) (Figure 2.10 H and G), as previously described (Tavares et al., 

2017). As for DFCs synta morphants (n=13 embryos, 482 cilia), motility was severely affected 

(Supplementary Movie 2.6). Motile cilia number was reduced at the expense of immotile cilia, 

as the total cilia number was maintained (mean motile cilia 19/36 cilia in synta MODFCs 

compared to 33/37 cilia in non-injected embryos and to 35/46 cilia in mismatch MODFCs). No 

further enrichment of motile cilia was observed at the anterior region (ANOVA test with Tukey’s 

multiple comparisons post-test, adjusted p-value > 0.05) (Figure 2.10 I). Additionally, co-

injection of synta MODFCs with 50 pg synta RNADFCs restored both the number of motile cilia 

(mean 32/40 cilia) and its distribution around the KV (ANOVA test with Tukey’s multiple 

comparisons post-test, adjusted p-value < 0.01) (Figure 2.10 J). 
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Figure 2.10: Kupffer’s Vesicle – specific knockdown of syntenin-a affects cilia motility. 

(A) Acetylated α-tubulin immunostaining for control non injected embryos and injected with control mismatch 
MO DFCs and synta MO DFCs at 8 ss showing KV labelled cilia. (B) 3D cilia length measurement in control non injected 
embryos (n=8 embryos, 461 cilia) and injected with control mismatch MO DFCs (n=9 embryos, 358 cilia) and synta 
MO DFCs (n=10 embryos, 447 cilia). ns, not significant; Welch’s ANOVA test and post hoc analysis with Dunnett’s 
multiple comparisons tests. (C) Cilia beat frequency quantification in control non injected embryos (n=4 
embryos, 38 cilia) and injected with control mismatch MO DFCs (n=4 embryos, 35 cilia) and synta MO DFCs (n=4 
embryos, 38 cilia). ns, not significant; non-parametric ANOVA test (Kruskal-Wallis) and post hoc analysis with 
Dunn’s multiple comparisons tests. (D) KV cilia z-projection of live embryos injected with 50 pg arl13b-GFP RNA 
and later on injected with mismatch MO DFCs, synta MO DFCs, synta MO DFCs combined with 50 pg of syntenin-a 
RNA DFCs imaged at 8 ss. (E) Schematic representation of KV division used to compare the anterior-posterior cilia 
distribution. (F) Quantification of cilia number distributed along the anterior-posterior axis in 50 pg arl13b-GFP 
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RNA injected control embryos (n=23 embryos, 869 cilia) and injected with mismatch MO DFCs (n=17 embryos, 754 
cilia), synta MO DFCs (n=13 embryos, 482 cilia), synta MO DFCs combined with 50 pg of syntenin-a RNA DFCs (n=14 
embryos, 576 cilia). *** p<0.001; **** p<0,0001; one-way ANOVA test with Tukey’s multiple comparisons post-
test. (H-J) Distribution of motile and immotile cilia along the anterior-posterior axis quantified in (F) for 50 pg 
arl13b-GFP RNA injected control embryos (H) and injected with mismatch MO DFCs (G), synta MO DFCs (I), synta 
MO DFCs combined with 50 pg of syntenin-a RNA DFCs (J). ns; not significant; ** p<0.01; **** p<0,0001; one-way 
ANOVA test with Tukey’s multiple comparisons post-test. (K) Percentages of ciliary motility assessed in 
previously quantified cilia in (F). ns; not significant; * p<0.05; *** p<0,001; Fisher’s exact test. DFCs, dorsal 
forerunner cells; KV, Kupffer’s Vesicle; ss, somite stage. Scale bar represents 20 µm. 
 
 

Thus, loss of KV flow pattern and strength in syntenin-a morphants can be explained by the 

decrease of motile – immotile cilia ratio (Fisher test with Bonferroni correction, p-value < 0.001, 

when compared with controls; p-value < 0.05 when compared with mismatch MODFCs injected 

and rescued embryos) (Figure 2.10 K) and the disruption of the anterior cluster of motile cilia. 

 

2.2.10.  Syntenin-a regulates ciliary motility by modulating Notch signaling 

Studies from our laboratory and others have pointed out that cilia within the LRO is regulated by Notch 

signaling. First, we showed that Notch ligand deltaD zebrafish mutants have shorter cilia and that 

overexpression of deltaD alone or of notch intracellular domain, nicd, were able to increase the ciliary 

length (Lopes et al., 2010). DeltaD is expressed in the KV cells and it was proposed to act autonomously 

through foxj1a (Lopes et al., 2010), as foxj1a morphants also have shorter or absent cilia in the KV 

(Stubbs et al., 2008; Yu et al., 2008). Later on, Tözser and colleagues showed by knocking down the 

Notch1 receptor, that Xenopus morphants phenocopied the zebrafish deltaD mutant shorter cilia at 

the frog LRO (Tözser et al., 2015). On the other hand, Notch signaling was implicated in motile – 

immotile cilia fate. Boskovski et al. reported that GALNT11, an N-acetylgalactosamine type O-

glycosylation enzyme, activates Notch signaling through glycosylation of Notch receptor 1 regulating 

ciliary motility in the Xenopus LRO. Either by knocking down galnt11 or notch1, the number of motile 

cilia was increased, whereas overexpression of nicd had the opposite effect (Boskovski et al., 2013). 

We then showed that regulation of ciliary motility by Notch signaling was conserved in the zebrafish 

LRO. We injected arl13b-GFP RNA, previously shown to increase ciliary length (Pintado et al., 2017) to 

normalize the length of cilia in all our manipulations and to be able to evaluate ciliary motility in live 

embryos. We then found that zebrafish deltaD mutants, similarly to Xenopus notch1 morphants, have 

more motile cilia in expense of immotile cilia (Sampaio et al., 2014; Tavares et al., 2017). 

Taking this into consideration, we questioned if the underlying reason for the differences in the motile 

– immotile cilia ratio observed in the synta morphants was related to an impairment of Notch 

signaling.  
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Syntenin is a cytoplasmic protein containing two adjacent PDZ domains (Grootjans et al., 1997), which 

confers to this protein a high capacity of protein-protein interaction and networking in order to build 

functional units within the cell (Nourry et al., 2003). Moreover, some Notch ligand intracellular 

domains cover PDZ binding motifs that enable an interaction with different PDZ adaptor proteins for 

further cellular localization and protein stability (Ascano et al., 2003; Wright et al., 2004; Adam et al., 

2013; Tetzlaff et al., 2018). Interestingly, Syntenin was previously shown to physically interact with 

zebrafish DeltaD, by protein PDZ domain dimerization, which resulted in DeltaD protein stabilization 

at the cell membrane and, consequently, impairment of DeltaD internalization (Estrach et al., 2007). 

Ubiquitination and internalization of Notch ligands are essential to fully activate them in order to bind 

to Notch receptors and subsequently lead to Notch signaling activation (Itoh et al., 2003). Therefore, 

Syntenin – DeltaD binding limits Notch signaling induction in the neighboring cells (Estrach et al., 

2007). 

Thus, we assessed by immunostaining if DeltaD protein localization was being affected by loss-of-

function of syntenin-a. We used a sox17:GFP transgenic line to identify the KV cells and performed the 

immunolabelling assay for DeltaD at 8 ss. DeltaD protein was found weakly localized within the KV 

cells of control non injected embryos (Figure 2.11 A), in line with the RNA expression previously 

described (Lopes et al., 2010). Further quantification of DeltaD fluorescence signal levels showed an 

increase of DeltaD within the KV cells of synta morphants when compared to WT embryos (student’s 

t-test with Welch’s correction, p-value < 0.05) (Figure 2.11 B), supporting a modulatory effect on 

DeltaD protein stability by Syntenin-a within the cells in zebrafish embryos. 

To fully quantify the differences in protein levels, a more sensitive protein detection method such as 

western blot should be performed. However, syntenin-a knockdown injection only targeted the KV 

precursors and any difference would be diluted when performing a western blot with samples of 

whole embryos. So, we then analyzed DeltaD localization in another zebrafish tissue to confirm the 

phenotype observed within the KV cells. DeltaD is also expressed in the posterior tailbud of bud staged 

embryos (Figure 2.11 C) and, upon whole-embryo knockdown of syntenin-a, we observed an 

upregulation of DeltaD and a wider area of distribution supporting a relocalization of DeltaD between 

the plasma membrane and the endocytic compartments (student’s t-test with Welch’s correction, p-

value < 0.05) (Figure 2.11 D and E).  

 

 

  



CHAPTER 2. 

130 
 

Figure 2.11: Syntenin-a enhances DeltaD protein stability. 
(A) DeltaD immunostaining for Tg(sox17:GFP) non injected embryos and injected with synta MODFCs at 8 ss 
labelling DeltaD and Kupffer’s Vesicle cells, respectively. (B) Measurement of DeltaD mean fluorescence intensity 
at the Kupffer’s Vesicle cells of 8 ss control embryos (n=8 embryos) and synta MODFCs injected embryos (n=6 
embryos), normalized to the background fluorescence signal. * p<0.05; Student’s t-test with Welch’s correction. 
(C) DeltaD and DAPI immunostaining for control non injected embryos and injected with synta MO at bud stage 
labelling DeltaD at the tailbud region. (D) Measurement of DeltaD mean fluorescence intensity at the tailbud 
cells of bud staged control embryos (n=4 embryos) and synta MO injected embryos (n=7 embryos). * p<0.05; 
Student’s t test with Welch’s correction. (E) Measurement of DeltaD mean fluorescence distribution area at the 
tailbud cells of bud staged control embryos (n=4 embryos) and synta MO injected embryos (n=7 embryos). * 
p<0.05; Student’s t test with Welch’s correction. DFCs, dorsal forerunner cells; ss, somite stage. Scale bar 
represents 20 µm. 

 

 

Our results showed that downregulation of syntenin-a resulted in upregulated levels of DeltaD, in line 

with in vitro observations (Estrach et al., 2007) and, thus Notch signaling activation can further explain 

the increased number of immotile cilia within the KV and, consequently the loss of fluid flow dynamics 
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in synta morphants, by replicating nicd overexpression phenotype (Boskovski et al., 2013; Tavares et 

al., 2017).  

Of note, some Notch ligands are known to have additional functions in a PDZ-dependent manner apart 

from initiating Notch signaling in the neighboring cells (Ascano et al., 2003; Wright et al., 2004). In 

case of DeltaD, it was found to mediate intercellular adhesion via Syntenin interaction (Estrach et al., 

2007; Hava et al., 2009). Whereas Syntenin has been previously reported to localize at epithelial cell-

cell contacts in different human cell lines (Zimmermann et al., 2001). 

Cellular junctions play an essential role in KV maturation by promoting cohesion between the luminal 

epithelial cells during lumen expansion. Enrichment of tight junction protein 1a (tjp1a) and claudin 5a 

(cldn5a) expression at the apical side and e-cadherin at the basal membranes seal the intercellular 

space avoiding fluid leakage (Tay et al., 2013; Kim et al., 2017). Taking this into account, we asked if 

Syntenin – DeltaD could have an additional role in maintaining the cellular adhesion of the KV.  

We assessed by immunostaining the Tjp1a protein levels and localization at 8 ss (Figure 2.12 A) and 

we observed that synta morphants had a reduction in the normalized fluorescence intensity of Tjp1a 

at the plasma membrane of KV cells (3.24 ± 0.58 ratio) when compared with control non-injected 

embryos (4.92 ± 1.34 ratio; Unpaired t-test with Welsh’s correction, p-value < 0.05).  

In order to determine if this difference had an influence on KV lumen expansion, we analyzed the 

impact of syntenin-a loss-of function on the KV volume. For that, we used whole-KV scans by filming 

live embryos with confocal live microscopy and measured the area of the KV delineated lumen for 

each focal plane, which the sum of all measurements resulted in the KV volume. Embryos injected 

with synta MODFCs presented significantly smaller KVs with 0.35 times the volume of control non-

injected embryos and 0.26 times the volume of mismatch MODFCs injected embryos (synta morphant 

KV volume 19 × 103 µm3 vs WT KV volume 54 × 103 µm3; mismatch morphants KV volume 72 × 103 

µm3; Kruskal-Wallis ANOVA with Dunn’s multiple comparisons test, p-value < 0.05 and p-value < 

0.0001, respectively) (Figure 2.12 C). Co-injection of synta MODFCs with 50 pg synta RNADFCs restored 

the KV volume to 2.26 times the volume of synta morphants and to similar volumes of control embryos 

(43 × 103 µm3; Kruskal-Wallis ANOVA with Dunn’s multiple comparisons test, p-value < 0.05 and p-

value > 0.05, respectively). 
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Figure 2.12: Syntenin-a downregulation impairs Kupffer’s Vesicle volume. 

(A) Acetylated alpha-tubulin and junction protein 1a (Tjp1a) immunostaining for control non injected embryos 
and injected with synta MO DFCs at 8 ss labelling KV cilia and apical membrane, respectively. (B) Measurement of 
Tjp1a mean fluorescence intensity at the KV cells plasma membrane of control embryos (n=5 embryos) and synta 
MODFCs injected embryos (n=6 embryos) normalized to the cytosolic signal. * p<0.05; Unpaired t-test with 
Welsh’s correction. (C) Measurement of KV volume in control embryos (n= 20 embryos) and injected with 
mismatch MO DFCs (n=18 embryos), synta MO DFCs (n=15 embryos), synta MO DFCs combined with 50 pg of syntenin-
a RNA DFCs (n=14 embryos). ns, not significant; * p<0.05; **** p<0,0001; Kruskal-Wallis one-way ANOVA analysis 
variance with Dunn’s multiple comparisons test. DFCs, dorsal forerunner cells; KV, Kupffer’s Vesicle; ss, somite 
stage. Scale represents 20 µm. 

 

 

Considering the KV volume and the unchanged total number of cells in the KV, together our results 

suggest that reduction of syntenin-a levels impairs the full expansion of the KV lumen by disturbing 

the cohesiveness of KV cells, likely leading to fluid leakage through the intercellular space. At this 

point, more experiments would be needed to confirm that Syntenin-a-dependent maintenance of KV 

intercellular junctions is through DeltaD interaction. Nonetheless, decreased KV volumes in synta 

MODFCs most certainly contributed to the defective fluid flow dynamics observed in Figure 2.9 A. 

Next, to further confirm the connection between Sintenin-a and DeltaD mediating ciliary motility 

regulation, we looked at the expression of the primary downstream targets of Notch signaling, the 

hairy and enhancer of split-related genes (referred to as her family in zebrafish) (Fischer & Gessler, 

2007). Her factors are transcriptional repressors involved in the segmentation clock and binary cell 

fate decisions that are important for somitogenesis, stem cell maintenance and boundary formation 

(Kageyama et al., 2007). 

During the KV half-life and the time-window for the LR asymmetry establishment, Notch signaling 

synchronizes the zebrafish segmentation clock between neighboring cells in the posterior pre-somitic 

mesoderm (Shankaran et al., 2007; Özbudak & Lewis, 2008). Moreover, we have previously showed 
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that Notch signaling specifically at the KV cells impacts directly on the transcription of her12 and 

indirectly on the transcription of the motor dynein dnah7 by affecting foxj1a transcription levels 

(Lopes et al., 2010; Tavares et al., 2017). Her12 is at least one of the Notch signaling downstream 

targets responsible for modulating ciliary motility of KV cells. In 2017, we showed that her12 was 

downregulated in deltaD zebrafish mutants and its overexpression recapitulated the nicd 

overexpression phenotype, showing more immotile cilia (Tavares et al., 2017). 

To avoid any interference from the oscillatory expression levels of the her12 at the KV neighboring 

cells part of the pre-somitic mesoderm (Gajewski et al., 2006; Shankaran et al., 2007) or any dilution 

of KV specific differences through analysis of whole-embryo expression levels, we decided to first 

isolate the KV cells by fluorescence-activated cell sorting (FACS). Although at 8 ss, the Tg(sox17:GFP) 

embryos show more GFP positive cells from the endodermal population besides the KV cells, different 

levels of GFP fluorescence intensity were sufficient to distinguish the KV population, which presents a 

higher level of GFP. 

After sorting the KV cells of several pooled mismatch and synta injected morphants and control 

siblings, the total RNA was extracted and quantified by qPCR. Importantly, upon the knockdown of 

syntenin-a, we observed a significant 2.21-fold and 2.02-fold increase in the her12 mRNA expression 

levels compared to control non-injected embryos and mismatch morphants, respectively (Welch 

ANOVA test with Dunnett’s correction for multiple comparisons tests; p-value < 0.05) (Figure 2.13 A).  

Analysis of dnah7 expression levels revealed a significant 0.44-fold decrease in synta morphants 

compared to control non-injected embryos (Kruskal-Wallis ANOVA with Dunn’s multiple comparisons 

test, p-value < 0.05), that was not sustained when compared to mismatch morphants (Kruskal-Wallis 

ANOVA with Dunn’s multiple comparisons test, p-value > 0.05) (Figure 2.13 B). These observations 

may reflect the indirect influence of Notch signaling in the expression of dnah7. From previous studies 

we suspect that Notch signaling regulates foxj1a transcription (Lopes et al., 2010), which in turn is 

known to regulate dnah7 transcription (Choksi et al., 2014; Tavares et al., 2017). Therefore, although 

dnah7 is a reliable readout of foxj1a manipulations, it may not reflect Notch signaling responses. 

Our observations point to a model where syntenin-a loss-of-function results in DeltaD upregulation 

and increased internalization, further activating Notch signaling in the neighboring cells that 

consequently increase the transcription of her12, triggering the molecular switch that will prevent cilia 

from beating. The increased numbers of immotile cilia, by altering the motile – immotile cilia ratio and 

their spatial distribution, negatively impact on productive fluid flow, that becomes no longer capable 

of breaking symmetry and leads to defective LR outcomes, such as in dand5 and spaw expression 
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patterns and later on in heart placement. This data unraveled an upstream modulator of Notch 

signaling in ciliary motility cell fate. 

Interestingly, we observed that the expression levels of dand5 was significantly 0.39-fold and 0.41-

fold decreased compared to control non-injected embryos and mismatch morphants, respectively 

(Welch ANOVA test with Dunnett’s correction for multiple comparisons tests; p-value < 0.0001) (Figure 

2.13 C). By in situ hybridization, we had previously indicated in this work that dand5 expression pattern 

in synta MODFCs injected embryos appeared weak and mostly symmetric (Figure 2.8 C). These 

observations are in contrast to what we have reported for pkd2 morphants, where we saw 62% of 

symmetric dand5 expression pattern similar to synta morphants, but where the dand5 relative 

expression levels were not altered when compared to WT embryos (Jacinto et al., 2021). As the total 

number of KV cells is unchanged, all together, these data suggested that syntenin-a loss-of-function, 

contrary to pkd2 loss-of-function, affects dand5 transcription. In fact, some synta morphants showed 

smaller dand5 spatial mRNA domains, nearly absent (data not shown), recapitulating the vestigial 

dand5 expression phenotype of deltaD mutants (Lopes et al., 2010). Therefore, this suggests that 

syntenin-a regulation of dand5 transcription may also be through Notch signaling.  

Figure 2.13: Syntenin-a regulates cilia motility through notch signaling and its downstream target her12. 
(A-C) Quantification of relative expression levels of her12 (A), dnah7 (B) and dand5 (C) by qPCR of sorted sox17:GFP positive 
KV cells at 8 somite stage of control non injected embryos and injected with mismatch MO and synta MO. ns, not significant; 
* p<0.05; **** p<0,0001; Welch ANOVA test with Dunnett’s correction for multiple comparisons tests; # p<0.05; Kruskal-
Wallis one-way ANOVA analysis variance with Dunn’s multiple comparisons test. KV. Kupffer’s Vesicle. 
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2.2.11. Notch signaling regulates motile – immotile cilia ratio through modulation of 

V-ATPase activity 

We then interrogated about the underlying mechanism for the differences in the motile – immotile 

cilia ratio observed in the synta morphants and deltaD mutants when compared to each 

corresponding control embryos. For that, we examined a comparative transcriptomic analysis of KV 

precursors from WT and deltaD mutant embryos, already published by our laboratory (Tavares et al., 

2017), to determine which genes could be implicated specifically in ciliary motility. 

One gene, the rabconnectin 3a or rbc3a, caught our attention for showing a 16 ± 9-fold down 

regulation in deltaD mutants (Tavares et al., 2017). Rabconnectin 3a is a highly conserved protein in 

multicellular organisms containing 12 WD domains, responsible for protein-protein interactions 

(Nagano et al., 2002). In association with its partner, Rcb3b, Rbc3a was firstly described as a scaffold 

protein of Rab3 regulators on synaptic vesicles, most likely to modulate neurotransmitter loading and 

calcium-dependent exocytosis (Nagano et al., 2002; Kawabe et al., 2003). In zebrafish, Rabconnectin 

complex was found to temper V-ATPase activity by promoting the interaction of the cytosolic (V1) and 

the membrane (V0) subunits on the synaptic vesicles of hair cells (Einhorn et al., 2012) and to 

modulate vesicular endosome maturation in neural crest cells (Tuttle et al., 2014). Moreover, 

regulation of V-ATPase by Rbc3a has been associated with Notch signaling both in Drosophila and 

mammalian cells (Yan et al., 2009; Sethi et al., 2010). 

On the other hand, V-ATPase has been well established to inhibit spermatozoa motility within the 

epididymis tract by regulating the luminal pH at the plasma membrane (Pastor-soler et al., 2003; Shum 

et al., 2009). Thus, we reasoned that Notch signaling could regulate ciliary motility in the KV cells by 

modulating the V-ATPase activity through the Rabconnectin complex. 

Moreover, if rbc3a is one of the Notch signaling downstream targets, its expression should respond 

accordingly to Notch signaling manipulations. Analysis of rbc3a expression levels at 3 ss showed a 

significant 0.51-fold decrease in deltaD mutants (Student t-test with Welch’s correction, p-value < 

0.05) and a significant 3.4-fold increase in her12 RNA injected embryos (Student t-test with Welch’s 

correction, p-value < 0.01) when compared to WT embryos (Figure 2.14 A). Despite being maternally 

deposited in zebrafish embryos (data not shown), these results showed that rbc3a expression can be 

modulated by DeltaD – Notch signaling. As her12 is thought to be a transcriptional repressor 

(Kageyama et al., 2007), regulation of rbc3a transcription is most likely to be indirect. 

In WT zebrafish hair cells, the V1 cytosolic subunit of V-ATPase was found to co-localize with the V0 

membrane subunit on synaptic vesicles, whereas in rbc3a mutant hair cells, V1 subunit disassembled 
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from its counterpart and became evenly distributed through the cytoplasm (Einhorn et al., 2012). 

Hence, we then tested if in our Notch manipulations we could detect any difference in V-ATPase 

localization profile, by performing an immunolabelling for V-ATPase V1A subunit. Importantly, we 

found that the V-ATPase was localized throughout the cytosol resembling a vesicular labelling pattern 

and was also concentrated at the plasma membrane on the apical side of some, but not all, KV cells 

(Figure 2.14 B). These observations supported a model in which V-ATPase is present at the plasma 

membrane, where it may be responsible for driving the proton flux into the extracellular space. We 

postulated that within the vicinity of a few cilia, an increase in protons could prevent ciliary beating. 

We further quantified the normalized fluorescence intensity signal from V-ATPase protein levels in the 

KV apical side. We observed that, in deltaD mutants, although not statistically different, there was a 

slightly decrease in the V-ATPase levels at the apical side of KV cells (ANOVA test with Tukey’s 

correction for multiple comparisons tests, p-value > 0.05), while upon injection of 50 pg her12 RNA 

there was a significant increase in the V-ATPase levels at the apical side of KV cells (ANOVA test with 

Tukey’s correction for multiple comparisons tests, p-value < 0.05) when compared to WT embryos 

(Figure 2.14 C).  

Our results showed that when Notch signaling is activated, through its downstream target her12 

overexpression, rbc3a is upregulated and V-ATPase signal increases at the plasma membrane. 

Lastly, we independently evaluated whether V-ATPase activity was necessary for regulating the motile 

– immotile cilia ratio by incubating the zebrafish embryos with Concanamycin A, a specific V-ATPase 

inhibitor (Huss et al., 2002). We and others have shown that most KV cilia start as immotile at 3 ss 

and, then as KV matures and embryonic development progresses, cilia gradually acquire motility. By 

8 ss, the majority of cilia had become motile (Yuan et al., 2015; Ferreira et al., 2017; Tavares et al., 

2017). Importantly, V-ATPase activity has been reported to influence the KV cell number and cilia 

length, which are decreased when the pump is inhibited between one-cell and bud stage (Adams et 

al., 2006; Gokey et al., 2015). Therefore, we decided to inhibit the V-ATPase activity at the onset of 

ciliary motility between 3 ss and 4 ss, avoiding the secondary effects of V-ATPase function at early 

stages, and performed live imaging of KV cilia by confocal microscopy.  

At this stage, we observed that in control WT embryos (n= 5 embryos) and in Concanamycin’s solvent 

DMSO incubated embryos (n= 3 embryos) almost half of cilia are already motile (43 ± 22% and 50 ± 

12%, respectively; Fisher test with Bonferroni correction, p-value > 0.05). On the other hand, embryos 

incubated with 200 nM of Concanamycin A (n= 11 embryos) showed a significant increase in the 

percentage of motile cilia (80 ± 12%; Fisher test with Bonferroni correction, p-value < 0.01 when 
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compared to WT embryos and p-value < 0.05 when compared to DMSO incubated embryos) (Figure 

2.14 D). 

 

Figure 2. 14: Notch signaling may regulate ciliary motility through V-ATPase function. 

(A) Transcription levels of rbc3a. Fold change in expression levels of rbc3a in whole embryos at 3 somite stage 
from wild-type control embryos, dld(-/-);Tg(sox17:GFP) embryos and 50 pg her12 injected embryos. * p<0.05; ** 
p<0,01; Unpaired t-test with Welch’s correction. (B) V-ATPase V1 subunit, acetylated tubulin and DAPI 
immunostaining for control non injected embryos, dld(-/-);Tg(sox17:GFP) embryos and 50 pg her12 injected 
embryos at 3 somite stage on KV cells. (C) Measurement of V-ATPase V1 mean fluorescence intensity at the KV 
cells of 3 somite staged control embryos, normalized to the background fluorescence signal (n=5 embryos), dld(-
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/-);Tg(sox17:GFP) embryos (n= 5 embryos) and 50 pg her12 injected embryos (n=5 embryos). ns; not significant; 
* p<0.05; ANOVA test with Tukey’s correction for multiple comparisons tests. (D) Quantification of motile – 
immotile cilia ratio of 4 somite staged control embryos (n=5 embryos, 272 cilia) and embryos incubated for 30 
minutes between 3 and 4 somite stages with DMSO (n=3 embryos, 76 cilia) or Concanamycin A, ConcA (n=11 
embryos, 355 cilia). ns; not significant; * p<0.05; ** p<0,01; Fisher’s exact test. KV, Kupffer’s Vesicle. Scale bar 
represents 20 µm. 

 

This experiment showed that an acute inhibition of V-ATPase activity for 30 minutes at 3 ss is enough 

to increase motile – immotile cilia ratio.  

To undoubtedly show that her12 and V-ATPase compose the molecular switch present at immotile 

ciliated cells that prevent the cilium from beating, live imaging recordings of fluorescently tagged 

her12 or V-ATPase subunits transgenic lines coupled with arl13b-GFP to label the cilia would allow to 

correlate spatial distribution of Notch signaling effectors and motile and immotile cilia fate. 

Altogether, we provided data that suggests Rabconnectin 3a and V-ATPase activity are modulated by 

Notch signaling and by its direct downstream effector her12, comprising a signaling cascade to fine-

tune the number of motile and immotile cilia necessary for generating the optimal fluid flow capable 

of breaking symmetry. 
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2.3. DISCUSSION 

How the fluid flow is sensed by the LRO cells is a more than 20-years old question, that has been 

tackled by several biologists and physicists and yet, a conclusive answer has not been provided. With 

this work, we combined confocal live microscopy with an in-house made micromanipulation setup to 

explore the biophysical properties of both the fluid flow and the LRO cells, during the LR symmetry 

breaking time-window, hoping to add new insights to the field, ultimately leading to resolve this 

mystery. 

So far current observations are compatible with the mechanosensory and/or the chemosensory 

mechanism, without sufficient experimental data to fully support one of the models over the other. 

The chemosensory-based mechanism proposes that a morphogen or vesicles-containing a signaling 

molecule are released unbiasedly into the lumen, where through the fluid flow current they are 

accumulated on the left side of the LRO triggering a calcium response (Nonaka et al., 1998; Tanaka et 

al., 2005). Visualization of these vesicles at the mouse LRO was accomplished by scanning and 

transmission electron microscopy and by live imaging of membranous parcels labelled with a lipophilic 

fluorescent dye (Tanaka et al., 2005). Interestingly, in our lab we also performed transmission electron 

microscopy of the zebrafish LRO (Tavares et al., 2017; Pinto et al., 2021). Despite our main objective 

was to analyze ciliary ultrastructure, we found that the KV lumen was also replenished of vesicles, 

ranging multiple sizes and shapes.  

Taking advantage of the increasing knowledge from the extracellular vesicle (EV) field, we developed 

a transgenic line labelling CD63 positive EVs, to quantify and track them within the KV lumen. 

Concomitantly, we used our micromanipulation setup for extraction of KV fluid and further re-

injection to change KV fluid content and study KV cells and EVs dynamics during the establishment of 

the biophysical mechanism of cilia-driven flow and the flow sensing mechanism. This methodology 

allowed us to test the reliability by which chemical cues can be detected by KV cells in the process of 

the LR axis determination. Our results argue against the chemosensory mechanism because no robust 

number of CD63 positive EVs was detected in the KV throughout all embryonic developmental stages 

tested and single KV quantification showed a highly variable number of CD63 positive EVs between 

embryos. 

KV precursor cells, the dorsal forerunner cells, have unique endocytic properties when compared to 

the remaining deep cells during epibolic stages (Cooper & D’Amico, 1996). Here, we showed that 

differentiated KV cells retain internalization processes of 10 kDa membrane impermeant dextran dyes, 

but not of 70 kDa rhodamine-dextran dyes. However, general inhibition of endocytic pathways at 5 ss 
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had no consistent impacts on the LR axis patterning of the vertebrate body, assessed by the heart 

position of zebrafish embryos. 

One could advocate that those manipulations at 5 ss may be too late to completely abolish the flow 

sensing mechanism. In fact, Yuan and colleagues have shown an increase in intraciliary calcium 

oscillations on the left side of KV between 1 ss and 4 ss that are transferred to the cells, inducing 

cytosolic waves between 5 ss and 10 ss (Yuan et al., 2015). Additionally, a directional flow of a yet low 

amplitude was shown between 3 ss and 5 ss, as KV cilia started to develop motility (Ferreira et al., 

2017; Tavares et al., 2017). Therefore, by the 5 ss, the asymmetric signals could be already settled at 

KV cilia from the left side, triggering the signaling cascade necessary for dand5 degradation at 8 ss 

(Lopes et al., 2010). 

Nevertheless, our results showed that embryos manipulated at 5 ss, by diluting the KV fluid content 

with viscous methylcellulose, are still severely affected resulting in a high prevalence of symmetric 

dand5 on the KV cells and defective heart position on the body. By impairing both mechanical and 

chemical cues for flow sensing mechanism, this experiment revealed that most embryos are still blind 

to the asymmetric cues for most of the initial steps of the fluid flow. 

In the laboratory, we established the critical temporal map for the flow induced asymmetry, by 

extracting the fluid content at different time points. Results showed that the crucial time-window was 

between the 4 ss and 6 ss with a limited role during the 3 ss and the 7 ss (BioRxiv Sampaio et al., 2022). 

The 5 ss was the most susceptible stage upon the transient fluid extraction, but still the percentage of 

embryos with defects either on dand5 expression pattern or organ situs did not exceed 35% of the 

cases. On the other hand, our KV fluid dilution with methylcellulose experiments led to 56% of the 

embryos showing defective LR axis patterns. Moreover, the fluid dilution with Danieau’s buffer 

experiments showed that a rapid intervention in a time scale of a few minutes had no impact on LR 

development outcome, further supporting a cumulative role of flow dynamics throughout the entire 

time-window. 

Our former hypothesis at the beginning of the Chapter proposed that EVs were secreted from the 

anterior side of the KV, rather than unbiasedly, due to an estimated higher shear stress produced at 

the plasma membrane by the cluster of motile cilia on the anterior-dorsal region (Solowiej-

Wedderburn et al., 2019). Moreover, EVs released at the anterior region would be initially transported 

towards the left, leading to an asymmetric absorption pattern (Montenegro-Johnson et al., 2016; 

Ferreira et al., 2017). This model relied on evidence from endothelial cells showing that increased 

blood flow shear stress promoted recycling exocytosis of TRPV4 calcium channel to further induce 

cellular responses to the mechanical stimuli (Baratchi et al., 2014, 2016).  
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Clustering of motile cilia at the anterior region is achieved at 6 ss, through the process of cellular 

rearrangements during KV remodeling (Wang et al., 2012). At this developmental stage, we and others 

have shown that the number of motile cilia had overcome the number of immotile ones, without 

changing the total cilia number, contributing to the increase of the fluid flow amplitude specifically at 

the anterior pole and generally over time (Ferreira et al., 2017; Tavares et al., 2017). 

Therefore, in light of the aforementioned model (Solowiej-Wedderburn et al., 2019), EVs would start 

to be secreted into the swirling motion fluid flow at 6 ss, which corresponds to the latest stages of the 

time-window that we found relevant for flow sensing mechanism. EVs would then have a limited time 

to accumulate on the left sided cells before KV cells become insensitive to external stimuli. This short 

time-window, however, would be sufficient if the secretion rate, transport and internalization or 

degradation rate were fast enough. Tanaka and colleagues had reported that nodal vesicular parcels 

were released every 5 to 15 seconds into the mouse node (Tanaka et al., 2005). Moreover, according 

to Ferreira’s work using a simulated 9 – 14 ss flow pattern, they predicted that upon secretion of EVs, 

a LR concentration gradient can be established within 8 seconds, before particle diffusion counteracts 

mixing the fluid content into a uniform concentration (Ferreira et al., 2017). If we consider that this 

process starts at earlier stages, as 6 ss, it could take a longer time, due to slower fluid flow velocity 

magnitudes, perhaps in the order of minutes. Therefore, taking this line of thought, it is possible that 

secretion and transport can still lead to asymmetric EV distribution pattern within our timeline, but 

symmetry breaking would be yet dependent on the internalization rate. 

The fluid flow has been also shown to induce actin-based cytoskeletal structures associated with 

endocytosis, like membrane ruffles, caused by the shear stress forces acting at the cell membranes 

(Samuel et al., 2012). Membrane ruffles positive endocytosis is characteristic of macropinocytosis, 

which would provide a rapid method to EV bulk internalization. However, our results showed that 

despite KV cells produce very dynamic actin-dependent membrane ruffles, that protrude 

stochastically from any side of the KV, macropinocytosis is not actively involved in engulfing KV fluid 

content nor in LR axis determination. On the other hand, changes in KV cell shapes are dependent on 

Rock2b – Myosin II activity, that modulate actin-myosin contractility, which in turn can regulate 

membrane protrusion initiation (Wang et al., 2012; Welf et al., 2020). Thus, we hypothesize that the 

observed actin-membrane protrusions are formed due to actin cortex fluctuations and they could 

contribute to the fast cell shape changes that occur during KV remodeling. 

In conclusion, our results collectively do not support the chemosensory-sensing mechanism driven by 

EVs as the underlying reason for flow mediated symmetry breaking. On one hand, zebrafish embryos 

showed an unreliable number of CD63 positive EVs within the KV lumen. On the other hand, 
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comparing KV fluid replacement experiments showed that the laterality defects observed upon the 

methylcellulose replacement, which affects both mechano and chemosensory mechanisms, are in fact 

most likely due to the impairment of mechanical cues of the fluid flow, as impairment of chemical 

cues alone by pharmacologically inhibiting EV internalization did not further impact on LR axis 

development. Moreover, active induction of EV secretion at the anterior region caused by motile cilia 

movement dependent wall shear stress at 6 ss does not provide an explanation for the LR defects that 

arose from early stage KV fluid extractions. 

We suggest that new mathematical models should be formulated considering the time-window for 

symmetry breaking that we found in the lab and the endocytic properties that we described for the 

LRO cells in this present work, to understand if the chemosensory mechanism is still a possibility and 

if so, in which conditions. For instance, as the wall shear stress driven EV secretion was not tested in 

this work, either unbiased or local secretion from the anterior side can still potentially occur. 

Moreover, different types of EVs, such as microvesicles and exosomes, can perform independent 

functions. Knowing the half-life of these EVs would be helpful in order to develop more accurate 

predictions and subsequently design more targeted experiments. Nevertheless, inhibiting endocytic 

processes, as performed in this work, would in theory impair the internalization of both EV 

populations. 

Thus, the most promising theory is the mechanosensory-based mechanism in which immotile sensory 

cilia deflect in response to flow forces triggering a calcium influx through the polycystic complex 

Pkd1l1 – Pkd2 (McGrath et al., 2003; Field et al., 2011; Kamura et al., 2011), supported by similar 

evidence of a Pkd1 – Pkd2 complex working as mechanosensor in other systems, such as in kidney 

cells and endothelial cells (Nauli et al., 2003, 2006, 2008; Goetz et al., 2014; Praetorius, 2015). 

Meanwhile, we have recently demonstrated that Pkd1l1 is located along KV cilia of zebrafish embryos 

(Roxo-Rosa & Lopes, 2019), equivalently to what was shown in the LRO of medaka embryos (Kamura 

et al., 2011). Moreover, Pkd1l1 and Pkd2 were shown to physically interact and morphants or mutants 

for each gene resulted in analogous LR phenotypes (Field et al., 2011; Kamura et al., 2011). Pkd2 was 

also demonstrated to mediate the intraciliary calcium oscillations and, subsequently, cytosolic calcium 

waves in the mouse LRO, similarly to previous reports in zebrafish KV (Yuan et al., 2015; Mizuno et al., 

2020). Altogether, these observations support that Pkd1l1 and Pkd2 function in the same 

mechanotransduction pathway to integrate the mechanical signal of the cilia-driven fluid flow into 

cellular responses. 
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One major argument against the mechanosensory mechanism relies on the slow nature of fluid flow, 

that induces weak deflections on immotile cilia and, consequently the Pkd1l1 – Pkd2 mechanosensor 

complex would have to be extremely sensitive to elicit a fairly response (Cartwright et al., 2004, 2008).  

Although fluid flow forces acting on immotile cilia revealed to be of the same order of magnitude as 

their variability along KV distribution and thermal fluctuations, Ferreira’s simulations predicted that 

depending on the number of immotile cilia, temporal averaging of the mechanical signal can bypass 

the oscillatory noise (Ferreira et al., 2017). Therefore, the difference between immotile and motile 

cilia numbers must be tightly defined, to have an optimal ratio of cilia generating and sensing the fluid 

flow simultaneously. 

While in some systems such as Chlamydomonas reinhardtii, initiation of ciliary motility was shown to 

be a final consequence of cilia assembly into a minimal length (Bottier et al., 2019), in vertebrates the 

beat onset seems to be a regulatory step by itself (Fakhro et al., 2011; Boskovski et al., 2013; Tavares 

et al., 2017; Bearce et al., 2022).  

Studies from our laboratory and others have pointed out that cilia length and motility within the LRO 

are regulated independently by Notch signaling. First, we showed that by inhibiting Notch signaling, 

using deltaD mutants, the ciliary length was impaired and, inversely by supra-activating Notch 

signaling in WT embryos with deltaD and nicd overexpression, the ciliary length was increased 

compared to controls (Lopes et al., 2010). We then showed that deltaD mutants also have more motile 

cilia, while overexpression of nicd showed more immotile cilia, without affecting the total number of 

cilia (Sampaio et al., 2014; Tavares et al., 2017). By normalizing the ciliary size with arl13b 

overexpression (Pintado et al., 2017), we could overcome the cilia length differences that Notch 

signaling manipulations produce and successfully uncouple cilia length from cilia motility (Tavares et 

al., 2017). 

Both ciliary length and motility phenotypes were reproduced by modulating Notch signaling in the 

Xenopus LRO, suggesting a conserved role of this pathway in the two species (Boskovski et al., 2013; 

Tözser et al., 2015). Nevertheless, these two functions of Notch signaling may not be independent and 

further studies are needed to understand the mechanistic relationship between ciliary length and 

motility. 

This work showed that Notch signaling can be further regulated by Syntenin-a. This protein was 

previously shown to interact with multiple partners, mostly with membrane-bound proteins, 

regulating its subcellular trafficking (Latysheva et al., 2006; Beekman et al., 2012; Tudor et al., 2014; 

Tae et al., 2017). Although Syntenin has been extensively studied in the context of exosome 
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production and cancer invasion (Friand et al., 2015; Das et al., 2019; Kugeratski et al., 2021), it was 

also found highly enriched in human embryonic tissues (Zimmermann et al., 2001). Studies in Xenopus 

and zebrafish indicate that Syntenin plays an important role in early development regulating non-

canonical Wnt-signaling and actin cytoskeleton, respectively, during convergent and extension 

movements (Luyten et al., 2008; Lambaerts et al., 2012; W. Zhang et al., 2018). 

Moreover, Syntenin was found to directly bind and stabilize zebrafish DeltaD protein at the plasma 

membrane, reducing its internalization and consequently modulating Notch signaling and promoting 

intercellular adhesion in vitro (Estrach et al., 2007).  

In our experiments, loss-of-function of syntenin-a led to a drastic increase in immotile cilia number 

within the KV, at the expense of the motile cilia number, resulting in a reduced fluid flow strength and 

directionality. Defective flow dynamics impaired the flow sensing mechanism evidenced by the lack 

of LR asymmetry in dand5 and spaw expression patterns, which in turn caused an abnormal 

development of heart laterality.  

Upregulation of Notch signaling showed by DeltaD protein and the downstream effector her12 

expression levels in syntenin-a morphants, positioned the role of Syntenin in the motile – immotile 

cilia ratio management upstream of Notch signaling.  

Additionally, DeltaD was found to mediate intercellular adhesion by promoting human keratinocyte 

cohesiveness, via Syntenin interaction and independently of Notch signaling (Estrach et al., 2007). Our 

results showed that loss-of-function of syntenin-a decreased the fluorescence signal of tight junction 

protein 1a at the KV cells, suggesting a reduction in intercellular adhesion and further supporting the 

Syntenin – DeltaD regulatory mechanism described in vitro (Estrach et al., 2007) in live zebrafish 

embryos. Furthermore, synta morphants had significantly smaller KVs, which were restored to normal 

volumes upon rescue experiments with synta mRNA. 

We hypothesize that in WT conditions, Syntenin-a directly interacts with DeltaD, stabilizing it at the 

plasma membrane, where DeltaD may contribute to sustaining the cellular adhesions between the KV 

cells. Concomitantly, Syntenin-a prevents DeltaD internalization, limiting Notch signaling activation, 

as the number of immotile cilia decreases throughout the KV development. Whereas, in syntenin-a 

morphants, DeltaD is no longer stabilized at the adhesion sites weakening the tightness between cells, 

which in turn may allow fluid leakage during KV inflation process and results in smaller KVs. DeltaD is 

then endocytosed, which activates this ligand via E3 ubiquitin ligases for subsequent binding to Notch 

receptors, enhancing the Notch signaling and her12 transcription maintaining more cilia immotile for 

longer periods of time.  
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Syntenin-a, being expressed only in the KV cells within the tailbud, may also function to counteract 

the high levels of Notch signaling occurring at the tailbud to synchronize the segmentation clock and 

somitogenesis, from trans-activating abnormal Notch responses in the KV cells. It would be interesting 

to follow up this hypothesis, as our data is not enough to either support or reject it. 

Next, in order to understand the molecular mechanism by which Notch signaling regulates ciliary 

motility, we looked into a tissue specific comparative transcriptomic analysis that showed 

rabconnectin 3a, a V-ATPase assembly regulator, was significantly downregulated in deltaD mutants 

(Tavares et al., 2017). This was particularly interesting because V-ATPase is responsible for maintaining 

spermatozoa flagella immotile by pumping protons to the extracellular space at the epididymis duct 

(Pastor-soler et al., 2003; Shum et al., 2009). Conversely, we found that her12 overexpression led to 

an increase in rabconnectin 3a transcription and V-ATPase localization at the plasma membrane. This 

is consistent with more proton secretion into the KV lumen and more immotile cilia. 

Going back to our transcriptomic microarray, we did not find any significantly difference in the 

expression levels of V-ATPase subunits in deltaD mutants when compared to control embryos (data 

not shown), suggesting that modulation of V-ATPase activity by Notch signaling is mostly post 

translational through Rabconnectin 3a-driven assembly. 

By transiently inhibiting the V-ATPase activity, we also showed that the balance between motile and 

immotile cilia of KV cells was disrupted with more cilia beating at earlier stages, suggesting that low 

pH is necessary for preventing cilia from moving. 

We hypothesize that a channel would be needed along the cilia to transduce the variations of 

extracellular pH into the ciliary axoneme. The acid-sensing ion channels (ASICs) may be potential 

candidates as they are proton-gated cation channels widely involved in sensory mediated responses 

(Cheng et al., 2018). Moreover, in zebrafish, ASICs were found to be expressed in the primary cilia of 

olfactory cells, most likely to respond to olfactory stimuli (Viña et al., 2015). Curiously, we found 

several ASICs expressed in the KV cells on our transcriptomic microarray at 8 – 10 ss. 

Our observations point to a model where Notch signaling activation and, consequently her12 

transcription, up regulates rabconnectin 3a expression that in turn will trigger the molecular switch to 

stop cilia from beating. We hypothesize that Rabconnectin 3a promotes V-ATPase pump assembly at 

the endosomal vesicles that will be transported and recycled to the plasma membrane, as in 

epididymal cells (Shum et al., 2009). On the other hand, Rabconnectin 3a could drive V-ATPase 

assembly directly at its final location, as some membrane V0 subunits have been shown to be sufficient 

to target the proton pump specifically to the plasma membrane (Toei et al., 2010). At the plasma 
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membrane, V-ATPase promotes proton efflux to the vicinity of the cilium that may modulate second 

messengers’ binding constants, such of calcium and calmodulin, to the ciliary axonemal proteins, 

inhibiting motility.  

Taking this into account, it would be interesting to address the relationship between the transcription 

factor her12 and Rabconnectin-3a. As her12 belongs to a family of transcriptional repressors, the link 

may be indirect. 

On the other hand, Rabconnectin complex was found to regulate Notch signaling. In Drosophila and 

human cell lines, Rbc-3 mutant cells showed an impairment of V-ATPase activity which disrupted 

endocytic trafficking leading to an accumulation of Notch in the endocytic compartments (Yan et al., 

2009; Sethi et al., 2010). Therefore, more studies would be needed to confirm the dynamics of 

Rabconnectin complex and Notch signaling interaction in the KV cells.  

Curiously, during our studies we found that syntenin-a modulates dand5 transcription at the KV cells. 

In fact, dand5 production was found to be strongly reduced when Notch signaling was inhibited, either 

by pharmacological antagonists or in deltaD zebrafish mutants (Gourronc et al., 2007; Lopes et al., 

2010). Similar effects were seen in dand5 expression in the LRO of mouse embryos (Kitajima et al., 

2013). Hence, these data suggest that dand5 downregulation in syntenin-a morphants may be caused 

indirectly by Notch signaling defects. 

Altogether, syntenin-a morphants revealed to be very similar to nicd overexpressed embryos, 

phenocopying the defects in the ratio between motile and immotile cilia numbers and the 

upregulation of her12 transcription, both in opposition to deltaD mutants (Tavares et al., 2017). 

Supporting that Syntenin-a can be an upstream modulator of Notch signaling in vitro (Estrach et al., 

2007) and in vivo (present work). We did not see, however, any difference in ciliary length upon loss-

of-function of syntenin-a, in contrast to deltaD mutants, which may suggest that the ciliary motility is 

more sensitive to Notch signaling variations within the KV cells or that Syntenin-a separates the two 

ciliary functions of Notch signaling.  

Moreover, we presented compiling data suggesting that Rabconnectin-3a and V-ATPase activity are 

at least some of the downstream effectors of Notch signaling that regulate the ciliary motility fate of 

KV cells. Such complex signaling pathway reinforces the importance of the correct balance between 

motile and immotile cilia numbers for the proper establishment of the LR axis, by producing a robust 

and heterogeneous patterned fluid flow, while having enough sensory cilia to transduce it into gene 

expression changes, ultimately breaking the LR symmetry.  
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Most likely due to the differences in the topography between zebrafish and mouse LROs, motile – 

immotile cilia ratio seems to be more relevant in zebrafish LR axis patterning, in opposition to the 

mouse, where two motile cilia were found to be sufficient to accomplish symmetry breaking 

(Shinohara et al., 2012). 
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2.4.  SUPPLEMENTARY MATERIAL 

Supplementary Movie 2. 1 – CD63-pHluorin positive vesicles inside of Kupffer’s Vesicle lumen. 

Time-lapse of Tg(CD63-pHluorin) embryo at 5 ss, oriented with anterior and left sides of the KV to the 

top and left sides of the page, recorded by airyscan confocal microscopy using a 40x lens. Non 

manipulated embryo shows CD63-pHluorin positive extracellular vesicles within the Kupffer’s Vesicle 

lumen being transported by the fluid flow. 

Supplementary Movie 2. 2 – Kupffer’s Vesicle liquid dilution procedure.  

Time-lapse of an example of a wild-type embryo at 5 ss, oriented with anterior and left sides of the KV 

to the top and left sides of the page, recorded at 50 fps and played at 100 fps. The KV liquid was extract 

and diluted in approximately one µl of fluorescent solution priorly loaded into the needle and then, 

after a few seconds, the resulting mixed liquid was re-injected into the KV until it reached the initial 

volume. 

Supplementary Movie 2. 3 – Example of a manipulated embryo at 5 ss which Kupffer’s Vesicle fluid 

was diluted in Danieau’s buffer.  

Sequence of processed brightfield images of a 7 ss KV showing particles tracking for angular flow 

velocity quantification, oriented with anterior and left sides of the KV to the top and left sides of the 

page, recorded at 60 fps and played at 20 fps. 

Supplementary Movie 2. 4 – Example of a manipulated embryo at 5 ss which Kupffer’s Vesicle fluid 

was diluted in 1.5% of Methylcellulose.  

Sequence of processed brightfield images of a 7 ss KV showing particles tracking for angular flow 

velocity quantification, oriented with anterior and left sides of the KV to the top and left sides of the 

page, recorded at 60 fps and played at 20 fps. 

Supplementary Movie 2. 5 – Scan of a wild-type Kupffer’s Vesicle showing motile and immotile cilia. 

Embryo was injected with 50 pg of alr13b-GFP mRNA at 1 cell stage and imaged at 8 ss, oriented with 

anterior and left sides of the KV to the top and left sides of the page, recorded by confocal microscopy 

using a 40x lens. Motile cilia appear as a blurry cone and immotile cilia appear as sharp and bright stiff 

signal. 

Supplementary Movie 2. 6 – Scan of a syntenin-a morphant Kupffer’s Vesicle showing motile and 

immotile cilia. 

Embryo was injected with 50 pg of alr13b-GFP mRNA at 1 cell stage, then injected with synta MODFCs 

at 512 cell stage, and finally imaged at 8 ss. Oriented with anterior and left sides of the KV to the top 

and left sides of the page, the embryo was recorded by confocal microscopy using a 40x lens. Motile 

cilia appear as a blurry cone and immotile cilia appear as sharp and bright stiff signal. 
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Supplementary Table 2. 1 – Linear mixed-effects model fit: Results for dilution experiments. 

Fixed effects coefficient estimates are given. Model information: Number of observations: 16622; 

Number of embryos: 30. Fixed effects coefficients: 12; Random effects coefficients 90; Covariance 

parameters: 7. Model formula: AAV ∼ 1 + Group*LR + Group*PA + Group*Time + (1 + Group | 

EmbryoID). Results relate to Figures 5c-f. Model formula: AAV ∼ 1 + Intervention*LR + Intervention*PA 

+ Intervention*Time + (1 + Intervention | EmbryoID). *** indicates p<0.001; ** indicates p<0.01; * 

indicates p<0.05. DB: Danieaus’ buffer; MC, methylcellulose; LR, left – right; AP, anterior – posterior. 

 

Name Estimate Lower CI Upper CI p-value 

(Regression line intercept) 0.25148 0.20891 0.29405 6.8705E-31 *** 

DB injection 0.070724 -0.030824 0.17227 0.17223 

MC injection -0.12344 -0.19256 -0.05431 0.00046626 *** 

Left-right axis 0.0042626 -0.008177 0.016702 0.50182 

Posterior-anterior axis 0.16135 0.14901 0.17369 4.4137E-142 *** 

Somite stage 0.021413 0.013687 0.029139 5.6349E-08 *** 

Interaction: DB injection and 
left-right axis 

-0.012356 -0.027636 0.002925 0.11301 

Interaction: MC injection and 
left-right axis 

0.026366 0.008478 0.044254 0.0038681 *** 

Interaction: DB injection and 
posterior-anterior axis 

-0.02139 -0.036997 -0.00578 0.0072282 *** 

Interaction: MC injection and 
posterior-anterior axis 

-0.073208 -0.092273 -0.05414 5.4857E-14 *** 

Interaction: DB injection and 
time 

-0.012635 -0.022248 -0.00302 0.0099937 *** 

Interaction: MC injection and 
time 

-0.0004407 -0.012174 0.011293 0.94131 
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3. INTRODUCTION 

Primary ciliary dyskinesia (PCD; OMIM 244400) is a rare and heterogeneous syndromic 

condition that arises from motile cilia dysfunction, including lack or reduced number of cilia, 

uncoordinated ciliary beat pattern and abnormal ciliary beat frequency, in different organs but 

mostly affecting the respiratory system (Stannard et al., 2004; Schwabe et al., 2008; Boon, 

Smits, et al., 2014; Raidt et al., 2014; Bustamante-marin et al., 2019). 

Ineffective or complete absent beating of motile cilia impairs the mucus upward transport from 

the middle ear, the paranasal sinuses and the bronchial tree, resulting in poor clearance of 

the upper and lower airways. Consequently, bacterial pathogens accumulated in the mucus 

layer proliferate causing a vicious cycle of recurrent infections, starting at an early age 

(Mullowney et al., 2014). Upper airway infections are characterized by chronic rhinitis, 

rhinorrhea or nasal congestion, sinusitis, nasal polyps and persistent otitis media, that often 

result in conductive hearing loss and speech/language delay (Goutaki et al., 2016). PCD 

children also develop wet and productive cough, most likely as a reflex to compensate for the 

lack of mucociliary clearance (Leigh et al., 2016). Lower airway infections, such as recurrent 

bronchitis and pneumonia, irreversibly affect lung structure and function leading to the 

development of bronchiectasis in 50% of PCD children by 8 years of age and in all PCD adults 

(Kennedy, Noone, et al., 2007). Pulmonary function decline can evolve to severe lung 

obstructive disease and end-stage respiratory failure, in some cases requiring long-term 

oxygen supplementation and lung transplantation (Frija-Masson et al., 2017). 

Moreover, ciliary motility impairment affects thoracic and abdominal organ laterality position 

within the body. In the absence of a cilia-driven fluid flow within the embryonic structure left-

right organizer (LRO), the left-right asymmetric axis is no longer established and the embryo 

laterality remains unbiased, leading to a randomization of the final internal organ position 

(Nonaka et al., 1998; McGrath & Brueckner, 2003). Accordingly, 50% of PCD patients have 

laterality defects, most of them present situs inversus, a complete reversal of organ 

arrangement, referred to as Kartagener’s syndrome (Kartagener, 1933). Additionally, roughly 

one-tenth of the PCD cases fall into a category of situs ambiguous, representing any 

combination of partial reversal of visceral organ position and often linked to congenital heart 

disease (CHD) (Kennedy, Omran, et al., 2007; Shapiro et al., 2014). In fact, while in the 

general population, situs inversus and situs ambiguous are associated with 2 – 5% and 3% of 

CHD cases, respectively (Zhu et al., 2006; Harrison et al., 2016), within the PCD population, 

the CHD related to situs ambiguous prevalence is 200-fold increased (Kennedy, Noone, et al., 

2007; Kennedy, Omran, et al., 2007; Best et al., 2019). 
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PCD is also characterized by fertility problems. Depending on the mutated PCD gene, 75% of 

male PCD patients have shown infertility, caused by dysfunction of either spermatozoa flagella 

or efferent duct motile cilia (Höben et al., 2018; Aprea, Nöthe-Menchen, et al., 2021). In 

contrast, 61% of female PCD individuals were considered to have sub-fertility, associated with 

an impairment of fallopian tube cilia motility in transporting the oocyte to the uterus (Raidt et 

al., 2015; Vanaken et al., 2017). 

In a lower extent, PCD patients can also present hydrocephalus due to ciliary dysfunction of 

ependymal cells that result in defective cerebrospinal fluid flow during brain development and 

adult life (Boon, Wallmeier, et al., 2014; Amirav et al., 2016; Wallmeier et al., 2019). 

Thus, clinical presentation of PCD is heterogenous, and patients show different combinations 

of symptoms, some of which vary over time. This phenotypical variance among PCD patients 

accounts for the complex genetic origin of this disorder, with more than 50 different genes 

being already associated with PCD (Wallmeier et al., 2020).  

Within the cilia, motility is supported by highly conserved appendages composed of axonemal 

outer and inner dynein arms (ODA and IDA), microtubule inner proteins, radial spokes, nexin-

links, central pair complex and CCDC39/CCDC40 molecular ruler (Ishikawa, 2017). Mutations 

on proteins coded by this group of genes can lead to structural defects, with absence of one 

or more components, and microtubule disorganization.  

Moreover, within the cytoplasm, several proteins are responsible for folding, stabilization and 

assembly of the axonemal outer and inner dyneins arms. These dynein axonemal assembly 

factors (DNAAFs) interact not only with each other but also with heat shock chaperones, 

functioning as co-chaperones for a step-wise assembly process of dynein arm subunits into 

multi-protein complexes, before being delivered to the cilia or flagella (Desai et al., 2017; 

Aprea, Raidt, et al., 2021).  

Some studies suggested that dynein subunits are firstly sequestered into specialized 

membrane-less organelles, where DNAAFs and chaperones rapidly flux through to coordinate 

dynein arm preassembly (Horani et al., 2018; Huizar et al., 2018). Then, DNAAFs were 

proposed to divide into early and late pre-assembly complexes, composed by at least 

DNAAF5/HEATR2 (Horani et al., 2012) – DNAAF13/SPAG1 (Knowles et al., 2013) – 

DNAAF2/KTU (Omran et al., 2008) and DNAAF2 – DNAAF4/DYX1C1 (Tarkar et al., 2013) – 

DNAAF6/PIH1D3 (Paff et al., 2017), respectively. Moreover, DNAAF2 would function as a link 

between the two complexes, establishing a temporal sequence for DNAAFs action (Tarkar et 

al., 2013; Paff et al., 2017; Horani et al., 2018). In opposition to this mechanism, another study 

suggested that specific dynein subunits were assembled independently by different DNAAFs, 

where DNAAF7/ZMYND10 was shown to promote protein stabilization and assembly of 
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dynein heavy chains (Mali et al., 2018). These authors further proposed that dynein 

intermediate and light chains were assembled in parallel via the PIH (heat shock binding) 

domain of other chaperones, such as DNAAF2, DNAAF6 and DNAAF15/PIH1D2 (Yamaguchi 

et al., 2018), while DNAAF13 and DNAAF4 would provide a stable platform for final dynein 

arm assembly (Mali et al., 2018). Thus, more in-depth studies are needed in order to establish 

the exact mechanism by which DNAAFs bring together the subunits of dynein arms.  

Independently of the dynein assembly process, mature complexes are then deployed to cilia 

by the intraflagellar transport (IFT) system. Therefore, mutations in DNAAFs lead to a 

complete or partial absence of both outer and inner dynein arms from the ciliary axoneme, 

severely affecting cilia and flagella motility (Aprea, Raidt, et al., 2021). 

Lastly, PCD can be caused by mutations in genes involved in different steps of 

multiciliogenesis, such as MCIDAS, the transcriptional regulator that mediates multiple cilia 

formation program (Boon, Wallmeier, et al., 2014); CCNO, the protein responsible for centriole 

amplification and migration at later stages of differentiation for multiple ciliary docking 

(Wallmeier et al., 2014; Amirav et al., 2016) and FOXJ1, the transcription factor for the cilia 

motility program (Wallmeier et al., 2019). In all cases, resulting in reduced generation of 

multiple motile cilia (RGMC).  

However, 20 – 30% of individuals with clinical manifestations compatible with PCD cannot be 

explained by mutations on any known PCD gene, meaning that further studies are still needed 

to fully characterize the whole spectrum of disease-causing genes (Marshall et al., 2015; 

Wallmeier et al., 2020).  

Mutations in most of PCD genes follow an autosomal recessive trait with a few exceptions 

showing an X-chromosomal recessive inheritance, such as mutations in RPGR, retinitis 

pigmentosa GTPase regulator gene, OFD1, oral-facial-digital syndrome type 1 gene and 

DNAAF6 (Krawczyński & Witt, 2004; A. Moore et al., 2006; Paff et al., 2017; Bukowy-Bieryllo 

et al., 2019) and an autosomal dominant inheritance, such as mutations in FOXJ1 (Wallmeier 

et al., 2019).  

Due to its recessive trait, PCD is a fairly rare disease with a prevalence ranging from 1 in 

10.000 to 1 in 20.000 children (Rubbo & Lucas, 2017). However, significant differences in PCD 

frequencies were found across Europe with a higher PCD prevalence observed in a British 

Asian population (approximately 1 in 2000), mostly due to high incidence of consanguinity 

(O’Callaghan et al., 2010) and a much lower prevalence found in many other countries, for 

instances in Estonia and Romania, probably due to lower general government expenditure on 

health (Kuehni et al., 2010).  
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Moreover, PCD prevalence was also profoundly underestimated in Portugal, approximately 1 

in 200.000 children (Kuehni et al., 2010), which correlated with the absence of essential 

techniques, such as ciliary function analysis and genetic testing, within the country, with most 

of PCD diagnosis relying only on transmission electron microscopy (TEM) assessment 

(Strippoli et al., 2012). 

Lack of highly specialized diagnostic centers and lack of awareness about the disease by 

general practitioners also contributed to the underestimation of PCD incidence. In fact, an 

international survey reported that 37% of positive patients had more than 40 medical 

consultations regarding their PCD-related symptoms before getting a referral for PCD testing 

(Behan, Galvin, et al., 2016). Additionally, apart from situs inversus, PCD clinical 

manifestations are not so suspicious and sometimes patients can present milder symptoms 

resulting in missed or later age diagnosis (Dehlink et al., 2016). 

Different clinical diagnostic predictive tools are now available to guide general practitioners 

through the relevant medical history of patients and determine which ones need a referral for 

PCD testing (Djakow et al., 2012; Behan, Dimitrov, et al., 2016; Leigh et al., 2016). 

Regarding PCD diagnosis, it should be performed only in specialized centers by experienced 

multidisciplinary teams using recommended diagnostic pipelines. The European respiratory 

society guidelines endorse the practice of nasal nitric oxide (nNO) measurements, high-speed 

video microscopy analysis (HVMA), transmission electron microscopy (TEM) assessment and 

genetic screening (Barbato et al., 2009; Lucas et al., 2017). While the American thoracic 

society (ATS) recommends the use of nNO measurements, TEM assessment and genetic 

testing (Shapiro et al., 2018). 

Measurement of nNO is a quick and almost noninvasive technique and involves sampling 

expired gas from one nostril via a stationary chemiluminescence analyzer using either velum 

closure breathing maneuvers in patients with more than six years old or tidal breathing 

maneuvers in patients with less than six years old (Marthin & Nielsen, 2013; Lucas et al., 

2017). Although the underlying mechanism is largely unknown, levels of nNO are mainly low 

in PCD patients (less than 77 nl/min) when compared to healthy control individuals (250 – 300 

nl/min) (Collins et al., 2014). However, some PCD mutations, mainly in cases resulting in 

normal ciliary ultrastructure by conventional TEM, nNO levels were found in the lower range 

of normal (78 – 125 nl/min) or even comparable to normal values (Marthin & Nielsen, 2011; 

Shapiro et al., 2020; Raidt et al., 2022). Lower nNO values can also occur due to acute viral 

respiratory infections or sinusitis. Therefore, analysis of nNO alone is not sufficient to rule in 

or out PCD, but combined with a strong clinical history, it has a highly predictive value 

(Dalrymple & Kenia, 2019). 
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Assessment of ciliary function by high-speed video microscopy analysis (HVMA) involves 

sampling epithelial respiratory cells from nasal or bronchial brush biopsies and recording the 

ciliary movement with a high-speed camera, between 120 and 500 frames per second (Lucas 

et al., 2017). Both ciliary beat pattern (CBP) and frequency (CBF) are analyzed in slow-motion 

replays and characterized either by a normal recovery and power strokes comparable to 

healthy control cilia, a complete absence or partial reduced ciliary movement, a stiff beating, 

a reduced amplitude or a circular rotation movement (Kempeneers et al., 2019). Some 

ultrastructural defects have been associated with specific patterns of ciliary beating, for 

instances, mutations affecting both ODA and IDA result in immotile cilia, mutations affecting 

only ODA severely impact on ciliary movement but a minimal residual beating is sometimes 

observed, mutations in genes coding for proteins of radial spokes and central pair apparatus 

lead to rotatory movement when cilia are observed from a top view and mutations in CCDC39, 

CCDC40 and some DNAH11 variants result in hyperkinetic cilia (Chilvers et al., 2003; Raidt 

et al., 2014; Blanchon et al., 2020). Nevertheless, other mutations can cause very subtle ciliary 

beating abnormalities that are difficult to detect and can be easily missed (reviewed by 

Wallmeier et al., 2020). 

Conducting HVMA involves an expensive set up and depends on extensive expertise and 

training of the microscopists, who can still be subjective and introduce some observer bias. 

Moreover, HVMA still lacks standardization methods for cell processing and ciliary 

assessment (Shapiro et al., 2018) although efforts are being made every year at the European 

Respiratory Society conferences. External factors such as secondary infections, 

environmental pollutants, inflammatory mediators and pharmacological agents can also affect 

indirectly the ciliary movement (Merkus et al., 2001; Hofmann et al., 2004; Joskova et al., 

2020). Therefore, new recommendations have been proposed, including repetition of HVMA 

from different biopsies or following cell culture (Dalrymple & Kenia, 2019; Kempeneers et al., 

2019). New softwares for CBF measurement (Smith et al., 2012) and more quantitative 

analysis of CBP, as for example the weighted distance traveled by the cilium per second being 
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the most reliable parameter found (Papon et al., 2012; Blanchon et al., 2020), have also been 

developed. 

In fact, our laboratory was deeply involved in the creation of a PCD diagnostic team in 

Portugal, according to the European respiratory society guidelines (Lucas et al., 2017). After 

8 years, we now have a consortium of several clinical and research units that work together 

to collectively improve the research and diagnostic status of PCD in our country (Constant et 

al., 2018). Moreover, we have specialized ourselves in HVMA, after intensive training, and we 

recently published for the first time the normal range of CBF and CBP observed in a healthy 

volunteer Portuguese control group, as well as, in a Portuguese PCD patient group (Sampaio 

et al., 2021). Concomitantly, we developed a new software for a semi-automatic detection of 

ciliary beat frequencies in the recorded movies, allowing a fast and unbiased data analysis 

and consequently, making HVMA a better PCD diagnostic test and easier to implement in 

future diagnostic centers (Sampaio et al., 2021). 

On the other hand, samples from nasal or bronchial epithelial cells can also be used to assess 

the ciliary ultrastructure by TEM (Papon et al., 2010). Typical hallmarks of abnormal cilia 

include lack or truncated ODAs (50% of PCD cases); lack of simultaneously ODAs and IDAs 

(15% of PCD cases) and lack of IDAs with microtubular disorganization (26% of PCD cases) 

(Leigh et al., 2016). However, concurrently with the discover of new PCD genes along the 

years, more cases of normal ciliary ultrastructure or easily missed subtle abnormalities have 

been described, ranging from 17 to 30% of the PCD patients (Boon, Smits, et al., 2014; Kouis 

et al., 2017). This includes some DNAH11 variants (Schwabe et al., 2008; Blanchon et al., 

2020) and mutations in nexin-dynein link proteins (Wirschell et al., 2013), microtubule inner 

proteins (Ta-Shma et al., 2018), radial spokes (Knowles et al., 2014) and central pair 

apparatus (Dougherty et al., 2020). Additionally, IDA structure and consequently IDA defects 

are sometimes difficult to identify, as they are less electron dense resulting in low contrast of 

these structures compared with other ciliary components, and they are less frequent along the 

ciliary axoneme (Barbato et al., 2009). Thus, presence of typical hallmarks in more than 50% 
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of cilia cross sections is sufficient to indicate a PCD diagnosis (Shapiro et al., 2016; Lucas et 

al., 2017), whereas samples showing ciliary abnormalities in less than 50% of cilia cross 

sections require additional testing (Shoemark et al., 2020).  

Although TEM was considered the gold standard PCD test once, it is still a laborious and 

expensive technique, performed and analyzed only by highly trained technicians (Dalrymple 

& Kenia, 2019). Electron microscopic tomography (Shoemark & Hogg, 2013) and cryo-

electron tomography (Lin et al., 2014) may resolved some subtle abnormalities observed by 

conventional TEM but are extremely specialized techniques and not widely available. 

Molecular genetic screening is highly recommended by the American thoracic society for PCD 

diagnosis in patients with strong clinical phenotypes (Shapiro et al., 2018). Either by using 

whole-exome techniques or extended genetic panels specific for PCD genes, previously 

reported PCD causing variants can be easily identified in genomic DNA samples extracted 

from patient’s blood. One disease causing mutation in each allele must occur in the same PCD 

gene for a positive diagnosis. In case of lack of known mutations, observed sequence variants 

should be ranked following the international recommendations into benign, likely benign, 

unknown significance, likely pathogenic and pathogenic (Richards et al., 2015). Furthermore, 

potential PCD causing mutations should be confirmed by Sanger sequencing, correlated with 

the phenotype assessed by any other PCD diagnostic test, and checked by segregation 

analysis (Lucas et al., 2017). On the other hand, large heterozygous genomic deletions, large 

intragenic duplications and deep intronic mutations, reported in some PCD patients, are 

missed by some sequencing technologies (Duquesnoy et al., 2007; Knowles et al., 2013). 

Moreover, in particular for HYDIN, PCD genes can also be difficult to sequence, due to 

equivalent segments within the paralogous gene, complicating the analysis of local variants 

(Olbrich et al., 2012). Hence, molecular genetic testing is sufficient to confirm a diagnosis in 

the presence of PCD causing mutations, but it cannot rule out a positive diagnosis in the 

absence of known mutations (Lucas et al., 2017).  
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Patients with high clinical suspicion for PCD without a definitive diagnosis by any of these tests 

should remain under clinical monitoring by a specialist and be further tested as more 

diagnostic tools become available and new genes are discovered. 

In fact, one of the more recent and powerful diagnostic techniques is the immunofluorescence 

(IF) labelling assay, that by now has been used mostly as a research tool due to lack of 

sufficient clinical evidence for the diagnostic accuracy assessment (Fliegauf et al., 2005; 

Dalrymple & Kenia, 2019). Nevertheless, the European respiratory society agrees that, in case 

of validated antibodies, the IF assay can be valuable in clinical settings, providing new insights 

for resource-limited PCD diagnostic centers (Lucas et al., 2017; Rumman et al., 2017). In a 

PCD diagnostic perspective, no extra collection method are needed for this method, as 

samples from the nasal or bronchial respiratory epithelial cells for HVMA and TEM can be also 

used to visualize the distribution of ciliary components, within the cell and along the length of 

the ciliary axoneme by using fluorescently tagged antibodies against ciliary proteins (Omran 

& Loges, 2009). At this point, the advantages of IF labelling protocol are that single ciliated 

cells, in contrast to the undisrupted epithelial clusters necessary for HVMA, and fewer cells, 

in opposition to the large number of cells required for TEM analysis, are enough to achieve a 

definitive result and thus reduce the need for repeated nasal brushing in the same patient 

(Shoemark et al., 2017). Additionally, air-dried samples in glass slides can be easily 

transported to faraway performing laboratories, in opposition to HVMA that must be executed 

right after the nasal brushing or at least as soon as possible after collection (Omran & Loges, 

2009; Reula et al., 2021). 

At the laboratory, IF protocols are simpler to implement and optimize, easier to perform on a 

daily basis and do not require specialized expensive equipment when compared to TEM 

analysis. Moreover, Shoemark and colleagues evaluated the expenditure of these two 

techniques and confirmed that IF labelling can cost up to 8 times less per sample than TEM 

analysis (Shoemark et al., 2017). The median time for processing and analyzing a sample was 

also significantly less, with IF protocols requiring 14 days and TEM protocols requiring 27 days 

(Shoemark et al., 2017). 
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When analyzing the distribution of ciliary components under confocal or fluorescent 

microscopes, absence or misplacement of protein labelling can be indicative of PCD. A similar 

sensitivity to TEM analysis was achieved by using a combined panel of antibodies against the 

ciliary proteins DNAH5 (an outer arm dynein), DNALI1 (an inner arm dynein), GAS8 (a protein 

from the dynein regulatory complex, the nexin link) and RSPH9 (a radial spoke component) to 

detect ciliary defects in a cohort of prospective PCD patients (Shoemark et al., 2017). 

Surprisingly, the same diagnostic rate by IF labelling was observed by an independent 

laboratory (Baz-Redón et al., 2020).  

Additionally, IF labelling can be particularly effective, over conventional TEM, regarding PCD 

cases with normal ciliary ultrastructure. For instance, radial spoke mutations, such as in 

RSPH1, RSPH4 and RSPH9, can be easily resolved by single labelling of RSPH9, as it is 

absent in all cases (Frommer et al., 2015). Mutations in HYDIN and SPEF2, two genes that 

code for proteins from the central pair apparatus, can also be detected by the absence of 

SPEF2 labelling from the ciliary axonemes (Dougherty et al., 2020). Lastly, IDA components 

that are sometimes difficult to observe by TEM can be clearly visible by antibody against 

DNALI1 staining and consequently IDA defects result in absence of DNALI1 

immunofluorescent signal (Shoemark et al., 2017). 

Interestingly, mutations in the outer dynein DNAH11, that is usually present at the proximal 

region of the ciliary axoneme, can result in different phenotypes. Depending on the PCD 

causing variant, faulty DNAH11 protein can be absent from the ciliary axoneme without 

affecting most of ODA components and subsequently leading to neglectable changes by TEM 

analysis. In these cases, a diagnosis can be given by IF labelling of DNAH11, that becomes 

absent, and of DNAH9, that shifts from the distal part of the ciliary axoneme to become pan-

axonemal (Dougherty et al., 2016). On the other hand, some DNAH11 variants cannot be 

resolved by IF as they do not affect the proper protein localization within the axoneme, thus 

resulting in a normal distribution of the antibody (Dougherty et al., 2016).  

Another limitation of IF technique is that by labelling specific proteins of interest, defects in 

unrelated proteins could be missed. This issue could be overpassed in the future as the full 

spectrum of PCD genes is being discovered and the antibodies for the respective proteins are 

being produced and validated (Liu et al., 2020). 

In summary, IF labelling assays seem to be a reliable diagnostic technique for PCD, having a 

comparable diagnostic accuracy to TEM analysis, with the benefits of being faster, cost-

effective and easy to implement. Nonetheless and similarly to the other PCD diagnostic tests, 

IF should not be used as a stand-alone test to exclude PCD. 
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The purpose of this work was to evaluate the procedure of IF method for confirming a positive 

PCD diagnosis in two siblings (subjects #1291156 and #1880724) that shared the same 

ZMYND10 mutation. We had previously described this new variant for the first time by HVMA, 

TEM and genetic screening for one of the patients (Sampaio et al., 2021). Using a research 

panel of ten antibodies against ciliary proteins, we now analyzed the distribution of ciliary 

components in both siblings to infer about the performance of IF analysis by comparing the 

obtained results with previously published data.  

We confirmed that the IF method was easy to implement in our laboratory and optimization of 

antibody dilutions was performed successfully using respiratory ciliated cells from healthy 

control volunteers. Moreover, we found that IF labelling is accurate and sensitive to intrinsic 

patient variability, reinforcing the use of this technique not only in clinical research but also in 

PCD diagnosis. 

Our laboratory now performs HVMA and IF and our Lisbon consortium is the only one in 

Portugal performing all the essential PCD diagnostic tests recommended by the European 

respiratory society guidelines: nNO, TEM and HVMA. Thus, we want to further implement IF 

labelling assay as a daily basis technique in our laboratory to improve the PCD diagnosis in 

our country, either by enabling distant primary and secondary care centers to easily send us 

air-dried samples from their prospective patients in glass slides for posterior testing in our 

premises or by providing training to other institutes to correctly use this technique. Our long-

term aim is to investigate the accuracy and limitations of IF as a diagnostic tool for PCD in 

diagnostic cohort studies, composed by Portuguese PCD patients. Ultimately, providing 

additional evidence to change the current guidelines to accept IF in PCD diagnostic pipelines 

and consequently enhancing PCD diagnosis in resource-limited countries. 
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3.1.  EXPERIMENTAL PROCEDURES 

Sample collection and preparation 

Sample collection was performed at the patient’s baseline health state. Certified technicians 

collected nasal cells from the inferior turbinate nasal epithelia (Lucas et al., 2017) using a 

cytological brush (0134, Fisaude, Spain). Cells were immersed in culture medium 199 (Gibco 

- Life technologies) buffer supplemented with 1% of Penicillin-Streptomycin (15140122, 

ThermoFisher Scientific). 

For high-speed video microscopy analysis, cell samples were spread onto a glass slide 

delimited using silicone grease (Z273554, Dow Corning Corporation), to make a sealed 

compartment avoiding overflowing, and covered with a coverslip. Samples were processed 

within 3 hours after sampling. 

For immunofluorescence analysis, cell samples were spread onto glass slides, air-dried in a 

laminar flow hood and stored at -80ºC until use. At least ten slide preparations should be 

stored in order to allow different antibody testing or repetition in case of inconclusive result. 

 

High-speed video microscopy analysis 

Samples were examined in an inverted transmission light microscope (Nikon Eclipse Ti-U) 

with a 100× oil immersion objective lens (1.30 NA) at 25ºC. Only multiciliated cell clusters 

presenting undisrupted epithelial edges free of mucus and debris were recorded (Thomas et 

al., 2008) using a high-speed FASTCAM MC2 camera (Photron Europe, Limited) controlled 

with PFV (Photron FASTCAM Viewer) software. Following the European Respiratory society 

guidelines, small videos were recorded at 200 frames per second (fps), in order to visualize at 

least four frames throughout the beat cycle, for ciliary beta pattern evaluation (Lucas et al., 

2017). Moreover, ten different clusters were imaged, eight from the sideway edge and two 

from the anterior edge (top view). 

The ciliary movement was analyzed in 30-60 fps replays and ciliary beat frequency was 

measured using the CiliarMove software (Sampaio et al., 2021). Video recordings were 

archived for audit purposes. 
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Immunofluorescence analysis 

The immunofluorescence analyses of human respiratory cells followed the protocol previously 

described by Omran’s lab (Omran & Loges, 2009).  

After thawing the samples, cells were incubated with 4% paraformaldehyde for 15 minutes for 

fixation of the axoneme and axonemal structures. Then washed 3 times with 1x PBS 

(Phosphate-buffered saline solution) and incubated in 0.2% Triton X-100 for 10 minutes for 

cell permeabilization. The slides were blocked overnight at 4ºC with 1% skim milk, to avoid 

nonspecific binding. Incubation with the primary antibodies in 1% skim milk was performed for 

3 hours at room temperature on the next day.  

The following primary antibodies were used: mouse monoclonal or rabbit monoclonal 

antibodies anti-acetylated tubulin (1:1000 dilution; T7451, Sigma-Aldrich or 5335, Cell 

Signaling); mouse monoclonal antibody anti-DNAH11 (Dougherty et al., 2016) and rabbit 

polyclonal antibodies anti-DNAH5 (1:500 dilution; HPA037470) (Fliegauf et al., 2005), anti-

DNAH9 (HPA052641) (Loges et al., 2018); anti-DNAI1 (1:300 dilution; HPA021649) (Whitfield 

et al., 2019); anti-DNAI2 (1:500 dilution; HPA050565) (Höben et al., 2018); anti-DNALI1 (1:300 

dilution, HPA028305) (Liu et al., 2020); anti-GAS8 (1:500 dilution, HPA041311) (Olbrich et al., 

2015); anti-RSPH9 (1:400 dilution, HPA031703) (Frommer et al., 2015); anti-CCDC39 (1:300 

dilution; HPA035364) (Merveille et al., 2011) and anti-SPEF2 (1:200 dilution; HPA039606) 

(Dougherty et al., 2020). The monoclonal antibody against DNAH11 was kindly offered by Niki 

Loges from Omran’s lab, whereas the other antibodies were purchased from Atlas Antibodies, 

unless otherwise stated.  

The slides were washed 5 times with 1x PBS at room temperature and then incubated with 

the secondary antibodies for 30 min at room temperature. Cross adsorbed secondary 

antibodies, including Alexa Fluor 488-conjugated goat antibodies to mouse (1:1,000, A1108) 

and Alexa Fluor 546-conjugated goat antibodies to rabbit (1:1,000, A11010) were purchased 

from Molecular Probes (Invitrogen). Nuclei DNA was stained with Hoechst 33342 (1:1000; 

14533, Sigma-Aldrich). 

Immunofluorescence images were taken using a Zeiss Widefield Axioimager Z2 fluorescence 

microscope with a Zeiss Plan-Apochromat 63x oil immersion objective (1.4 NA). The obtained 

pattern for the antibody labelling in subjects #1291156 and #1880724 was compared to the 

ones observed in health control samples, being classified as normal, decreased, absent or 

proximal/distal regarding the location within the ciliary axoneme. 
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3.2. RESULTS 

Heymut Omran’s lab, in the University Children's Hospital Muenster, Germany, was the 

pioneer in using IF labelling for PCD research and has been establishing IF analysis as a 

complement to PCD diagnostic measures over the last years (Omran & Loges, 2009). In order 

to implement the IF protocol from nasal epithelial ciliated cells in our lab as a PCD research 

tool and posteriorly assess the viability of using it as a PCD diagnostic test, I went to Heymut 

Omran’s lab, for training under the supervision of Petra Pennekamp and Niki Loges. 

Regarding our Portuguese PCD patient cohort, we decided to perform the IF studies to fully 

characterize the ciliary protein distribution in samples with a new variant of ZMYND10. We 

had previously identified this mutation in one child (subject #1880724) and described it 

accordingly with nasal nitric oxide (nNO) measurements, high-speed video microscopy 

analysis (HVMA), transmission electron microscopy (TEM) assessment and genetic testing 

(Sampaio et al., 2021). However, this family has an older daughter also with PCD (subject 

#1291156). Interestingly, subject #1291156 has situs inversus, whereas subject #1880724 

has a normal organ arrangement (Figure 3.1 A). Thus, we decided to study both siblings as it 

would allow us to test IF sensitivity between different patients with the same mutation and 

concomitantly test if the patient with left – right abnormalities could have evolved to more 

severe respiratory outcomes.  

Mutations in ZMYND10 were first described to cause PCD in 2013 (D. Moore et al., 2013; 

Zariwala et al., 2013). At the time, ZMYND10 was known to be a zinc finger protein with four 

conserved classical LxxLL protein-binding motifs and a C-terminal MYND zinc-finger domain, 

which suggested that it could require interacting partners for its function (Albee et al., 2013), 

and it was previously associated with several types of cancer (Agathanggelou et al., 2003). 

Being up-regulated during ciliogenesis (Ross et al., 2007), ZMYND10 was found mainly 

localized within the cytoplasm (Albee et al., 2013; Zariwala et al., 2013).  

At the molecular level, ZMYND10 was found to interact with the dynein axonemal assembly 

factor (DNAAF) 11/LRRC6 (D. Moore et al., 2013; Zariwala et al., 2013), and to co-localize 

with most DNAAFs in the liquid phase separation organelles (Huizar et al., 2018), suggesting 

that ZMYND10 could also be part of the preassembly dynein complex and thus be a DNAAF 

by itself. Studies in Drosophila, Xenopus and zebrafish support a conservative role of 

ZMYND10 as a DNAAF (D. Moore et al., 2013; Zariwala et al., 2013; Kobayashi et al., 2017). 

While in studies with Chlamydomonas and Paramecium tetraurelia, ZMYND10 was found to 

affect cilia length and basal body/centriole number, suggesting additional roles in maintenance 

of ciliary structure and function (Albee et al., 2013; Shi et al., 2021). 
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More recently, two Zmynd10 mutant mice were developed in order to further understand the 

molecular contribution of ZMYND10 in dynein preassembly (Cho et al., 2018; Mali et al., 2018). 

Mali and colleagues showed that ZMYND10 interacts with HSP90 co-chaperone FKBP8 and 

chaperone HSP90 to mediate specifically dynein heavy chain stability and preassembly. In 

Zmynd10 mutant, dynein heavy chains, such as DNAH5, are unable to bind to the dynein 

intermediate and light chains, causing overall protein instability and consequently axonemal 

dynein degradation (Mali et al., 2018). On the other hand, Cho and colleagues showed that 

ZMYND10 also modulates the preassembly of dynein intermediate chains by directly 

promoting DNAI1 stability (Cho et al., 2018).  

Either way, ZMYND10 mutations in PCD patients were shown to result in lack of ODA and 

IDA at the ciliary ultrastructure when evaluated by TEM and an absence of DNAH5 (ODA 

component) and DNALI1 (IDA component) signal by IF labelling (D. Moore et al., 2013; 

Zariwala et al., 2013). Consequently, PCD patients presented a complete absence of ciliary 

motility confirmed by HVMA (D. Moore et al., 2013; Zariwala et al., 2013; Sampaio et al., 

2021). Clinical features included low levels of nNO, respiratory symptoms, situs inversus and 

infertility (Zariwala et al., 2013; Kurkowiak et al., 2016). Different ZMYND10 missense 

mutations and frameshift deletions contribute to 3% of the overall PCD cases worldwide 

(Kurkowiak et al., 2016).  

In Portugal, we have reported two different cases, one PCD patient showing a homozygous 

c.[510+1delG] splice donor mutation that followed the classical DNAAF phenotype (subject 

#1880724), hereby further studied, and another PCD patient with a previously described 

homozygous c.[1136A>G] missense mutation that presented a much milder phenotype with 

normal TEM and CBF within normal ranges (Zariwala et al., 2013; Sampaio et al., 2021). 

As the subject #1291156 (sister of #1880724) data was not described in Sampio et al. (2021), 

we will analyze it here and compare it with the sibling data. Examples of previous TEM analysis 

performed by Andreia Pinto, a PCD Portuguese consortium partner, are shown in Figure 3.1 

B depicting ciliary cross-sections of respiratory epithelial samples for both siblings. 

Thorough quantification of ciliary ultrastructure defects revealed distinct profiles between the 

two subjects. While subject #1291156 presented a consistent absence of both ODA and IDA, 

without any additional microtubule defect, subject #1880724 showed absence of either both 

ODA and IDA or only ODA and an increased number of abnormalities regarding the central 

pair apparatus and microtubule organization (Figure 3.1 C). Thus, TEM analysis showed that 

these two patients have the same phenotype concerning other ZMYND10 variants affecting 

ODA and IDA, and therefore it would be sufficient to provide a positive diagnosis with PCD. 
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To execute the IF analysis, nasal brushings were performed by certified technicians from our 

institute in order to obtain live epithelial ciliated cells. Firstly, we analyzed the ciliary function, 

as subject #1291156 had no prior record, and compared to the CBF of our Portuguese healthy 

control group, ranging from 6.10 to 9.13 Hz (Supplementary Movie 3.1).  

 

Figure 3.1: New ZMYND10 variant causes primary ciliary dyskinesia. 
(A) Pedigree of a family harboring the c.[510+1delG] splice donor mutation in ZMYND10 gene. Unaffected 
parents are shown in white and PCD siblings (subjects #1291156 and #1880724) are in black. Asterisk indicates 
situs inversus defect. (B) Examples of cross-sectioned respiratory cilia from the respiratory epithelium of an 
healthy control individual, subject #1291156 and subject #1880724 by transmission electron microscopy. (C) 
Quantification of dynein arms and microtubules-related defects in subject #1291156 (n=221 cilia) and subject 
#1880724 (n=57 cilia) observed in B. (D) Ciliary beat frequency (Hz) of the healthy control group (n=16 
individuals) and of the subjects #1291156 and #1880724. Means from 10 samples per individual are displayed. 
Examples of multiciliated clusters used for analysis are shown. 
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Both siblings presented several epithelial ciliated edges with more than 10 cells, indicating 

that the cell collection was successful and the epithelium structure was preserved. Recording 

of ciliary movement showed that both siblings had static cilia, with complete absence of motility 

(CBF = 0 Hz) (Figure 3.1 D; Supplementary Movie 3.2 and Supplementary Movie 3.3), in 

agreement with the lack of axonemal dynein motors. 

Secondly, the remaining cells were prepared for IF labelling assays. We double-stained every slide with 

anti-acetylated alpha tubulin in order to identify the ciliary axonemal microtubules and to co-localize 

these with the second antibody for the ciliary protein of interest. Most studies using IF as a 

complement for PCD diagnosis rely on the staining of DNAH5, one outer dynein heavy chain, and of 

DNALI1, a light intermediate chain of the inner dynein arm, both usually expressed across the entire 

ciliary axoneme (Fliegauf et al., 2005; Shoemark et al., 2017). In ZMYND10 mutations, DNAH5 has been 

reported to be mostly absent from cilia, but sometimes it can be seen at the proximal region of the 

axoneme, while DNALI1 was only reported at the apical membrane region of the cell in one study and 

completely absent in the others (D. Moore et al., 2013; Zariwala et al., 2013; Kurkowiak et al., 2016).  

Staining of DNAH5 in both subjects #1291156 and #1880724 revealed a constant abnormal signal in 

every analyzed cell when compared to the signal of healthy control cells (Figure 3.2 A). In #1291156 

samples, DNAH5 was mostly absent from cilia, whereas in #1880724, it was either completely or 

distally absent, and in both cases an accumulation of DNAH5 at cytoplasmic foci or at the proximal 

ciliary regions was observed (Figure 3.2 B).  

Regarding the DNALI1 staining, both siblings presented a decreased to completely absent signal for 

IDA. In subject #1880724 samples, a few cells were seen to have normal DNALI1 signal (Figure 3.3 A 

and B), in agreement with the differences detected by TEM analysis. Thus, in a low extent, IDA seem 

to enter the cilium more easily in #1880724 samples. 
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Figure 3.2: DNAH5 localization is affected by the new ZMYND10 variant. 
(A) Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal outer dynein DNAH5 
in respiratory ciliated cells of a healthy control volunteer (n=16 cells), subject 1291156 (n=7 cells) and subject 
1880724 (n=15 cells). DIC, differential interference contrast microscopy (brightfield). (B) Quantification of 
fluorescence signal patterns in cilia observed in A. 
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Figure 3.3: DNALI1 localization is affected by the new ZMYND10 variant. 
(A) Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal inner dynein DNALI1 
in respiratory ciliated cells of a healthy control volunteer (n=8 cells), subject 1291156 (n=6 cells) and subject 
1880724 (n=9 cells). DIC, differential interference contrast microscopy (brightfield). (B) Quantification of the 
fluorescence signal patterns in cilia observed in A. 
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reports of DNAH9 distribution in ZMYND10 mutant respiratory cells. However, DNAH9 was found to 

interact with DNAH5 by co-immunoprecipitation and it becomes absent from the ciliary axonemes 

when DNAH5 is no longer present (Loges et al., 2018). We found that both subjects #1291156 and 

#1880724 lacked any staining for DNAH9 within the cilia and a diffuse signal appeared at the 

cytoplasm, but indistinguishable from background signal (Figure 3.4 A and B). Thus, DNAH9 assembly 

into the cilia is compromised in ZMYND10 mutations, supporting a mechanism where DNAH9 depends 

on other ODA components to become localized at the distal region of the axoneme. 

 

Figure 3.4: DNAH9 localization is affected by the new ZMYND10 variant. 
(A) Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal outer dynein 
subtype II DNAH9 in respiratory ciliated cells of a healthy control volunteer (n=16 cells), subject 1291156 (n=5 
cells) and subject 1880724 (n=9 cells). DIC, differential interference contrast microscopy (brightfield). (B) 
Quantification of the fluorescence signal patterns in cilia observed in A. 

 

 

On the other hand, the outer dynein heavy chain subtype I, DNAH11, is known to be located 

only at the proximal end of the ciliary axoneme when compared with the pan-axonemal 

localization of acetylated tubulin (Figure 3.5 A) (Dougherty et al., 2016). Although there is no 

record of DNAH11 distribution regarding specifically ZMYND10 mutations, a normal proximal 

localization of DNAH11 was observed in most patients with DNAAFs mutations, such as for 
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DNAAF1, DNAAF2, DNAAF3 and DNAAF4, as well as in DNAH5, DNAH9 and DNAI2 mutant 

respiratory cells (Dougherty et al., 2016; Loges et al., 2018). Conversely, it was described 

before that DNAH11 mutations do not affect ODA nor IDA assembly (Schwabe et al., 2008). 

Therefore, DNHA11 appeared to evolve distinctively from the other outer dyneins, where the 

integrity of ODA and IDA seems to be independent of its trafficking and assembly into the 

axoneme.  

We thus analyzed the DNAH11 distribution in both siblings and within the respiratory epithelial 

cells from subjects #1291156 and #1880724, DNAH11 was consistently observed at the 

proximal region of the ciliary axonemes (Figure 3.5 A). Supporting that, similarly to other 

DNAAFs, ZMYND10 is not involved in DNAH11 stability nor in its preassembly in the 

cytoplasm. 

 

Figure 3.5: DNAH11 localization is not affected by the new ZMYND10 variant. 

Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal outer dynein DNAH11 
in respiratory ciliated cells of a healthy control volunteer (n=10 cells), subject 1291156 (n=10 cells) and subject 
1880724 (n=12 cells). DIC, differential interference contrast microscopy (brightfield). 
 
 

Regarding the outer dynein intermediate chains, DNAI1 and DNAI2, IF labelling assays have 

demonstrated that both proteins are localized across the entire ciliary axoneme (Figure 3.6 A 

and Figure 3.7 A) (Höben et al., 2018; Loges et al., 2018). DNAI1 and DNAI2 depend on the 
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other ODA components and DNAAFs-driven pre-assembly in the cytoplasm in order to be 

successfully deployed into the cilia (Höben et al., 2018). In ZMYND10 mutant respiratory cells, 

only DNAI2 has been reported and immunolabelling revealed it was completely absent from 

the ciliary axonemes without further accumulation in the cytoplasm (Kurkowiak et al., 2016), 

which has been attributed to rapid protein degradation to avoid cellular stress caused by non-

functional ODA complexes (Cho et al., 2018). In contrast, DNAI2 stability in Zmynd10 mutant 

mice was not severely affected and protein accumulation was spotted within the cytoplasm 

(Mali et al., 2018).  

 

 

Figure 3.6: DNAI1 localization is affected by the new ZMYND10 variant. 
(A) Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal outer dynein 
intermediate chain DNAI1 in respiratory ciliated cells of a healthy control volunteer (n=10 cells), subject 1291156 
(n=10 cells) and subject 1880724 (n=11 cells). DIC, differential interference contrast microscopy (brightfield). (B) 
Quantification of the fluorescence signal patterns in cilia observed in A. 
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We then analyzed the distribution of both DNAI1 and DNAI2 in the respiratory epithelial cells 

from subjects #1291156 and #1880724. In general, DNAI1 and DNAI2 were absent from the 

ciliary axoneme of ZMYND10 mutant cells (Figure 3.6 B and Figure 3.7 B) and a constant 

accumulation of either diffused or local signal was observed within the cytoplasm for both 

proteins (Figure 3.6 A and Figure 3.7 A). Moreover, accumulation of DNAI1 at the proximal 

region of the axoneme was also observed in a minority of cells from subject #1880724 (Figure 

3.6 A). Therefore, to some extent dynein intermediate chains are still present in subjects 

#1291156 and #1880724 cells. 

 

Figure 3.7: DNAI2 localization is affected by the new ZMYND10 variant. 
(A) Immunolabelling of ciliary microtubules with acetylated alpha tubulin and the axonemal outer dynein 
intermediate chain DNAI2 in respiratory ciliated cells of a healthy control volunteer (n=10 cells), subject 1291156 
(n=5 cells) and subject 1880724 (n=5 cells). DIC, differential interference contrast microscopy (brightfield). (B) 
Quantification of the fluorescence signal patterns in cilia observed in A. 

 

As TEM analysis showed a few additional defects regarding microtubule disorganization and 

central pair microtubule number in respiratory epithelial samples from the subject #1880724, 

we further evaluated the distribution of CCDC39. This protein is part of the molecular ruler 

complex together with CCDC40 (Becker-Heck et al., 2011; Merveille et al., 2011). The ruler 

complex is responsible for providing the necessary anchoring sites for the 96 nm repeat length 

A B 

he
al
th

y 
co

nt
ro

l

12
91

15
6

18
80

72
4

0

20

40

60

80

100

DNAI2

P
e
rc

e
n
ta

g
e
 (

%
)

No defects

Absent



CHAPTER 3. 

188 
 

and arrangements of ciliary axonemal components for motility (Oda et al., 2014). Mutations in 

both CCDC39 and CCDC40 result in absence of IDA components and nexin-dynein regulatory 

complex (N-DRC) proteins and consequently present structural disorganization, with 

mislocalization of peripheral microtubules and abnormal number of central pair microtubules 

(Becker-Heck et al., 2011; Merveille et al., 2011).  

In subjects #1291156 and #1880724 respiratory cells, CCDC39 was present along the ciliary 

axoneme and thus did not differ from the healthy control cells (Supplementary Figure 3.1), as 

previously shown for other ZMYND10 mutations (Kurkowiak et al., 2016). Therefore, we 

assumed that the tubular abnormalities observed by TEM were probably due to some degree 

of cellular degeneration. 

 

We then analyzed some components of the N-DRC, radial spokes and central pair apparatus. 

Although defects in these proteins have not been reported in ZMYND10 mutant cells, we took 

the opportunity to optimize the antibodies against the respective proteins and to fully 

characterize the phenotype of the new variant that our PCD patients’ harbor.   

We used primary antibodies for Gas8, a N-DRC constituent (Olbrich et al., 2015), RSPH9, one 

of the radial spoke proteins (Frommer et al., 2015) and SPEF2, a central pair- associated 

protein (Dougherty et al., 2020). The staining showed a strong ciliary localization for the three 

proteins in healthy control volunteer cells as well as in #1291156 and #1880724 respiratory 

cells (Supplementary Figure 3.2 for Gas8; Supplementary Figure 3.3 for RSPH9 and 

Supplementary Figure 3.4 for SPEF2). Thus confirming that absence of motility in subjects 

#1291156 and #1880724 caused by ZMYND10 mutation is entirely due to lack of functional 

ODA and IDA motor complexes and does not affect additional motility appendages. 

In conclusion, the IF method was implemented and optimized successfully in our laboratory. 

Overall results from subjects #1291156 and #1880724 were compatible with data from HVMA 

and TEM analysis previously performed as well as published data for other ZMYND10 

variants. 
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3.3. DISCUSSION 

Formerly in Portugal, only patients with strong PCD clinical phenotype would undergo PCD 

testing by TEM (Fermeiro et al., 2010; Strippoli et al., 2012). However, this pipeline has been 

proved to miss almost 30% of PCD cases, as many of the increasing number of PCD mutated 

genes result in normal ciliary ultrastructure or subtle abnormalities that are easily neglected 

by conventional TEM (Jackson et al., 2016). 

Importantly, we have been benefiting from the foundation of the Better Experimental Screening 

and Treatment for Primary Ciliary Dyskinesia (BESTcilia) consortium (Germany, 2016). This 

initiative allowed for important advances in the characterization of clinical course and for 

developing programs to enhance the diagnostic accuracy by establishing PCD diagnostic 

centers in different countries that were unable to meet the European respiratory society 

diagnostic guidelines (Sousa et al., 2018). 

Now, we have a PCD consortium devoted to improving the PCD diagnosis in Portugal 

(Constant et al., 2018). Particularly in our laboratory, we are responsible for performing high-

speed video microscopy analysis of samples coming from different regions of the country. In 

fact, we were able to determine for the first time the normal range of ciliary beat frequency for 

the Portuguese healthy community and for a Portuguese PCD patient group. Moreover, within 

the consortium, we developed a semi-automated software to measure the frequency of ciliary 

movement in a reliable fashion and easy to apply in other PCD diagnostic centers (Sampaio 

et al., 2021). 

With this work, we wanted to further establish another PCD diagnostic test in the laboratory, 

the IF for the characterization of the proteins present in the ciliary axoneme. We took the 

advantage of a new ZMYND10 variant found in the Portuguese PCD patient group to fully 

characterize and optimize the main available antibodies that cover the major ultrastructural 

defects in PCD. 

IF labelling assays proved to be an easy to implement reliable method, as most patterns 

regarding presence, absence or abnormal localization for every antibody reproduced 

previously published data. Moreover, we could resolve the additional defects present in 

#1880724 cells by TEM. Tubular disorganization was not reported in ZMYND10 mutations and 

we confirmed by IF that the new ZMYND10 variant described here does not cause it either. 

Furthermore, IF results showed some variability in the faulty pattern of ODA and IDA proteins 

between the sibling samples, in agreement with the TEM results, which may be due to patient 

variability.  
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We hypothesized that inconsistent results regarding the protein accumulation of, for instance, 

DNAH5, DNAI1 and DNAI2 in the cytoplasm may occur due to different life-stages of 

respiratory epithelial cells. Immature ciliated cells would have more protein signal as they have 

had less time to induce protein degradation, while mature ciliated cells have already degraded 

most of the non-functional complexes, resulting in complete absence of fluorescent signal. 

This could be particularly challenging in cases where a small standard panel is used first and 

then a second panel must be determined, as specific mutations can lead to absence of ODAs 

from the entire ciliary axoneme and others to a partial absence from the distal end. 

Nevertheless, a PCD positive diagnosis can be achieved, without establishing the disease-

causing gene, when other methods corroborate the results, such as nNO measurements, 

HVMA and/or TEM analysis. 

Moreover, we did not observe significant changes in the IF results that correlated with the 

different internal organ situs between the samples from subject #1291156, which has situs 

inversus and the samples from subject #1880724, which has situs solitus. A retrospective 

comparison in the UK also found that respiratory symptoms and disease progression were 

similar between patients with and without situs inversus of the same age (McManus et al., 

2003). 

Although studies from the left – right field have already placed the establishment of organ 

position during the early stages of embryonic development, these studies show that situs 

inversus has no further effect per se on later stages of the chronic airway disease part of PCD 

and subsequently that laterality evolve independently of the respiratory symptoms.  

Interestingly, organ final position is widely considered as randomized in PCD patients due to 

the presence of roughly 50 – 50% of situs solitus and situs inversus. In the absence of ciliary 

motility to drive the process of symmetry breaking, left and right sides are set unbiasedly within 

the body and consequently thoracic and abdominal organs are displayed towards one side or 

the other. In situs inversus, as the arrangement between the organs is conserved, patients 

can be asymptomatic and have a normal life expectancy (Channabasappa et al., 2013). 

However, 6 to 10% of the total PCD cases show a laterality defect within the broad spectrum 

of partial variations between situs solitus and situs inversus, referred to as situs ambiguous 

(Kennedy, Omran, et al., 2007; Shapiro et al., 2014; Best et al., 2019). The underlying reason 

for the low prevalence of these cases in PCD is unknown. It would be tempting to speculate 

that in case of a partial randomization between all laterality possibilities, most of them would 

result in fetal death or fetal abnormalities, as they would compromise the arrangement of the 

organs between them. Indeed, a recent study showed that in a large cohort of PCD patients 

carrying a DNAH5 mutation, only 7.6% of the cases had situs ambiguous, while Dnah5 mutant 
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mice showed situs ambiguous in 40% of the cases when observed prenatally, which did not 

survive postnatally (Nöthe-Menchen et al., 2019). Overall, there is a low survival rate of situs 

ambiguous both in humans and mice. 

Nonetheless, presence of laterality abnormalities, specifically situs inversus, has been shown 

to contribute to an earlier diagnosis and thus allowing PCD patients to be treated accordingly 

sooner (Coren et al., 2002; Kuehni et al., 2010). On the other way, it shows how difficult it can 

be to recognize PCD in patients with normal situs and how important it is to develop new 

diagnostic tools to detect patients and identify new disease-causing genes that are not 

involved in the establishment of organ laterality. 

In fact, mutations in genes coding components of the N-DRC, radial spokes and central pair 

apparatus have not been associated with situs inversus (reviewed by Wallmeier et al., 2020). 

Moreover, these mutations usually do not greatly affect the ultrastructure of the ciliary 

axoneme, which can make difficult the PCD diagnosis by conventional TEM. Thus, IF labelling 

assays and specifically application of the analysis in a daily routine of antibodies against 

proteins of N-DRC, radial spokes and central pair apparatus can be extremely advantageous 

for PCD diagnosis. 

Having all of this into account, we are in favor of the implementation of IF analysis not only 

when another PCD test is not available, but also for both improvement of PCD diagnostics 

and as a PCD clinical research tool. However, a consensus from the European respiratory 

society is still needed, mostly regarding the IF considerations during data analysis. Total 

number of cells, standard panel of antibodies, as well as secondary panels and number of 

nasal brushing repetitions are some parameters that must be determined in the next pipelines 

in order to achieve standardization between centers.  

In a country with about 10 million people, more than 100 samples were analyzed by our 

laboratory in the last years, with 34 being fully characterized following the European 

respiratory society guidelines and reaching a final diagnosis positive for PCD (18 patients) or 

PCD-excluded (16 patients) (Sampaio et al., 2021). Twenty more samples had the ciliary 

function analyzed by me and one of which was considered as “likely to have PCD” due to a 

hyperkinetic phenotype of ciliary movement coupled with an absence of DNAH11 from the 

ciliary axonemes by IF. Hence, showing the great potential for the growth of IF application, as 

a useful PCD diagnostic test in Portugal. 

 

  



CHAPTER 3. 

192 
 

3.4. SUPPLEMENTARY MATERIAL 

Supplementary Movie 3. 1 – Example of a sideway view of beating respiratory cilia from a healthy 

control volunteer. 

Cilia exhibit a normal ciliary beat pattern characterized by two active motions, the recovery stroke and 

the power stroke. Mucociliary clearance capacity does not seem compromised. Ciliary movement was 

recorder at 500 fps and played at 60 fps. 

Supplementary Movie 3. 2 – Example of a sideway view of respiratory cilia from # 1291156 sibling. 

Cilia exhibit lack any type of movement with a rigid profile. Mucus accumulation, due to absence of 

mucociliary clearance. Ciliary movement was recorder at 500 fps and played at 60 fps. 

Supplementary Movie 3. 3 – Example of a sideway view of respiratory cilia from # 1880724 sibling. 

Cilia exhibit lack any type of movement with a rigid profile. Mucus accumulation, due to absence of 

mucociliary clearance. Ciliary movement was recorder at 500 fps and played at 60 fps. 

 

 

Supplementary Figure 3.1: CCDC39 localization is not affected by the new ZMYND10 variant. 

Immunolabelling of ciliary microtubules with acetylated alpha tubulin and one component of the ruler 

complex, CCDC39, in respiratory ciliated cells of a healthy control volunteer (n=10 cells), subject 

1291156 (n=4 cells) and subject 1880724 (n=7 cells). DIC, differential interference contrast microscopy 

(brightfield). 
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Supplementary Figure 3.2: Gas8 localization is not affected by the new ZMYND10 variant. 

Immunolabelling of ciliary microtubules with acetylated alpha tubulin and one component of the 

nexin-dynein regulatory complex, Gas8, in respiratory ciliated cells of a healthy control volunteer 

(n=10 cells), subject 1291156 (n=26 cells) and subject 1880724 (n=7 cells). DIC, differential 

interference contrast microscopy (brightfield). 
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Supplementary Figure 3.3: RSPH9 localization is not affected by the new ZMYND10 variant. 

Immunolabelling of ciliary microtubules with acetylated alpha tubulin and one component of the 

radial spokes, RSPH9, in respiratory ciliated cells of a healthy control volunteer (n=10 cells), subject 

1291156 (n=8 cells) and subject 1880724 (n=7 cells). DIC, differential interference contrast microscopy 

(brightfield). 
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Supplementary Figure 3.4: SPEF2 localization is not affected by the new ZMYND10 variant. 

Immunolabelling of ciliary microtubules with acetylated alpha tubulin and one component of the 

central pair appendages, SPEF2, in respiratory ciliated cells of a healthy control volunteer (n=11 cells), 

subject 1291156 (n=11 cells) and subject 1880724 (n=11 cells). DIC, differential interference contrast 

microscopy (brightfield). 
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4. INTRODUCTION 

The correct asymmetric displacement of visceral organs within the LR body plan is of utmost 

importance for the proper alignment and connection of the organs with each other, ultimately 

leading to a functional multisystem. When the LR axis development is perturbed, pathological 

conditions arise compromising the wellbeing of 1 in 10000 people (Lin et al., 2014). While 

situs inversus and situs ambiguous have been mostly studied under the primary ciliary 

dyskinesia (PCD) field, this disorder only accounts for 20 – 25% of the individuals with 

laterality defects (Deng et al., 2014). Moreover, the LR axis establishment remains an 

attractive field with many unresolved questions involving cellular communication, ciliary 

motility, hydrodynamics at microscales and genetic signaling cascades.  

Throughout the development of my PhD project, we intended to provide new insights into 

different steps of the LR axis patterning. Firstly, we had previously found that Notch signaling 

was regulating the motile – immotile cilia fate and we pursued this pathway searching for new 

players, as a disequilibrium in ciliary motility ratio has catastrophic effects on fluid flow 

production within the zebrafish LR organizer (LRO). Then, we tackled how fluid flow is 

perceived by the surrounding cells, a 20 years old question, and we presented compiling data 

towards the mechanosensory hypothesis. Lastly, we implemented another molecular test in 

order to improve our laboratory response towards the PCD diagnostic challenges that we 

found in Portugal. 

 

4.1.  Building an optimal fluid flow with proper motile – immotile cilia ratio 

It was Afzelius, who firstly proposed that ciliary motility was triggering the LR axis 

establishment in a yet to discover embryonic structure (Afzelius, 1976). Twenty years later, 

ciliary motility was experimentally demonstrated at the mouse node (Supp et al., 1997, 1999; 

Nonaka et al., 1998; Okada et al., 1999), then at the rabbit notochordal plate and the medaka 

Kupffer’s Vesicle (Okada et al., 2005), at the zebrafish Kupffer’s Vesicle (Essner et al., 2005) 

and lastly, at the Xenopus gastrocoel roof plate (Schweickert et al., 2007). Although different 

species present LROs with distinct topographies, ciliary motility is conserved among most 

vertebrates, playing an essential role in symmetry breaking (Essner et al., 2002). On the other 

hand, immotile cilia are also present. Mouse and Xenopus display motile cilia at the center of 

the LRO and immotile cilia at the periphery, whereas in zebrafish immotile cilia are evenly 



CHAPTER 4. 

211 
 

distributed in the LRO (McGrath et al., 2003; Yoshiba et al., 2012; Boskovski et al., 2013; 

Tavares et al., 2017).  

Interestingly, at least within mouse and zebrafish LROs, most cilia start as immotile and 

progressively become motile during the time-window for LR axis establishment while other 

cilia remain completely immotile (McGrath et al., 2003; Yoshiba et al., 2012; Yuan et al., 2015; 

Ferreira et al., 2017; Tavares et al., 2017). According to our and others cilia quantifications 

from the zebrafish KV, the number of motile cilia ranges between 27 – 33% at 4 ss, 63 – 76% 

at 5 – 6 ss and 84 – 90% at 8 ss (Yuan et al., 2015; Tavares et al., 2017). A small discrepancy 

was reported by Ferreira and colleagues that saw consistently less immotile cilia at 3 ss and 

around 98% of motile cilia at 8 ss (Ferreira et al., 2017), which may be a reflection of different 

imaging scan protocols used to distinguish motile from immotile cilia or perhaps different 

zebrafish strains. 

Together this data suggests that immotile cilia also play an important role in symmetry 

breaking and motile – immotile cilia ratio must be regulated throughout the KV development. 

Our laboratory and others have previously shown that Notch signaling modulates the number 

of motile and immotile cilia, without affecting the total number of cilia within the zebrafish and 

Xenopus LROs (Boskovski et al., 2013; Tözser et al., 2015; Tavares et al., 2017). Moreover, 

we found that Notch signaling effect on cilia motility was in part caused by an upregulation of 

the her12 transcription factor (Tavares et al., 2017). With this work (Chapter 2), we further 

discovered that Syntenin, a cytoplasmatic adaptor protein, was also involved in the 

establishment of motile – immotile cilia ratio, as an upstream regulator of Notch signaling.  

In vitro studies showed that Syntenin directly interacts with zebrafish DeltaD, stabilizing DeltaD 

protein at the plasma membrane and consequently preventing its internalization and 

ubiquitination, necessary for Notch signaling activation (Estrach et al., 2007). In zebrafish live 

embryos, we showed that loss-of function of syntenin-a increased DeltaD protein levels and 

altered DeltaD localization, that became distributed between the plasma membrane and the 

endocytic compartments. Her12 expression levels were also increased in syntenin-a 

morphants, confirming the Notch signaling activation. In agreement with our previous study, 

ultimately, these embryos had decreased numbers of motile cilia, which severely affected the 

fluid flow dynamics, triggering early and late LR defects, as shown by dand5 symmetric 

expression pattern and heart situs randomization, respectively.  

Moreover, we found subsequent downstream targets of Notch signaling involved in ciliary 

motility. The Notch signaling effector Her12 was shown to increase rabconnectin 3a 

transcription, which in turn increased V-ATPase localization at the plasma membrane, while 

in deltaD mutants, rabconnectin 3a expression levels and V-ATPase fluorescent signals were 
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decreased. We also inhibited V-ATPase activity with Concanamycin A and showed an 

increased motile cilia number at early stages of the LR axis development. To our best 

knowledge, this treatment is unique in increasing motile cilia number at 4 ss to comparable 

proportions to those found at 8 somite staged wildtype embryos (around 80% of motile cilia) 

(Tavares et al., 2017). 

The role of proton flux in the LR axis development is controversial. First, inhibition of H+/K+-

ATPase proton pump, from 1 to 1000 cell stage, randomized the expression patterns of nodal 

and pitx2 at the LPM, without affecting cilia (Kawakami et al., 2005). Second, knockdown 

studies for different V-ATPase subunits resulted in a reduced number of KV cells and shorter 

cilia (Chen et al., 2012; Gokey et al., 2015). The time-window for V-ATPase contribution was 

narrowed down to between 1 cell stage and 90% epiboly stage, which indicates a role in DFCs, 

prior to the KV formation (Adams et al., 2006; Gokey et al., 2015). We now showed a new 

function of V-ATPase in KV ciliary motility, suggesting that proton flux affects both early and 

late steps of the LR establishment. At this point, apart from the ciliary number and length 

phenotypes, we do not know the implications of having more motile cilia at earlier stages, on 

the dand5 mRNA degradation nor on the position of visceral organs. Nevertheless, embryos 

incubated with Concanamycin A from bud stage to 6 ss demonstrated a lack of significant 

laterality defects in heart looping (Gokey et al., 2015). 

Aside from ciliary motility, we found that DFCs syntenin-a morphants showed a reduction of 

Tjp1a levels at the KV luminal surface and decreased KV lumen volumes. Suggesting that 

syntenin-a loss-of-function weakens the KV cell cohesiveness, allowing fluid leakage between 

the intercellular spaces during KV lumen expansion. To confirm this hypothesis, injection of 

rhodamine dextran into the KV lumen would provide a direct visualization on fluorescent fluid 

leakage. Curiously, Estrach and colleagues showed that Syntenin and zebrafish DeltaD 

interaction, besides regulating Notch signaling, promoted intercellular adhesion (Estrach et 

al., 2007), in line with our results. Nevertheless, evaluation of tight junction proteins such as 

Tjp1a and Claudin5a, within the KV cells and quantification of KV volume should be performed 

in deltaD mutants in order to further assess the contribution of DeltaD in adherent junctions in 

vivo. 

Taking all results into consideration, we suggest a simplified model where:  

(i) In wildtype conditions during late epiboly stages, embryos start to express foxj1a, the 

master transcriptional factor that drives the motile ciliary program in all DFCs (Stubbs et al., 

2008; Yu et al., 2008; Zhang et al., 2012). At bud stage, Notch signaling is activated at the 

posterior side of the KV cells, leading to the upregulation of her12 (Tavares et al., 2017), which 

in turn increases the levels of rabconnectin 3a. From this point onwards, the complex 
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Rabconnectin drives the assembly of membrane (V0) and cytosolic (V1) V-ATPase subunits, 

that by the 3 ss is mostly enriched at the plasma membrane. Facing the extracellular KV 

lumen, the V-ATPase pumps protons at the vicinity of cilia in order to keep them immotile. At 

4 ss, syntenin-a is expressed in the KV cells and stabilizes DeltaD protein at the plasma 

membrane, limiting Notch signaling and consequently the downstream molecular switch, as 

cilia start to acquire motility. At the plasma membrane, DeltaD may accumulate at the adherent 

junctions and contribute to cellular tightness during KV lumen expansion. 

(ii) In syntenin-a morphants, DeltaD is not stabilized at the plasma membrane causing 

endocytosis-driven DeltaD activation and subsequently a Notch signaling overactivation. 

Increased levels of her12 sustain the assembly of V-ATPase at the plasma membrane, 

maintaining cilia immotile for longer periods of time. On the other hand, intercellular adhesions 

are defective, which compromises the capacity of KV cells to properly seal the lumen during 

Cftr-driven fluid influx, resulting in smaller KVs. Both abnormal motile – immotile cilia ratio and 

KV volume negatively affect the fluid flow effectiveness in breaking symmetry. 

Whether Notch signaling dictates which cilia will persist forever immotile or regulates gradually 

the transition from immotile to motile, remains debatable. Previous work from Ferreira and 

Yuan may point towards the latter hypothesis, as embryos between 9 and 16 ss, showed the 

lowest number of immotile cilia, around 5 ± 4%, and in some cases reaching a complete 

absence of immotile cilia (Yuan et al., 2015; Ferreira et al., 2017). This data agrees with our 

published work showing that all KV cilia had an ultrastructure characteristic of motile cilia with 

clearly visible dynein arms, when observed either by transmitted electron microscopy or live 

imaging with a fluorescent tagged dnal1 (Tavares et al., 2017). Suggesting that, in contrast to 

mouse and Xenopus, cilia immotility is temporary in zebrafish and eventually all cilia will 

become motile.  

Ciliary motility also plays an important function within the respiratory epithelial cells, fallopian 

duct cells, spermatozoa and brain ependymal cells driving mucociliary clearance, egg 

transport, cell locomotion and cerebrospinal fluid flow, respectively. Interestingly, a recent 

paper proposed that Daw1, a homolog of Chlamydomonas ODA16, regulates the timely onset 

of ciliary motility in different zebrafish structures by enhancing the transport efficiency of ODAs 

into the cilium (Bearce et al., 2022). On one hand, daw1 morphants and mutants showed 

significant defects in several LR outcomes and otolith generation, a process dependent on 

motile cilia present in the zebrafish ear (Gao et al., 2010; Stooke-Vaughan et al., 2012; Bearce 

et al., 2022). On the other hand, all daw1 mutants showed a curly down tail phenotype at 

embryonic stages, due to lack of ciliary motility at the central canal, that was gradually 

recovered throughout development and later on only 20% of the fish exhibited spinal curve 
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defects at adulthood (Bearce et al., 2022). Therefore, ODA16/daw1 seems to be required for 

establishing cilia motility quickly, which has strong implications on early stages and short-lived 

structures, such as the LRO, and milder to no effects on later stages (Ahmed et al., 2008; 

Bearce et al., 2022). In agreement, Daw1 mice mutants showed prominent laterality defects 

and minor effects on respiratory cilia movement (Solomon et al., 2017). 

It would be noteworthy to see if Daw1 and the mechanism described here are “talking to each 

other” to coordinate motile – immotile cilia ratio, for instance by evaluating if V-ATPase activity 

inhibition can rescue the immotile cilia phenotype observed in the KV of daw1 mutants. 

In summary, KV cilia motility is tightly regulated in a time-dependent manner to generate a 

proper fluid flow capable of breaking symmetry. In return, this leads us to the question of how 

strong the flow needs to be for a reliable LR axis development. 

 

4.2.  Biophysical role of the flow: mechanosensation over chemosensation 

Several studies have been demonstrating that a slow cilia-driven fluid flow is enough to trigger 

a molecular response in the surrounding cells. In mice, Hamada’s group showed that the 

leftward fluid flow velocity starts as low as 1 µm/s, which is sufficient to induce dand5 mRNA 

downregulation on the left side, several hours before the flow attain its full speed of around 15 

– 20 µm/s (Okada et al., 1999; Nakamura et al., 2012; Shinohara et al., 2012). Moreover, 

slowing the fluid flow during the entire time-window with a low concentration of methylcellulose 

(0.5%) revealed that all embryos achieved a dominant left-sided Nodal signaling even if it had 

been induced at both sides of the LPM (Shinohara et al., 2012). In agreement, we showed 

that the fluid flow within the zebrafish LRO progressively increases, as more immotile cilia turn 

into motile (Tavares et al., 2017). We also found that, although dand5 asymmetric expression 

pattern becomes visible at the same time that the fluid flow becomes stronger at 8 ss (Sampaio 

et al., 2014), the crucial time-window for LR successful outcome is much earlier, between 4 

and 6 ss, characterized by a lower magnitude of flow (BioRxiv, Sampaio et al., 2022). With 

this work, we also found that a low fluid viscosity plays an important role in setting an optimal 

flow.  

Additionally, it was shown that mouse mutants with only two motile cilia developed a normal 

LR gene expression irrespectively of their position within the LRO cavity (Shinohara et al., 

2012). In the zebrafish LRO, the symmetry breaking event seems to be more dependent on 

motile cilia number, with previous calculations estimating a minimum of 30 cilia for a robust 
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LR axis establishment (Sampaio et al., 2014; Smith et al., 2014). Interestingly though, titration 

of dnah7 morpholino into zebrafish to generate embryos with only few motile cilia clustered 

either on the left or right side of the LRO showed a concordant internal heart arrangement on 

the same side as the motile cilia (Sampaio et al., 2014). The latter experiment suggested that 

in zebrafish a few motile cilia are also sufficient to generate a fluid flow capable of symmetry 

breaking, while laterality is strongly dependent on motile cilia localization.  

The remaining question is how such mild fluid flow is perceived by the cells. The 

chemosensation model proposes that morphogens or vesicles containing signaling molecules 

are secreted into the LRO lumen and carried by the directional fluid flow towards the left side, 

where they accumulate, triggering a response either by being internalized by the cells or 

activating a membrane receptor (Nonaka et al., 1998; Okada et al., 1999; Takeda et al., 1999; 

Tanaka et al., 2005; Cartwright et al., 2007, 2020; Montenegro-Johnson et al., 2016; Ferreira 

et al., 2017; Solowiej-Wedderburn et al., 2019).  

Recent studies in mice simulated different models for extracellular vesicle (EVs) secretion: (i) 

unbiasedly extended release; (ii) motile cilia stress-induced release and (iii) directly from 

motile cilia release (Gallagher & Smith, 2020). When compared with experimental results from 

mice mutants with few motile cilia, this theoretical data suggested that symmetrical secretion 

of vesicles throughout the LRO is the only model capable of generating some leftward bias in 

particle accumulation (Shinohara et al., 2012; Gallagher & Smith, 2020). On the other hand, 

studies in zebrafish suggested a preferential localized secretion of vesicles from the anterior 

region of the KV, as they would be firstly transported towards the left side facilitating a left 

biased concentration gradient before particle diffusion and chaotic advection efficiently 

homogenize the KV fluid (Montenegro-Johnson et al., 2016; Ferreira et al., 2017; Solowiej-

Wedderburn et al., 2019). Additionally, Solowiej-Wedderburn et al. (2019) took into 

consideration the effect of blood flow shear stress on promoting exocytosis in other systems 

(Baratchi et al., 2014, 2016) and hypothesized that the strong fluid flow at the KV anterior 

region could enhance the release of extracellular vesicles (Solowiej-Wedderburn et al., 2019). 

However, no experimental evidence has definitely shown the presence or relevance of EVs 

nor how the Pkd1l1 – Pkd2 ciliary complex would be integrated in the model in light of the 

chemosensory mechanism. 

In order to test this hypothesis, we used a new in-house method developed to manipulate the 

KV fluid content in a highly spatio-temporally controlled manner and combined it with genetics 

and live imaging microscopy. Our results showed that the number of CD63 positive EVs 

transported by the fluid flow was too low and too variable between embryos precluding the 

evaluation of EV accumulation in a sided manner. Moreover, uptake of small particles, such 
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as 10 kDa rhodamine dextrans, seem to occur across the entire KV, without a persistent bias 

between the left and right sides. Additionally, pharmacological inhibition of different endocytic 

pathways did not affect heart laterality. Thus, altogether no endocytic evidence was found for 

supporting a chemosensing mechanism in the establishment of the zebrafish LR axis. 

In opposition, the mechanosensory hypothesis proposes that the fluid flow is perceived by 

bending of the immotile cilia where a ciliary mechanosensor would transduce flow force into a 

calcium signal (McGrath et al., 2003; Tabin & Vogan, 2003). This model is supported by the 

observations that a Pkd1l1 – Pkd2 ciliary complex is present in several LROs, such as in mice 

(Field et al., 2011), medaka (Kamura et al., 2011) and more recently shown by our group in 

zebrafish (Roxo-Rosa & Lopes, 2019).  

On one hand, Pkd2 is a monovalent cation-selective channel (transient receptor potential 

polycystic channel, TRPP2) and widely accepted to drive a calcium response upon fluid flow 

stimuli within kidney and endothelial cells (Nauli et al., 2003, 2008; Goetz et al., 2014) and 

within the LRO (McGrath et al., 2003; Schottenfeld et al., 2007; Yuan et al., 2015; Mizuno et 

al., 2020). In mice and zebrafish, Pkd2 mutations impair the symmetry breaking, with most 

animals showing high proportions of symmetric dand5 expression patterns, either bilateral or 

absence of Nodal signaling and situs defects (Pennekamp et al., 2002; Schottenfeld et al., 

2007; Yoshiba et al., 2012; Jacinto et al., 2021). 

On the other hand, Pkd1l1 is a paralogue of the polycystic kidney disease 1 gene (PKD1), and 

it is expected to be the mechanosensory partner that interacts with Pkd2 within the LRO (Field 

et al., 2011; Kamura et al., 2011). However the underlying mechanism by which Pkd1l1 senses 

the fluid flow and modulates Pkd2 activity is still largely unknown (Ferreira et al., 2019; Little 

& Norris, 2021). Interestingly, two distinct Pkd1l1 mutations affected differently the LR axis 

establishment in mice (Grimes et al., 2016). One Pkd1l1rks/rks point mutation, considered to be 

a non-null allele, phenocopied Pkd2 mutant by showing most embryos with loss of Nodal 

signaling in the LPM and, later on, a complete penetrance of right pulmonary isomerism 

(Pennekamp et al., 2002; Field et al., 2011). In contrast, a putative pkd1l1tm1/tm1 null allele 

showed opposing phenotypes with most embryos having bilateral Nodal signaling activation 

in the LPM and subsequently an increased incidence of left pulmonary isomerism (Grimes et 

al., 2016). Dand5 expression pattern was symmetric in both mutants, however Dand5 

expression levels were found to be downregulated in pkd1l1tm1/tm1 mutants, hence explaining 

the differences observed in LPM Nodal signaling (Field et al., 2011; Grimes et al., 2016). 

Based on this data, Grimes and colleagues suggested a model where, in the absence of flow, 

Pkd1l1 acts as upstream repressor of Pkd2, and upon fluid flow induction, Pkd1l1 is repressed, 

allowing Pkd2 to activate and initiate the calcium influx (Grimes et al., 2016; Little & Norris, 
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2021). However, evaluation of the direct impact of these mutations on calcium signaling is still 

lacking. Zebrafish mutants or morphants for pkd1l1 are also missing and it could be a useful 

tool to further understand the relationship between flow, pdk1l1 and pkd2. 

Moreover, re-introduction of Pkd2 specifically on mice immotile cilia rescued Pkd2 mouse 

mutant phenotype (Yoshiba et al., 2012), thus supporting the mechanosensory model and 

leading us to the next question regarding how many immotile cilia are needed for proper flow-

sensing. Although this seems a relevant matter, the information available is limited. 

Studies from Dpcd mouse mutants, mentioned above as having only two or three motile cilia, 

showed that they also have less 30% of cilia overall and yet they are still capable of perceiving 

the generated slow flow given the correct LR gene expression patterns (Shinohara et al., 

2012). Nevertheless, a total of 157 – 141 cilia were found within these mutant LROs, which is 

significantly more than the average of a wildtype zebrafish LRO, that is 44 ± 12 cilia (Tavares 

et al., 2017). 

Ferreira and colleagues performed mathematical simulations, assuming the ciliary motility 

status and the subsequent calculated angular flow velocity of embryos with 3 ss, 8 ss and 9 – 

14 ss, to infer about the feasibility of immotile cilia-based mechanosensation. Predictions from 

embryos at 3 ss, when roughly half of the cilia are still immotile (44%), indicated that the fluid 

flow was too slow and irregular to be sensed. While in embryos between 8 and 14 ss embryos, 

when the fluid flow is more robust, the number of immotile cilia (2 – 5%) was predicted to be 

insufficient to distinguish the productive flow forces from the oscillatory noise (Ferreira et al., 

2017). Suggesting that, in some way, fluid flow forces and immotile cilia number could reach 

a balance along these two time points. Additionally, for a robust flow sensing mechanism, a 

temporal averaging of forces acting on 3 immotile cilia on the same side was found to be the 

minimum necessary (Ferreira et al., 2017).  

In agreement with this, we found that during the crucial time-window for symmetry breaking, 

the number of immotile cilia ranges between 24 – 37% (Tavares et al., 2017), providing 

enough sensory cilia to perceive the fluid flow. New simulations taking into consideration the 

observed sensitive stages could be performed seeking further clarification. 

Hence, from 4 to 6 ss, the zebrafish LRO seems to attain an equilibrium between motile and 

immotile cilia number to efficiently generate a productive fluid flow while simultaneously 

sensing it. However, as immotile cilia are evenly distributed around the LRO, (Tavares et al., 

2017), and the fluid flow speed and viscosity do not show any bias towards the left or right 

side (Ferreira et al., 2017), how asymmetry of dand5 expression is established on the left side 

of the LRO remains unanswered. 
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Some models, in pursuit of a common origin for symmetry breaking across the animal 

kingdom, have suggested that an intrinsic chiral component of the cytoskeleton, referred to as 

F-molecule, oriented accordingly with the AP and DV axes could drive the establishment of 

the third axis and thus be at the heart of LR asymmetry (Blum & Ott, 2018). A few recent 

studies have tried to shed some light into the chirality of some LR-related features.  

Intriguingly, both in mouse and zebrafish LROs, continuous fluid flow was found to affect ciliary 

bending angle that became significantly different at later stages, after the symmetry breaking 

(Ferreira et al., 2018; BioRxiv, Katoh et al., 2022). Although fluid flow had already been 

involved in positive feedback loops to adjust the basal body orientation and refine cilia polarity 

in Xenopus multiciliated cells (Mitchell et al., 2007; Guirao et al., 2010), the biological meaning 

of this ciliary angle chirality has not been fully addressed in the context of LR axis 

establishment. While in mouse, the fluid flow affects mostly the left sided cilia (BioRxiv, Katoh 

et al., 2022), in zebrafish, the right sided cilia went from the mirror image of the left sided cilia 

at 3 ss to exhibit an asymmetric dextral chirality, following the fluid flow direction, at 8 ss 

(Ferreira et al., 2018). Ferreira and colleagues argued that this phenomenon could optimize 

the flow directionality or signaling molecule recognition, but our own results reject this 

hypothesis as asymmetric cilia chirality arises too late, past the sensitive stages for flow 

sensing. 

On the other hand, Katoh and colleagues claimed that Pkd2 seemed to be mainly localized 

on the dorsal side of each immotile cilia from the mouse LRO (BioRxiv, Katoh et al., 2022). 

Asymmetric and unilateral distribution of ion channels along the ciliary membrane was also 

reported in human sperm flagella (Miller et al., 2018). Katoh et al. further proposed that, due 

to its polarized arrangement, Pkd2 channel would open in response to an increase in 

membrane tension on the ciliary dorsal side, possibly by stretching the mechanosensor 

Pkd1l1, which is achieved by a ventral bending of the cilium. While the leftward fluid flow 

causes a ventral bending only on left sided cilia, the artificial rightward fluid flow would ventrally 

bend the cilia from the right side, reconciling previous experimental data (Nonaka et al., 2002).  

Additionally, Katoh showed by using optical tweezers that an artificial mechanical stimulus of 

1,5 hours could elicit a Pkd2-dependent calcium increase in immotile cilia and Dand5 mRNA 

downregulation in the same cells (BioRxiv, Katoh et al., 2022). Thus, suggesting that flow and 

Pkd2 asymmetric localization within cilia, integrates the molecular mechanism of the 

mechanosensory model. Yet, this study is still in preprint at the time of the thesis publication 

and needs to complete the peer reviewing process, therefore conclusions should be taken 

prudently. 
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4.3.  Pkd2-mediated calcium signaling 

Both in mouse and zebrafish LROs, a Pkd2-dependent response was detected at early stages, 

concordant with the time-window of lower magnitude flow that we detected for symmetry 

breaking (McGrath et al., 2003; Takao et al., 2013; Yuan et al., 2015; Mizuno et al., 2020). 

Moreover, a ciliary localization of Pkd2 is crucial for optimal intraciliary calcium oscillations on 

the left sided LRO cells (Yoshiba et al., 2012). The calcium signals are transferred from the 

cilia to the cytosol, triggering a further release of calcium ions from internal storage organelles, 

such as the endoplasmic reticulum, through the inositol phosphate (IP) pathway (Sarmah et 

al., 2005; Jurynec et al., 2008; Francescatto et al., 2010; Yuan et al., 2015; Mizuno et al., 

2020). Thus, amplifying and propagating the calcium waves through the LRO cells. 

Furthermore, Pkd2-dependent calcium signaling targets Ca2+/calmodulin-dependent kinase 

(CaMK-II) phosphorylation, leading to a transient activation of CaMK-II enzyme on the left side 

of zebrafish LRO, anytime between 6 and 10 ss until 16 ss (Francescatto et al., 2010; 

Rothschild et al., 2011). However, the underlying mechanism by which calcium signaling, and 

perhaps CaMK-II, result in dand5 mRNA downregulation is poorly understood. 

In mice, a previous study showed that Dand5 expression level and, subsequently, its 

expression pattern are determined post-transcriptionally in a 3'-UTR dependent manner 

(Nakamura et al., 2012). Twenty years later, the same laboratory found that the RNA binding 

protein Bicaudal-C (Bicc1) interacts with 3’-UTR of Dand5 and recruits the Ccr4-Not 

deadenylase complex, known to mediate mRNA decay by shortening of mRNA poly(A) tails 

(reviewed by Temme et al., 2014), which most likely induces Dand5 mRNA downregulation 

(Minegishi et al., 2021).  

An accompanying paper in Xenopus, showed that Bicc1-dependent post transcriptional 

regulation of Dand5 is conserved in frog LRO (Maerker et al., 2021). Moreover, Maerker and 

colleagues found another player in this process, the Dicer1, an enzyme involved primarily in 

the production of small non-coding microRNAs, which in turn mediate the fine-tuning of gene 

expression (reviewed by Vergani-Junior et al., 2021). Alternatively, Dicer1 could act 

independently from microRNAs through other non-canonical mechanisms (Pong & Gullerova, 

2018). 

Lastly in zebrafish, bicc1 is expressed in the LRO (Bouvrette et al., 2010) and maternal zygotic 

dicer1 mutants showed a bilateral expression of dand5, that was retained for longer periods 

of time when compared with wildtype embryos (Maerker et al., 2021), suggesting that this 

pathway is also safeguarded in fish LRO. 
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4.4.  After the fluid flow-sensing mechanism, the desensitization phase 

Since cilia-driven fluid flow determines the LR asymmetry at early stages, when the flow speed 

is low, we then questioned about the relevance of the strong flow. It is plausible that an 

increase in flow magnitude could sustain or amplify the asymmetries previously established, 

enhancing the robustness of this process.  

In mice, strong directional flow was suggested to modulate DAND5 distribution around the 

LRO, in order to completely abolish Nodal activity on that region (Inácio et al., 2013). During 

the symmetry breaking time-window, DAND5 protein followed a concordant pattern to the 

Dand5 mRNA, resulting in an asymmetric Nodal signaling activation, detected by increased 

Smad2 phosphorylation on the left side (Kawasumi et al., 2011; Inácio et al., 2013). Then, in 

a strong flow-dependent manner, DAND5 became bilaterally present in the LRO and later on, 

the signal was no longer detected on the LRO right side. At this point, DAND5 was only 

observed at the left side, concomitantly with the decrease in Smad2 phosphorylation. The 

authors proposed that changes in DAND5 localization occurred by protein secretion into the 

lumen, translocation and uptake by the left sided cells, and claimed that it was crucial for 

ceasing Nodal signaling in a precise timely fashion (Inácio et al., 2013). Indeed, previous 

results from Shinohara and colleagues showed that incubating embryos with a mild 

concentration of 0.5% methylcellulose during the initial slow flow time-window and, then 

transferred them to 1% methylcellulose, abolishing the flow for the rest of the development, 

did not affect the overall LR asymmetry but in some cases Nodal signaling was activated on 

both sides (left sided dominant) (Shinohara et al., 2012). Thus, supporting a later role of flow 

and DAND5 in maintaining the asymmetries. 

In zebrafish, although never tested owing to the absence of functional Dand5 antibodies, 

protein translocation seems unlikely. In contrast to mice, that induce the expression of Dand5 

and Nodal within the same crown cells around the LRO, zebrafish display two distinct regions, 

being dand5 expressed at the KV cells and spaw at an non-overlapping dorsal domain straight 

above the KV (Hashimoto et al., 2004). Thus, Dand5 protein from the right side of the KV 

would have to travel a long way, not only through the KV lumen but also through the left sided 

KV cells, to reach Spaw from the left side. Moreover, peri-nodal Nodal becomes 

asymmetrically expressed in mice, but never in zebrafish (Long et al., 2003; Kawasumi et al., 

2011). Suggesting that a sustained action of Dand5 may be needed on both sides of the KV. 

Nevertheless, experimental data is necessary to confirm or reject this hypothesis in zebrafish, 

as for example evaluation of Smad2 phosphorylation expression timing and pattern or mass 

spectrometry analysis of KV liquid for Dand5 presence. 
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On the other hand, the strong flow could be just a trivial consequence of the continuous 

transition of immotile to motile cilia. As mentioned above, cilia acquire motility progressively 

covering a time-window where motile and immotile cilia proportions are balanced for optimal 

symmetry breaking to a period where immotile cilia number are insufficient to reliably sense 

the flow (Ferreira et al., 2017; Tavares et al., 2017). Therefore, one could suggest that turning 

all cilia motile would completely abolish the flow sensing mechanism carried by the immotile 

cilia, thus desensitizing the KV cells to further signals. In fact, dand5 is still expressed around 

the KV, strongly on the right side, by the 14 ss (data not shown), supporting that the strong 

fluid flow has no impact thereafter on dand5 mRNA degradation. 

 

4.5.  Characterization of a new Portuguese ZMYND10 variant while contributing 

for PCD diagnosis in Portugal 

In the last years, a great effort has been made to improve the PCD diagnosis in Portugal. First, 

it was performed solely based on few conventional TEM results and, currently, we have a 

multidisciplinary group responsible for performing the analysis of nasal nitric oxide, evaluation 

of the ciliary function by high-speed video microscopy, evaluation of the ciliary ultrastructure 

by TEM and identification of PCD-causing mutations by genetic testing (Fermeiro et al., 2010; 

Strippoli et al., 2012; Constant et al., 2018; Sampaio et al., 2021). Thus, meeting the European 

respiratory society diagnostic guidelines (Lucas et al., 2017; Sousa et al., 2018). 

We now established IF labelling assays for respiratory ciliated cells in the laboratory as a daily 

basis technique for PCD testing. Furthermore, we extensively characterized, based on the 

commercially available and previously validated antibodies, a ZMYND10 variant that we had 

identified in one Portuguese family (Sampaio et al., 2021). Here, it was also reported the 

localization of the ciliary proteins DNAH9, DNAH11, DNAI1, Gas8, RSPH9 and SPEF2 in 

ZMYND10 mutant respiratory cells. 

PCD diagnosis can be challenging, mostly in countries with limited resources, as in Portugal. 

But, on a long-term perspective, a good PCD diagnostic algorithm is likely to decrease 

laborious, expensive and unnecessary diagnostic and therapeutic interventions. Additionally, 

identification of the genetic cause of PCD is necessary for the participation in international 

network registries, which will be certainly useful to stratify PCD patients into research projects 

and randomized clinical trials, as new treatments are being developed (Goutaki & Shoemark, 

2022). 
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To date, only one randomized placebo-controlled trial on continuous usage of azithromycin 

therapy in PCD patients was published. Excitingly, the experimental group had fewer 

exacerbations and bacterial infections during the 6-month study (Kobbernagel et al., 2020), 

but long-term studies are needed to evaluate the subsequent impact on lung function. More 

recently, a PCD clinical trial network was created to boost the implementation of new clinical 

trials, by bringing a sufficient number of patients, patient organizations and pharmaceutical 

companies together (Raidt et al., 2022). Therefore, it is expected that new treatment 

approaches will emerge in the next few years. 

Ultimately, we want to create disease awareness and provide cost-effective alternatives to our 

primary and secondary care centers in order to enhance and expand the access of the 

Portuguese community to a better PCD diagnosis and to prospective care. 

 

4.6.    FINAL REMARKS 

LR axis development and PCD fields have been continuously benefiting from each other’s 

discoveries, involving studies such as, biochemical and genetic manipulations to live imaging, 

fluid mechanics and computational modelling. Thus, exponentially growing hand in hand in 

the last century. 

I hope that with this work we also shed new light into some aspects of the zebrafish LR and 

PCD fields. We revealed an endocytic capacity of KV cells that does not seem to impact on 

the LR axis establishment, further compiling data supporting the mechanosensory model over 

the chemosensory. Additionally, we discovered an upstream modulator and downstream 

targets of Notch signaling involved in cilia motility fate, exposing a common feature between 

LRO cells and respiratory cells as acidic pH seems to modulate the cilia movement in both. 

Lastly, we characterized new PCD causing mutations by means of IF labelling assays. 

As almost 30% of PCD cases remain without an identifiable genetic cause, we are looking 

forward to see how PCD clinical studies or development of new diagnostic tools and discovery 

of other LR related genes will contribute to a greater good. 
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